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Abstract  

Mitochondria are characterized as the chemical factory of cells. This organelle is 

fundamental to life and death, by generating chemical energy (i.e., ATP) and regulating cellular 

stress responses. Importantly, mitochondria have evolved elegant mechanisms to respond to 

numerous stressors/stimuli. These stressors/stimuli including metabolic and oxidative stress 

elicit differential responses at the mitochondria level, which is accompanied by a change in its 

structure and function. Collectively, the change in mitochondrial structure and function is termed 

mitochondrial remodeling. At the organelle level, the dynamic balance of mitochondrial 

morphology (i.e., fission/fusion balance) coupled with mitochondrial turnover (i.e., biogenesis 

and mitophagy) is required for appropriate mitochondrial remodeling. These remodeling 

processes must occur in a controlled manner to prevent excessive activation of downstream 

mitochondrial apoptotic signaling events. Although the primary function of mitochondria is to 

produce energy; their behaviour and response to stressors/stimuli can vary between different 

tissues. This is particularly relevant in tissues with high metabolic demand, such as skeletal 

muscle. Within skeletal muscle, there are phenotypically distinct myofibers (e.g., slow-twitch and 

fast-twitch), and within each myofiber, there are distinct pools of mitochondria (e.g., 

subsarcolemmal and intermyofibrillar). Given the uniqueness and complexity of skeletal muscle 

mitochondria, there are several unknowns with respect to mitochondrial remodeling in skeletal 

muscle. Therefore, the studies in this thesis were designed to better understand mitochondrial 

remodeling during three important stages: skeletal muscle formation (myogenesis), postnatal 

muscle growth, and disuse muscle atrophy. Chapter 1 provides a literature review of 
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mitochondria, mitochondrial quality control, skeletal muscle mitochondria and mitochondrial 

remodeling during myogenesis, postnatal muscle growth, and disuse atrophy.  

Chapter 2 is focused on understanding the interaction between mitochondrial dynamics 

and turnover during myogenesis in vitro. Overexpression of the fission protein DNM1L increased 

mitochondrial network fragmentation and enhanced mitophagic flux during myogenic 

differentiation of C2C12 cells, resulting in smaller myotubes without impairing the myogenesis. 

Despite these morphological changes, DNM1L overexpression did not affect the levels of 

mitochondrial turnover proteins. In contrast, DNM1L knockdown reduced mitochondrial 

fragmentation and mitophagic flux, significantly impairing myogenesis and increasing 

mitochondrial apoptotic signaling. This knockdown also diminished mitochondrial biogenesis and 

mitophagy signaling. Overexpression of BNIP3 in fission-deficient (DNM1L knockdown) cells 

promoted mitophagic flux and reduced mitochondrial apoptotic signaling without impacting 

myogenesis. BNIP3 overexpression also suppressed PPARGC1A levels but did not affect other 

mitochondrial or mitophagy-related proteins. Finally, PPARGC1A overexpression worsened 

myogenic defects in fission-deficient cells, independent of changes in mitophagy or 

mitochondrial protein levels. These findings demonstrate that optimal mitochondrial fission is 

crucial for regulating both mitophagy and biogenesis during myogenesis. 

Chapter 3 then explored the role of mitochondrial remodeling on postnatal skeletal 

muscle growth. RNA sequencing analyses identified BNIP3 as the only gene differentially 

expressed and associated with mitochondrial remodeling during postnatal development, which 

was characterized by an upregulation of metabolic genes and a downregulation of those involved 

in cell growth and differentiation. In vivo experiments revealed significant increases in body mass, 
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muscle mass, and myofiber cross-sectional area, with mass doubling between P21 and P42. 

Mitochondrial maturation during this period was evidenced by increased maximal respiration, 

reduced electron leak, and elevated mitophagic flux, along with increased mitochondrial 

localization of autophagy and mitophagy proteins. Cellular signaling revealed an increase in 

anabolic signaling, which was accompanied by enhanced mitophagy and fusion signaling and a 

simultaneous decrease in mitochondrial biogenesis signaling. In skeletal muscle-specific Atg7 

knockout mice, there were no changes in body or muscle mass, nor in mitochondrial function; 

however, compensatory hypertrophy of type IIX fibers was observed despite ablated mitophagic 

flux. These mice exhibited compensatory activation of alternative degradative enzymes, 

including mitochondrial apoptotic signaling and ubiquitin-proteasome signaling, suggesting a 

shift in degradative pathways to preserve muscle mass and function in young mice. These findings 

demonstrate that postnatal development is marked by increased mitochondrial activity and 

mitophagy. Furthermore, while constitutive autophagy deficiency abolishes mitophagic flux, it 

does not impair muscle growth in young mice. 

Chapter 4 examined the role of mitochondrial remodeling with an emphasis on 

mitophagy during disuse atrophy of mature skeletal muscle. RNA sequencing analyses reveal an 

upregulation of genes associated with protein degradation, particularly those linked to the 

ubiquitin-proteasome system and apoptosis, while downregulating genes involved in muscle 

development and mitochondrial components. Immobilization-induced muscle atrophy affected 

the large muscles of the hindlimb, with partial recovery following remobilization. Notably, type 

IIA fibers regained mass after remobilization, whereas type IIX and IIB fibers did not recover. 

Immobilization increased mitophagic flux, which remained elevated following remobilization, 
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alongside a reduction in mitochondrial function, evidenced by decreased maximal respiration 

and increased reactive oxygen species (ROS) emission. The mitophagy receptor BNIP3 localized 

to mitochondria during both immobilization and remobilization phases. Immobilization also 

enhanced mitochondrial apoptotic signaling, with increased mitophagy and suppressed 

mitochondrial biogenesis signaling. Treatment with N-acetylcysteine during immobilization 

exacerbated atrophy in type IIX and IIB fibers, yet suppressed mitophagic flux, enhanced 

mitochondrial function, and reduced ROS emission without significantly altering markers of 

mitochondrial remodeling or the localization of autophagy/mitophagy-related proteins. 

Colchicine treatment during immobilization also led to atrophy in type IIX and IIB fibers, inhibiting 

mitophagic flux without affecting mitochondrial tagging with mitophagy or apoptosis-related 

molecules. Colchicine treatment was accompanied by suppressed mitochondrial function, likely 

due to the accumulation of dysfunctional mitochondria. Together, these findings suggest that 

mitophagy protects against excessive atrophy is muscle due to immobilization.  

Finally, Chapter 5 integrates and summarizes the findings from all the studies and 

highlights the physiological implications. Overall, these insights suggest that targeted therapeutic 

strategies aimed at enhancing the coordination of mitochondrial remodeling processes could 

optimize skeletal muscle function. Such strategies would focus on stabilizing the balance 

between mitochondrial fission and fusion, ensuring efficient mitophagic clearance of damaged 

or dysfunctional mitochondria, and promoting mitochondrial biogenesis to maintain a healthy 

mitochondrial network in skeletal muscle cells and tissues. 
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The Mitochondria 

Mitochondria have long been characterized as a chemical factory of the cell. Since its first 

description as “bioblasts” in 1894 by Richard Altmann (Altmann, 1894), tremendous strides have 

been made over the last century to better understand this organelle. Mitochondria are primarily 

responsible for producing ATP, the main chemical energy source, through oxidative 

phosphorylation (OXPHOS). This process involves the transfer of electrons from coenzymes 

across a series of membrane-bound complexes, culminating in the reduction of oxygen to water. 

The generated membrane potential (m) from this electron transport is essential for synthesizing 

ATP from ADP and inorganic phosphate (Pi). Beyond energy production, mitochondria are 

involved in several other critical processes, including the synthesis of amino acids, heme groups, 

iron-sulfur clusters, and phospholipids (Kühlbrandt, 2015; Spinelli & Haigis, 2018). They also 

play key roles in calcium signaling and stress responses, making them vital signaling hubs and 

central components in both physiology and pathology. 

 

Mitochondrial Structure 

Mitochondria are separated from the cytoplasm by two membranes – the outer 

mitochondrial membrane (OMM) and the inner mitochondrial membrane (IMM) (Kühlbrandt, 

2015). The OMM is porous and allows for transport of ions and neutrally charged molecules 

through channel proteins called porins (Figure 1). One well characterized porin is the voltage-

dependent anion channel (VDAC) that is a major integral protein found on the OMM and serves 

as a gatekeeper for the entry and exit of mitochondrial metabolites (Camara et al., 2017). Given its 

porous nature, the OMM does not hold a membrane potential. In contrast to the OMM, the 

regulation of ions and molecules across the IMM is tightly regulated. As a result, transport proteins 
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are required to assist the movement of these molecules, including members of the SLC25A 

superfamily of proteins (Ruprecht & Kunji, 2020). Furthermore, the selectivity of the IMM enables 

the generation of a transmembrane potential (~180mV) that is generated primarily with the help 

of the respiratory chain (discussed later). OXPHOS protein complexes are primary located along 

the invaginations of the IMM, called cristae. Mitochondrial contact site and cristae organizing 

system (MICOS) proteins are needed to anchor the cristae junctions to contact sites on the OMM 

to maintain normal cristae morphology (Khosravi & Harner, 2020). Interestingly, the cristae 

density and morphology can vary between tissues. For instance, tissues with high metabolic 

demand, such as the heart and skeletal muscle, form “stacked” cristae (Kappler et al., 2019; 

Kühlbrandt, 2015). In contrast to tissues with highly structured mitochondria, organs such as the 

liver and kidneys have mitochondria with less "stacked" cristae. This results in a larger 

mitochondrial matrix, which is crucial for the biosynthetic processes unique to these tissues 

(Kappler et al., 2019; Kühlbrandt, 2015). Consequently, any defects in the IMM architecture can 

lead to misdistribution of respiratory complexes and potential loss of mitochondrial function 

(Friedman et al., 2015). 

While mitochondria are often depicted as static "jellybean"-shaped structures within cells, 

they are in fact highly dynamic and continuously undergoing fission and fusion. The extent of 

these processes can vary depending on the tissue type and cellular conditions. For example, 

mitochondria may experience increased fission in response to mitochondrial toxins, such as 

chemotherapy drugs. A key function of mitochondrial fusion is to facilitate communication and 

complementation between organelles, likely serving to protect the mitochondrial pool (Friedman 

& Nunnari, 2014). Nonetheless, the dynamic nature of the mitochondria is associated with changes 

in mitochondrial function. For instance, mitochondrial fusion allows for an elongated 
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mitochondrial network, with more complex cristae, and is associated with the preservation of 

mitochondrial bioenergetics (Sgarbi et al., 2014). Conversely, mitochondrial fission results in 

smaller, less functional mitochondria that exhibit lower respiration rates, and lower m. 

Together, the precise balance of mitochondrial morphology plays a central role in regulating its 

function within cells.  

 

Figure 1: Structure of the mitochondria. The outer mitochondrial membrane (OMM) separates the mitochondria 

from the cytosol and is comprised of porins, channels, and ion/protein transporters. The OMM surrounds the inner 

mitochondrial membrane (IMM) with the space in between being defined as the intermembrane space. The IMM 

also separates the mitochondrial matrix from the intermembrane space. The electron transport chain is found on 

the IMM along with other transporters.  

 

Mitochondrial Function 

Mitochondria generate energy through OXPHOS. A proton gradient is produced across the 

IMM by three major membrane-bound complexes known as complex I (NADH/ubiquinone 

oxidoreductase), complex III (cytochrome c reductase), and complex IV (cytochrome c oxidase) 

(Garcia-Vallve, 2004). The transfer of electrons from complex I begins with the oxidation of 
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NADH (Garcia-Vallve, 2004; Schultz & Chan, 2001). The energy from this reaction enables the 

pumping of four protons into the IMS/cristae lumen. The electrons are transferred and reduce 

ubiquinone (Trumpower, 1990). Complex III takes the electrons from the reduced ubiquinone and 

transfers them to a small molecule called cytochrome c (CYCS) while pumping two protons into 

the IMS (Trumpower, 1990). In doing so, the oxidized ubiquinone can cycle back to complex I to 

continue this process (Trumpower, 1990). Nonetheless, complex IV transfers the electrons from 

the reduced CYCS to molecular oxygen and pumps four additional protons into the IMS (Berry et 

al., 2000). Compared to these complexes, complex II (succinate dehydrogenase) transfers electrons 

from succinate directly to ubiquinone, without contributing to the proton gradient (Garcia-Vallve, 

2004; Schultz & Chan, 2001). Together, the respiration through complexes I-III-IV pumps 10 

protons, while complex II-III-IV pumps 6 protons into the IMS. This generates a membrane 

potential, which is essential for ATP production, ROS generation, ion/substrate transport, and 

mitochondrial quality control mechanisms (Alexandre et al., 1978; Kühlbrandt, 2015; Madeira, 

2012).  

 

Mitochondrial Quality Control and Life Cycle 

Mitochondria have evolved elegant mechanisms to respond to various stressors. Quality 

control of mitochondria can occur at various levels (Tatsuta & Langer, 2008). For example, 

mitochondria can regulate cellular quality control by inducing apoptosis in defective cells to 

protect neighboring cells/tissues. At the organelle level, the dynamic balance of fission/fusion and 

mitochondrial turnover (biogenesis and mitophagy) ultimately dictates the health of the 

mitochondrial pool within cells (Tatsuta & Langer, 2008). At the molecular level, mitochondrial 

quality control can be regulated through other mechanisms like the antioxidant pathways and 
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mitochondrial unfolding protein response (UPRmt) to maintain mitochondrial integrity and limit 

the extent of quality control at the organelle level (Fischer et al., 2012; Franco-Iborra et al., 2018; 

Kumar & Reichert, 2021; Tatsuta & Langer, 2008). The collective purpose of mitochondrial 

quality control mechanisms is to preserve mitochondrial integrity, including maintaining normal 

m and bioenergetic function. 

Mitochondria exist as a dynamic network that is govern by the four major processes: 

biogenesis, fission, fusion, and mitophagy. The expansion of the mitochondrial pool, termed 

biogenesis, is accompanied by increased respiration, metabolic processes, and ATP production, 

while autophagic degradation of mitochondria (mitophagy) is needed to remove damaged or 

unnecessary mitochondria (Figure 2). The balance between biogenesis and mitophagy is important 

in modulating cell survival and cell fate in various physiological and pathological states (Baechler 

et al., 2019; Bernardini et al., 2017; Bloemberg & Quadrilatero, 2019; LeBleu et al., 2014; 

Rimbaud et al., 2009; Salem et al., 2012; Schumacker et al., 2014; Zhou et al., 2015). The 

elongation (fusion) and division (fission) of mitochondria serve as a bridge between biogenesis 

and mitophagy. For instance, mitochondrial fusion prevents mitophagy while fission is an 

important preceding step needed for mitophagy (Burman et al., 2017; Lee et al., 2011). 

Furthermore, mitochondrial fusion can promote the survival of damaged mitochondria through 

complementation of mitochondrial DNA (mtDNA), whereas fission can remove damaged parts of 

the mitochondrial network, thereby preventing the entire network from sustaining major damage 

(Bloemberg & Quadrilatero, 2019).  
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Figure 2: Mitochondria life cycle. The mitochondrial pool is expanded through mitochondrial biogenesis. Healthy 

mitochondria may fuse with other healthy mitochondria or damaged mitochondria to allow complementation and 

reorganization of the mitochondrial network. In response to stimuli, such as depolarization, the mitochondrial 

network may split via mitochondrial fission to ultimately undergo mitophagy. In some cases, the mitochondria 

may recover and fuse back to the existing network.   

 

 

Mitochondrial Biogenesis 

Mitochondrial biogenesis is a regulated process that occurs in response to a number of 

mitochondrial and nuclear factors. Over the last two decades, several regulators of mitochondrial 

biogenesis have been found. The peroxisome proliferator-activated receptor (PPAR)-gamma 

coactivator-1 (PPARGC1) family of transcriptional coactivators has emerged as the main 

components of mitochondrial biogenesis. Within this family of proteins, PPARGC1A has received 

the greatest attention, and thus, has been termed the “master regulator” of mitochondrial 
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biogenesis. PPARGC1A and other members of the PPARGC1 family interact with nuclear 

receptors and transcription factors to upregulate the expression of mitochondrial-related genes 

(Gleyzer & Scarpulla, 2011; Liang & Ward, 2006; Sonoda et al., 2007). It should be noted that 

mitochondrial biogenesis can occur independent of PPARGC1A; however, the extent to which 

alternative mechanisms are involved is still being explored.  

 

Mechanism of PPARGC1A-dependent Mitochondrial Biogenesis 

 PPARGC1A is a co-transcriptional regulatory factor that is highly inducible under various 

physiological/pathological conditions including exercise, starvation, cold, and hypoxic stress 

(Liang & Ward, 2006). These conditions activate several molecular sensors, including 

nutrient/energy sensors and stress sensors (Rahman & Quadrilatero, 2021b), to aid in the 

upregulation of PPARGC1A and promote mitochondrial biogenesis (Popov et al., 2015; Rowe et 

al., 2010, p. 20).  

The canonical mechanism of PPARGC1A-induced mitochondrial biogenesis occurs by its 

binding to nuclear respiratory factors (NRFs) and estrogen related receptors (ESRRs). NRFs are 

key components in regulating mitochondrial biogenesis, with NRF1 and nuclear factor erythroid 

2 like 2 (NFE2L2 or NRF2) being the major downstream targets of PPARGC1A. The knockout of 

either of these factors results in embryonic lethality (Chan et al., 1998; Ristevski et al., 2004). 

NRF1 forms homodimers on DNA to target a broad range of genes related to the electron transport, 

mitochondrial membrane transport, detoxification pathway (i.e., glutathione pathway), heme 

biogenesis, and mitochondrial DNA replication (Ploumi et al., 2017). In contrast, NFE2L2 appears 

to be mitochondrial specific. NFE2L2 can transcriptionally regulate mitochondrial transcription 
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factor A (TFAM), mitochondrial transcription factor B (TFBM), and electron transport genes 

(Bruni et al., 2010).  

 Compared to NRFs, the physiological function of ESRRs and its relationship with 

PPARGC1A is less studied. PPARGC1A can target, bind, and activate ESRRA to regulate the 

expression of genes involved in OXPHOS, fatty acid oxidation, mitochondrial membrane 

transport, and mitochondrial DNA replication (Schreiber et al., 2003, 2004). Chemical inhibition 

of ESRRA impaired the ability of PPARGC1A to promote mitochondrial biogenesis as evidenced 

by a lower mtDNA:nDNA ratio (Schreiber et al., 2003, 2004). Overall, these seminal studies 

suggest that mitochondrial biogenesis largely occurs through a defined PPARGC1A-related 

mechanism that may differentially interact with other downstream transcriptional regulators.  

 

Mitochondrial Fission and Fusion 

The dynamic nature of the mitochondria occurs by the continuous cycling of fission and 

fusion. These processes are required in maintaining the appropriate morphology, which 

subsequently regulates its function. On one hand, mitochondrial fission is required for cell division 

to ensure equal distribution of mitochondria in daughter cells (Yamano & Youle, 2011). The 

fragmentation of the mitochondrial network into small puncta enables the efficient removal of 

damaged mitochondria via selective autophagy (mitophagy) (Twig & Shirihai, 2011; Youle & 

Karbowski, 2005). On the other hand, mitochondrial fusion plays an essential role in mtDNA 

inheritance and mitigates mitochondrial damage through complementation (H. Chen et al., 2010; 

Ramos et al., 2019). Given the importance of mitochondrial dynamics, it is unsurprising that 

impairments in these processes are associated with several diseases. Nonetheless, the following 

section discusses the molecular mechanism of mitochondrial fission and fusion.  
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Mechanism of Mitochondrial Fission and Fusion 

At its core, mitochondrial fission occurs through the constriction and cutting of the 

mitochondrial membranes, which results in two mitochondrion (Kraus & Ryan, 2017; 

Ramachandran, 2018). The major player for this process is a dynamin-like GTPases protein, called 

dynamin 1-like protein (DNM1L or DRP1). DNM1L localizes in the cytosol but translocates to 

the mitochondria and interacts with several adaptor proteins found on the OMM. These include 

mitochondrial fission 1 (FIS1), mitochondrial fission factor (MFF), and mitochondrial dynamics 

protein of 49/51 kDa (MID49/51)(Kraus & Ryan, 2017; Ramachandran, 2018). Alterations in 

DNM1L function and/or its adaptor molecules can significantly alter the balance of mitochondrial 

fission and fusion. For example, the loss of these adaptor proteins, particularly MID49/51, have 

been shown to reduce mitochondrial fission, while favouring mitochondrial fusion (Osellame et 

al., 2016). Nonetheless, once bound to the adaptor molecules, DNM1L oligomerizes around the 

mitochondria and utilizes GTP to change its conformation and constrict the OMM (Fröhlich et al., 

2013; Mears et al., 2011). In contrast to the OMM, the constriction of the inner mitochondrial 

membrane (IMM) is not fully understood. IMM constriction may be due to a mitochondrial fission 

process 1 (MTFP1) has been shown to enhance mitochondrial fission whereas the depletion of this 

protein results in hyperfusion (Morita et al., 2017; Tondera et al., 2005). The untethering of the 

mitochondrial membranes may also facilitate the IMM fission (Cho et al., 2017). Taken together, 

it is well understood that DNM1L mediates fission through its interaction with adaptor proteins 

found on the OMM, whereas the mechanism of IMM fission has yet to be fully determined. 

 Mitochondrial fusion is mediated by three major dynamin-like GTPase proteins: mitofusin 

1 (MFN1), MFN2, and optic-atrophy 1 (OPA1). The location of these proteins on the mitochondria 
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dictates their function. MFN1/2 are found on the OMM while OPA1 is found on the IMM. MFN1 

forms homomultimers or heteromultimers with MFN2 and undergo oligomerization to fuse the 

OMM (H. Chen et al., 2003). The MFN1/2 platform utilizes GTP hydrolysis to pull two OMMs 

together (Ishihara et al., 2004). After this, the long isoform of OPA1 (L-OPA1) mediates the fusion 

of the IMM through heteromultimer interaction with cardiolipin (Ban et al., 2017). The function 

of OPA1 extends beyond just mitochondrial fusion alone. The enzymatic conversion of L-OPA1 

to its short isoform (S-OPA1) via OMA1 or YME1L1 peptidase has also been shown to aid in the 

dissociation of the IMM; favouring fission over fusion (Cho et al., 2017).  

 

Mitochondrial Degradation 

Mitochondria can change their structure and subsequent function to promote survival in 

response to cellular stress. Under high stress conditions, the mitochondria become damaged or 

dysfunctional; therefore, the efficient removal of damaged/dysfunctional mitochondria is require 

to protect cells from death (Kubli & Gustafsson, 2012). Although several mitochondrial quality 

control processes exist, the selective degradation of mitochondria by autophagy (i.e., mitophagy) 

appears to be the last line of defence before cell death (Baechler et al., 2019; Bloemberg & 

Quadrilatero, 2019). A lack of mitophagy has been implicated in numerous pathological conditions 

(Bravo-San Pedro et al., 2017, p.; Kerr et al., 2017; J. Liu et al., 2019; VanderVeen et al., 2017). 

Emerging evidence supports the notion that mitochondria can undergo mitophagy through various 

mechanisms. These redundant pathways further demonstrate the evolutionary importance of the 

removal of damaged mitochondria. The following section discusses the mechanism of two major 

categories of mitophagy. 
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PINK1/PRKN-mediated Mitophagy 

 The most studied mechanism of mitophagy is orchestrated by two proteins: a Ser/Thr 

kinase, PTEN-induced kinase 1 (PINK1), and the E3-ubitquitin ligase parkin (PRKN) (Matsuda et 

al., 2010; Narendra et al., 2010). PINK1 serves as a molecular sensor of mitochondrial 

depolarization by targeting and forming a complex with translocase of outer mitochondrial 

membrane (TOMM) (Matsuda et al., 2010; Narendra et al., 2010). Under normal conditions where 

membrane potential is maintained, PINK1 is partially imported into the mitochondrial matrix and 

undergoes initial cleavage by mitochondrial processing peptidase (MPP) (Greene et al., 2012). 

Following this, PINK1 is cleaved again by the IMM protein presenilin-associated rhomboid-like 

protein (PARL), which ultimately results in the dissociation of PINK1 from TOMM (Deas et al., 

2011; Greene et al., 2012; Jin et al., 2010; Meissner et al., 2011; G. Shi et al., 2011). The double 

cleaved PINK1 is broken down within the cytosol via N-end rule pathway (Yamano & Youle, 

2013). In damaged/depolarized mitochondria, PINK1 once again associates with TOMM; 

however, reduced m limits the degree of internalization (Lazarou et al., 2012; Okatsu et al., 

2013). As a result, double cleavage of PINK1 does not take place and it accumulates on the OMM. 

As PINK1 accumulates, it becomes highly active after dimerization and autophosphorylation 

(Aerts et al., 2015), and recruits PRKN to the OMM (Okatsu et al., 2012, 2013). 

 Under resting conditions, PRKN is in an inactive/closed conformation (Chaugule et al., 

2011). Upon phosphorylation of PRKN by PINK1, it changes to an active/open conformation 

(Chaugule et al., 2011; Iguchi et al., 2013; Kondapalli et al., 2012; Shiba-Fukushima et al., 2012). 

The activated PRKN can tag multiple OMM proteins with ubiquitin chains, allowing the damaged 

mitochondria to be recognized by the autophagic machinery (Sarraf et al., 2013; Youle & van der 

Bliek, 2012). Autophagic cargo proteins, such as sequestosome 1 (SQSTM1), can interact with the 
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ubiquitin chains found on the OMM. These cargo proteins contain a microtube-associated protein 

1 light chain 3 (MAP1LC3 or LC3) interacting region (LIR) motif that work together to enable the 

recognition, efficient recruitment of the autophagosome, and degradation of mitochondria (Heo et 

al., 2015; Lazarou et al., 2015; Yamano et al., 2016).  

 

Mitophagy Through Multifunctional Receptors 

 The second most common mechanism for mitophagy involves the direct interaction of 

multifunctional receptor molecules and are induced under different conditions. B-cell lymphoma 

2 (BCL2) interacting protein 3 (BNIP3) and sister protein BNIP3-like (BNIP3L or NIX) are two 

such molecules that play an important role in receptor-mediated mitophagy. Similar to PINK1 and 

PRKN, these proteins exist in the cytosol and translocate to the mitochondria upon depolarization. 

BNIP3 and BNIP3L also contain a LIR motif, allowing its direct interaction to LC3 decorated 

autophagosomes to induce mitophagy. Some studies suggest that interaction between 

BNIP3/BNIP3L and LC3 is weak under normal conditions but is enhanced when the LIR motif is 

phosphorylated (Novak et al., 2010; Zhu et al., 2013). These multifunctional receptors can also 

interact with other mitophagy related proteins. In particular, BNIP3 was found to inhibit the 

breakdown of mitochondrial-bound PINK1, causing its accumulation and promoting 

PINK1/PRKN-mediated mitophagy (T. Zhang et al., 2016, p. 3). On the other hand, BNIP3L has 

been shown to improve mitochondrial turnover in cells from Parkinson’s disease patient to 

compensate for lack of functional PINK1/PRKN (Koentjoro et al., 2017).  
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Mitochondrial Regulation of Apoptosis 

As previously mentioned, autophagy is essential for protecting cells against the accumulation of 

damaged material. When autophagy is compromised, or when the level of damage exceeds the 

capacity of the autophagic machinery to efficiently target and remove this material, pathways 

leading to programmed cell death (i.e., apoptosis) can be activated. This serves as a safeguard to 

prevent damaged cells from potentially harming the organism. Apoptosis is a conserved 

physiological mechanism responsible for the degradation of dysfunctional, damaged, and/or 

unnecessary cells (Galluzzi et al., 2018; Gustafsson & Gottlieb, 2007; Kroemer et al., 2007; 

Saikumar et al., 1999). Apoptotic signaling is partially mediated by the mitochondria in response 

to stress stimuli, such as the lack of growth factors, DNA damage, and oxidative stress (Galluzzi 

et al., 2018; Gustafsson & Gottlieb, 2007; Kroemer et al., 2007; Saikumar et al., 1999). At the 

mitochondrial level, apoptotic stimuli lead to bioenergetic deficits (i.e., impaired membrane 

potential, reduced oxidative phosphorylation (OXPHOS), and reduced ATP production) and 

initiate a multi-step signaling cascade leading to cell death. The BCL2 family, consisting of pro- 

and anti-apoptotic proteins, plays a major role in regulating mitochondrial apoptotic signaling. 

Within the BCL2 family, there are generally three categories of proteins: pro-apoptotic initiators, 

pro-apoptotic effectors, and anti-apoptotic proteins. Pro-apoptotic initiators such as BCL2 binding 

component 3 (BBC3/PUMA) and BH3 interacting domain death agonist (BID) function to directly 

activate pro-apoptotic effectors while simultaneously inhibiting anti-apoptotic proteins (H.-C. 

Chen et al., 2015; H. Kim et al., 2006; Kuwana et al., 2005; Letai et al., 2002). This results in a 

shift towards a pro-apoptotic cellular response. Once stimulated, pro-apoptotic effectors including 

BCL2-associated X protein (BAX) and BCL2-antagonist/killer 1 (BAK1) translocate to the 

mitochondria and oligomerize, causing mitochondrial outer membrane permeabilization (MOMP) 
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(H.-C. Chen et al., 2015; H. Kim et al., 2006; Kuwana et al., 2005; Letai et al., 2002). Alternatively, 

mitochondrial permeability transition pores (MPTP) can form in response to oxidative stress or 

cytosolic ion overload through the assembly of channeling proteins, including voltage-dependent 

anion channel 1 (VDAC1) and adenine nucleotide translocase-1 (ANT1) (Bernardi et al., 2015; 

Beutner et al., 2017; Kroemer et al., 2007). MPTP opening can ultimately lead to mitochondrial 

swelling and mitochondrial membrane rupture (Bernardi et al., 2015; Beutner et al., 2017; Kroemer 

et al., 2007). A significant outcome of mitochondrial outer membrane permeabilization (MOMP) 

and OMM rupture is the liberation of CYCS. second mitochondria-derived activator of caspase 

(SMAC), apoptosis inducing factor mitochondria associated 1 (AIFM1) and endonuclease G 

(ENDOG), which directly mediate DNA fragmentation, are also released (Baker & Hepple, 2006; 

Kroemer et al., 2007). Key to counteracting these apoptotic processes are anti-apoptotic proteins, 

including BCL2 and BCL2-like 1 (BCL2L1/BCLXL), which actively suppress mitochondrial 

apoptotic signals. Nonetheless, the release of pro-apoptotic mitochondrial-derived molecules are 

crucial for the activation of caspases (CASPs), particularly CASP9 (Bloemberg & Quadrilatero, 

2019). The interaction between CYCS, APAF1, and pro-CASP9 results in the formation of the 

apoptosome, which triggers the activation of CASP9 and CASP3 (Bratton et al., 2002; H. Dehkordi 

et al., 2020), ultimately leading to cleavage of several cellular targets, and DNA fragmentation via 

DNA fragmentation factors (DFFA/DFFB) (Enari et al., 1998; Sakahira et al., 1998). These events 

collectively govern the progression of the apoptotic signaling cascade (Rahman & Quadrilatero, 

2022). 
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Mitochondria in Skeletal Muscle  

The primary role of mitochondria across all tissues and cells is to produce energy; however, 

their behavior and responses can vary under different conditions. For example, mitochondria that 

are present in tissues with higher energy demands likely have greater OXPHOS protein content, a 

complex cristae structure, and a more intricate network (e.g., heart and skeletal muscle). In 

comparison, mitochondria in other tissues, like the liver, have less developed cristae and are more 

involved in biosynthetic pathways (Kappler et al., 2019). Interestingly, even within the same 

tissue, mitochondrial content and function can vary significantly, which may be attributed to the 

state of the tissue/cell (e.g., fiber types). Therefore, understanding the tissue and the state of the 

tissue are important for correct interpretations of findings.  

 

Mitochondrial Subpopulations in Skeletal Muscle 

The primary function of skeletal muscle cells (i.e., myofibers) is to produce mechanical 

force by converting substrates/fuel into chemical energy needed to perform work (Willingham et 

al., 2021). Skeletal muscle also functions as a metabolic sink, owing to its high metabolic demand. 

Skeletal muscle mitochondria occupy approximate 2-10% of the total muscle volume, but is 

capable of producing ATP at a higher rate compared to other tissues (Bleck et al., 2018; Holloszy, 

1967; Ørtenblad et al., 2018; Schwerzmann et al., 1989; Willingham et al., 2021). As eluted to 

earlier, not all mitochondria are created equal; some mitochondria exhibit greater metabolic 

function compared to others. Within each myofiber, there are distinct populations of mitochondria, 

each with their individual function to support energy distribution for the cell. The intermyofibrillar 

mitochondria (IMF) subpopulation form an elongated and highly branched structures, reminiscent 

of a power grid, that extends between the individual myofibrils (around I-band of the sarcomere) 
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(Bleck et al., 2018; Glancy et al., 2015; Hoppeler et al., 1973; Picard et al., 2015; Picard, Gentil, 

et al., 2013; Picard, White, et al., 2013). The IMF mitochondria occupy a large proportion of the 

mitochondria within the muscle and are thought to play a major role in energy production for 

contraction. High resolution 3D electron microscopy analyses have demonstrated that virtually all 

IMF mitochondria are in contact with the sarcoplasmic reticulum, and therefore may be involved 

in Ca2+ signaling (Eisner et al., 2013; Tubbs et al., 2018). In contrast, the subsarcolemmal (SS) 

mitochondrial population are found around the nuclei in the periphery of the myofiber. SS 

mitochondria are larger, less branched, and densely packed around the nuclei. This population of 

mitochondria can extend and connect with IMF mitochondria, which was proposed as a 

mechanism for energy transport within the muscle (Bakeeva et al., 1978). Nonetheless, the 

localization of SS mitochondria may suggest its role in providing energy for transcription of 

nuclear DNA. 

The subpopulations of the mitochondria are thought to be ubiquitous in mammalian 

skeletal muscle; however, their exact function may vary. For instance, isolated IMF mitochondria 

have greater ETC enzyme activity and respiration rates compared to SS mitochondria (Adhihetty 

et al., 2005; Cogswell et al., 1993; Seo et al., 2009; Triolo et al., 2022). IMF mitochondria also 

exhibit a 3-fold greater capacity to import substrates, such as malate, and a 10-fold greater release 

of pro-apoptotic factors in response to ROS-induced membrane damage (Adhihetty et al., 2005; 

Takahashi & Hood, 1996). In contrast, SS mitochondrial maximal State 3 respiration rates are 

~10% lower (potentially due to lower CYCS levels), and they can generate significantly greater 

amounts of ROS compared to IMF mitochondria (Adhihetty et al., 2005). It is unclear whether a 

relationship between the dynamic balance of mitochondrial morphology and function exists 

between the IMF and SS subpopulations. Nonetheless, a recent study showed that LC3-II flux in 
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SS mitochondria occurs within days of denervation, whereas the same is not observed in IMF 

mitochondria (Triolo et al., 2022). Perhaps the contractile structure surrounding the IMF 

mitochondria limits their degradative potential. Alternatively, the lysosome may be localized in 

the periphery (Neel et al., 2015), and therefore translocate to the SS mitochondria at a faster rate.  

 

Fiber type Differences in Mitochondrial Profile    

Skeletal muscle is a heterogeneous tissue comprised of phenotypically distinct myofibers. 

These myofibers are defined by the rate at which they generate force and their metabolic 

characteristics. For example, type I (i.e., slow-twitch/oxidative) myofibers contract at a slower rate 

and generally have greater oxidative potential compared to type II (i.e., fast-twitch/glycolytic). 

Furthermore, type I myofibers have a more elaborate and densely mitochondrial network compared 

to type II myofibers. Studies investigating mitochondrial function have found greater respiration 

rates in permeabilized myofibers from type I muscles compared to type II muscles (Morales et al., 

2021). Studies have identified similar cristae density between  type I and II myofibers (Nielsen et 

al., 2017; Ørtenblad et al., 2018), which may suggest that the higher degree of mitochondrial 

respiration is a result of the greater overall mitochondrial content present in type I myofibers. 

Nonetheless, the heterogeneity of myofibers within skeletal muscle provides several benefits: the 

primary one being the balance between fatigue resistance (type I) and rapid force generation (type 

II).  

The divergent profiles across myofibers may signify distinct quality control of 

mitochondria. Numerous studies have shown that slow/oxidative muscles have greater levels of 

some autophagy- and mitophagy-related proteins (i.e., BECN1, ATG7, LC3, BNIP3, and PRKN), 

but lower levels of others (i.e., ULK1 and ATG5) (Lira et al., 2013; McClung et al., 2010; 
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Mofarrahi et al., 2013; Paré et al., 2017). Our lab and others have found total autophagy flux to be 

greater in fast/glycolytic muscles (Mofarrahi et al., 2013; Paré et al., 2017). It is unclear how basal 

expression of autophagy/mitophagy markers and autophagy flux influences mitochondria quality 

control in different myofibers. It is also unclear whether changes in mitophagy simply reflects 

changes in mitochondrial content and skeletal muscle phenotype or represents the direct 

involvement of mitochondrial quality control processes (Rahman et al., 2024).  

 

Understanding Mitochondrial Remodeling in Skeletal Muscle  

Cellular remodeling has become a major topic of interest over the last three decades. 

Cellular remodeling is defined as the changing of cellular structure, and therefore function, that 

typically occurs in response to stimuli/stressor. This can result in gross changes in cellular 

morphology and behaviour and may also be important in facilitating cellular fate. The central 

theme for remodeling is the balance between growth and degradative signals. Cellular remodeling 

is often accompanied by remodeling of the mitochondria via fission/fusion and turnover. This is 

particularly relevant in post-mitotic cells/tissues, like skeletal muscle. As discussed earlier, skeletal 

muscle mitochondria are highly dynamic organelles that undergo remarkable remodeling in 

numerous physiological and pathological states. The controlled remodeling of the mitochondrial 

network plays an essential role in regulating muscle formation (i.e., myogenesis), muscle growth, 

and atrophy (Rahman & Quadrilatero, 2021b, 2021a).  

 

Mitochondrial Remodeling During Myogenesis 

Myogenesis is the formation of skeletal myofibers that occurs during embryonic 

development (Buckingham et al., 2003) and following injury in adult skeletal muscle tissue 
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(Dumont, Bentzinger, et al., 2015; Hawke & Garry, 2001). Cellular fate of myogenic cells is 

ultimately regulated by myogenic regulator factors (MRFs), including paired box 7 (PAX7), 

myogenic differentiation 1 (MYOD1), myogenin (MYOG), among others. During embryonic 

development, paired box 7 (PAX7+) muscle progenitor cells begin to activate into committed 

myogenic cells, called myoblasts (Buckingham et al., 2003). The appropriate temporal regulation 

of these MRFs is essential for these cells to facilitate proliferation, differentiation, and fusion to 

form multinucleated myofibers (Buckingham et al., 2003). A subset of these cells also enter a 

quiescent state and remain present on skeletal myofibers throughout adolescence and adulthood to 

aid in skeletal muscle growth and regeneration (Buckingham et al., 2003; Dumont, Bentzinger, et 

al., 2015; Hawke & Garry, 2001).  

Myoblasts display lower bioenergetic demands compared to immature myofibers, called 

myotubes (Robinson et al., 2019). This change in metabolic profile is accompanied by the 

remodeling of the mitochondrial network. Myoblast mitochondria can be considered 

“underdeveloped”, or “immature” compared to their myofiber counterparts. This is evident by their 

underdeveloped cristae morphology, low levels of beta-oxidation, and lower overall respiration 

compared to myotubes and myofibers (Barbieri et al., 2011; Robinson et al., 2019; Sin et al., 2016; 

Vertel & Fischman, 1977). Myoblasts must meet the increased metabolic demand associated with 

terminal differentiation. In doing so, differentiated myoblasts shift towards a more oxidative 

phenotype (Kraft et al., 2006; Moyes et al., 1997). The shift in metabolic phenotype is 

accompanied by mitochondrial fission and mitophagy that occurs within the first 24-48 hours after 

differentiation stimuli (Baechler et al., 2019; Bloemberg & Quadrilatero, 2016; B. Kim et al., 2013; 

Redpath et al., 2013; Sin et al., 2016). These processes are essential for the initiation of the 

differentiation program in myoblasts. Inhibition of mitochondrial fission (Bloemberg & 
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Quadrilatero, 2016; B. Kim et al., 2013) or the ablation of proteins related to autophagy/mitophagy 

(Baechler et al., 2019) concomitantly lead to impaired differentiation. 

During the differentiation process, myoblasts start to differentially express MRFs. Among 

these, MYOD1 and MYOG are two key MRFs whose transient expression is essential for the 

progression of myoblast differentiation. Our lab and others show that the elevation of these MRFs 

is accompanied with elevated PPARGC1A, TFAM, cytochrome c oxidase subunit 4 (COX4), and 

mtDNA (Baechler et al., 2019; Baldelli et al., 2014; Barbieri et al., 2011; Remels et al., 2010). In 

particular, nuclear localization of PPARGC1A follows a similar trend to that of MYOG (Sin et al., 

2016); however, a direct relationship between the two has not been established. As 

fission/mitophagy begin to decline and mitochondrial biogenesis machinery increases, so do the 

levels of fusion protein OPA1 (Sin et al., 2016). It is worth noting that the absence of 

autophagy/mitophagy during the early stages of myoblast differentiation results in a blunted 

PPARGC1A response, and decreased mitochondrial protein content (Baechler et al., 2019). This 

may emphasize a greater importance of mitophagy in modulating mitochondrial biogenesis. 

Nonetheless, mitochondrial biogenesis and fusion lead to increased basal and maximal respiration 

that is needed for the newly formed myotubes/myofibers (Remels et al., 2010). 

 

Mitochondrial Remodeling Regulates Skeletal Muscle Growth 

Skeletal muscle development is characterized by an increase in total size, mass, and 

contractile properties of myofibers. In rodent models, the postnatal developmental period typically 

extends until the weaning of the pups at about three weeks; however, remodeling continues even 

beyond this phase. The reorganization of contractile filaments, t-tubules, the SR and mitochondria 

must take place to ensure normal development of skeletal muscle (Luff & Atwood, 1971). The 
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mitochondria undergoes dramatic remodeling during this state (Y. Kim, Yang, et al., 2019; Y. Kim 

et al., 2024). Early studies have shown that mitochondria in developing muscle are organized 

parallel to the myofiber (Bakeeva et al., 1978; Y. Kim, Yang, et al., 2019; Y. Kim et al., 2024). As 

the muscle develops, the mitochondrial network changes and becomes perpendicular to the 

myofiber, which forms the classic “energy grid” morphology within mature the myofiber (Bakeeva 

et al., 1978). These findings have been further corroborated in a recent study that utilized 

MitoDendra reporter mice and found that the percentage of myofibers with the perpendicular 

mitochondrial morphology is present starting P14 (Y. Kim, Yang, et al., 2019).   

This development of the mitochondrial network may be attributed to the natural changes 

in the dynamic balance of mitochondrial remodeling processes. The role of mitochondrial fission 

and fusion have been implicated during the developmental stage of skeletal muscle. Complete 

knockout of mitochondrial fission and fusion-related proteins, including DNM1L, OPA1, and 

MFN1/2, results in embryonic lethality or death shortly after birth (Caffin et al., 2013; H. Chen et 

al., 2010; Ishihara et al., 2004). As a result, studies have utilized constitutive muscle-specific 

knockout models to investigate the role of these proteins during muscle development. It is 

consistently found that although muscle-specific knockout of DNM1L, OPA1, and MFN1/2 are 

viable, their lifespan is dramatically reduced (H. Chen et al., 2010; Favaro et al., 2019; Tezze et 

al., 2017). For instance, muscle-specific DNM1L knockout animals only live for 30 days, have 

lower body mass and smaller type II myofibers (Favaro et al., 2019). Furthermore, muscle-specific 

OPA1 knockout results in lethality at P9 (Tezze et al., 2017), whereas MFN1/2 knockout are viable 

for up to 6-8 weeks but present severe defects in muscle growth, mitochondrial dysfunction, and 

accumulation of point mutations (H. Chen et al., 2010). Based on these results, mitochondrial 

fission and fusion is required for normal skeletal muscle growth and development. Interestingly, 
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the overexpression of DNM1L does not impair skeletal muscle growth, but significantly altered 

the mitochondrial network (Touvier et al., 2015). Muscle-specific DNM1L overexpression present 

very few IMF mitochondria, lower mtDNA content, and higher UPRmt, without any alterations in 

the bioenergetic profile of their mitochondria (Touvier et al., 2015). Nonetheless, a balance 

between mitochondrial fission and fusion is essential for postnatal skeletal muscle development.  

Given the change in mitochondrial morphology during postnatal development, there is a 

strong possibility that mitochondrial turnover processes may also be playing a role in its 

remodeling. There is some evidence that suggest an upregulation of mitochondrial content, as 

measured by mtDNA during postnatal development (Minai et al., 2008); however, another study 

showed no changes in mtDNA or ETC protein content (Y. Kim, Yang, et al., 2019). The extent to 

which the remodeling takes place is largely unclear during postnatal development, particularly in 

relation to mitophagy and biogenesis. For instance, total PRKN knockout animals have been 

shown to lower muscle force production, lower respiration, mitochondrial uncoupling, and greater 

susceptibility to MPTP opening (Gouspillou et al., 2018). More recent work has found elevated 

PINK1, PRKN, ATG7, LC3B and SQSTM1 levels at the neonatal stage (P1 and P7) that declines 

as the mice continue to develop (Y. Kim, Yang, et al., 2019). Interestingly, BNIP3 levels were 

found to rise throughout the developmental period in skeletal muscle, suggesting the activation of 

diverse mitophagy-related pathways at different stages of muscle development. However, it 

remains unclear whether these changes in autophagy and mitophagy signaling correlate with flux, 

and if this is important for the maturation of the mitochondrial network.  

Studies that have investigated the role of PPARGC1A knockout have reported minimal 

phenotypic change in skeletal muscle development (Lelliott et al., 2006; Leone et al., 2005; J. Lin 

et al., 2004; Sonoda et al., 2007; Vianna et al., 2006; Zechner et al., 2010). Similar to the PRKN 
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knockout, this is likely due to redundancies in the molecular pathways that lead to mitochondrial 

biogenesis. For instance, double knockout of PPARGC1A and PPARGC1B leads to heart failure 

and fatality shortly after birth (Lai et al., 2008). Global knockout of PPARGC1A and muscle-

specific constitutive knockout of PPARGC1B results in altered mitochondrial morphology, lower 

state 3 respiration, a profound decrease in exercise performance, and a greater distribution of slow-

twitch myofibers (Zechner et al., 2010). Importantly, PPARGC1A levels have been shown to 

increase by 60% during P14-P21, which seems to occur after elevations in mitophagy proteins 

from P7 to P14 (Y. Kim, Yang, et al., 2019). It is postulated that as the myofibers develop, there 

is a need for greater mitochondrial content to support the growing skeletal muscle; however, 

investigation is needed to fully elucidate the “metabolic demand” of the developing skeletal 

muscle.  

 

Mitochondrial Remodeling During Skeletal Muscle Atrophy 

Mitochondria in mature myofibers are characteristically distinct from mitochondria from 

other cells. Elevated mitochondrial respiration, increased cristae formation, and greater 

mitochondrial networking are hallmarks of mature myofiber (Barbieri et al., 2011; Robinson et al., 

2019; Vertel & Fischman, 1977). This provides myofibers with the framework to meet the 

metabolic demand of muscular contraction (Barbieri et al., 2011; Robinson et al., 2019; Vertel & 

Fischman, 1977). Moreover, the energy demands are met by the distribution of the mitochondria 

in a reticular fashion.  

An increasing number of studies have signified the implication of mitochondrial turnover 

in the maintenance of skeletal muscle mass. Reduced autophagy and subsequent mitophagy was 

previously shown to cause mitochondrial dysfunction, accompanied with skeletal muscle loss 
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(Carnio et al., 2014; Demontis & Perrimon, 2010; Distefano et al., 2017; Masiero et al., 2009; 

Ogborn et al., 2015; Russ et al., 2012, p. 201; Wohlgemuth et al., 2010; Yeo et al., 2019). More 

recent work has demonstrated that major atrophic stimuli, such as disuse, are associated with 

mitochondrial remodeling in the form of mitochondrial fragmentation and elevations in mitophagic 

signaling (Borgia et al., 2017; Cannavino et al., 2015; Graham et al., 2018; C. Kang et al., 2016; 

Sandri et al., 2006; Triolo et al., 2022; Vainshtein et al., 2015; Yamashita et al., 2021). Disuse via 

immobilization or denervation of skeletal muscle is a major stimuli for atrophy by reducing muscle 

protein synthesis and increasing degradation (Brooks & Myburgh, 2014; Rudrappa et al., 2016). 

Additionally, atrophying skeletal muscle display decreased mitochondrial quantity and quality as 

evident by reduced mitochondrial content (i.e., mitochondrial-related protein content or 

mtDNA:nDNA ratio), mitochondrial biogenesis signaling (i.e., PPARGC1A-signaling), lower 

m, and elevated ROS generation (Cannavino et al., 2015; C. Kang et al., 2016; S. W. S. Kang 

et al., 2016; P. Sakellariou et al., 2016; Sandri et al., 2006). Interestingly, the loss of mitochondrial 

mass and muscle mass can partly be rescues via overexpression of PPARGC1A and upregulation 

of mitochondrial biogenesis (Cannavino et al., 2015; C. Kang et al., 2016; Sandri et al., 2006). 

Skeletal muscle atrophy can be observed within weeks of disuse. Early changes, noted as 

soon as 3-days following disuse, include reductions in Opa1 and Mfn1/2 transcripts, which may 

shift the dynamic nature of the mitochondrial network towards greater fission. These alterations 

are followed by the accumulation of PINK1, PRKN, and Bnip3l within 7-days, indicating the 

initiation of mitochondrial quality control mechanisms (Cannavino et al., 2015; Deval et al., 2020; 

C. Kang et al., 2016). A recent study utilizing the mito-QC mitophagy reporter mouse has 

confirmed elevations in mitophagic flux with disuse atrophy, likely attributed to elevations in 

Bnip3, Bnip3l, and Prkn transcripts (Yamashita et al., 2021). Another report observed elevated 
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mitophagy flux in mt-Keima mice as early as 1-day following denervation (Triolo et al., 2022). It 

is unclear whether mitophagy is the driving force for disuse atrophy. The upregulation of 

mitophagy may be complementary to atrophic conditions given the lack of energy demand placed 

on the mitochondria or perhaps due to the intrinsic dysfunction within the mitochondria. 

Alternatively, mitophagy may serve as an initiating step for atrophy; however, further investigation 

is required to delineate this relationship.   
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Overall Purpose and Objectives 

Mitochondrial remodeling has been implicated in various skeletal muscle conditions. 

Although the mechanisms of mitochondrial remodeling have been well characterized in non-

muscle cell types, their interaction in skeletal muscle is less understood. Moreover, the relationship 

between mitochondrial biogenesis, fission/fusion, and mitophagy in not entirely understood in the 

context of myogenesis, skeletal muscle growth, and atrophy. Previous work in our lab has shown 

that autophagy and subsequent mitophagy is an essential step for myogenic differentiation 

(Baechler et al., 2019; McMillan & Quadrilatero, 2014). Separately, we have also shown that 

inhibition of mitochondrial fission can limit myogenic differentiation (Bloemberg & Quadrilatero, 

2016); however, the interaction between these mechanisms has yet to be explored in the context 

of differentiation. Additionally, our lab has demonstrated that constitutive knockout of Atg7, an 

important protein for the maturation of the autophagosome, leads to a reduction in muscle force 

production, and greater number of myofibers with centrally located nuclei (Paré et al., 2017). To 

date, the morphological changes in mitochondria during postnatal growth of skeletal muscle has 

been characterized (Y. Kim, Yang, et al., 2019; Y. Kim et al., 2024); however, the integration of 

mitochondrial remodeling processes during this essential stage in life is largely unknown and 

warrants further investigation. Additionally, mitochondrial remodeling, particularly mitophagy, 

has been linked to atrophic conditions (Triolo et al., 2022; F. Wang et al., 2023; Yamashita et al., 

2021); however, the mechanism has not been explored. As a result, the overarching theme was 

to investigate mitochondrial remodeling during myogenesis, postnatal skeletal muscle 

growth, and skeletal muscle atrophy.  
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The first project investigated mitochondrial dynamics as a precursor to mitophagy during 

myogenesis in vitro, focusing on the interplay between DNM1L-mediated fission and BNIP3-

mediated mitophagy. The second project explored mitochondrial remodeling and its role in the 

maturation of the mitochondrial network during postnatal development, employing mt-Keima 

mice and constitutive muscle-specific Atg7 knockout mice. The third project assessed the role of 

mitophagy in immobilization-induced muscle atrophy, using mt-Keima mice treated with various 

agents to modify ROS signaling and autophagy signaling. 

Therefore, the experiments comprising this thesis were aimed to improve our 

understanding of mitochondrial remodeling in three important stages: during myogenesis, during 

postnatal growth, and during atrophy.  

 

In summary, the objectives of this thesis were: 

1. To understand the interaction between mitochondrial remodeling processes during 

myogenesis.  

2. To determine the role of mitochondrial remodeling during postnatal development of 

skeletal muscle.  

3. To examine the role of mitochondrial remodeling, particularly mitophagy, during 

immobilization-induced atrophy of mature skeletal muscle.   
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Figure 3: Conceptual image of study design. Different models are used to study mitochondrial remodeling during 

myogenesis, postnatal muscle growth, and disuse atrophy.  
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Chapter 2: Role of Mitochondrial Remodeling During 

Myogenesis   
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Project Rationale and Objectives 

The remodeling of the mitochondria is essential for myogenic differentiation. Previous 

work from our lab has demonstrated that the activation of autophagy and mitophagy is needed for 

normal differentiation (Baechler et al., 2019; McMillan & Quadrilatero, 2014). The consequence 

of limited autophagy and/or mitophagy is oxidative stress and activation of apoptotic signaling 

cascades (Baechler et al., 2019; McMillan & Quadrilatero, 2014). Interestingly, the interaction of 

mitochondria dynamics, namely mitochondrial fission, on mitophagy has been previously 

implicated (Bloemberg & Quadrilatero, 2016; B. Kim et al., 2013). Emerging evidence also 

suggests that mitochondrial fission regulates mitophagy and biogenesis (Kleele et al., 2021). Based 

on these findings, it stands to reason that mitochondrial fission may be sufficient in inducing a 

change in the mitochondrial network that is required for myogenesis by signaling mitophagy and 

biogenesis.  

 

Therefore, the main objectives of Project 1 were: 

1. To determine the regulatory role of mitochondrial fission on mitophagy and biogenesis 

during myogenesis.  

2. To determine if the overexpression of mitophagy (BNIP3) or biogenesis (PPARGC1A) 

markers sufficiently rescue defects in myogenesis that were accompanied by a lack of 

mitochondrial fission.  

3. To determine if the overexpression of mitochondrial fission protein, DNM1L, signals 

mitochondrial biogenesis and restores myogenesis independent of BNIP3-mediated 

mitophagy.    
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I hypothesized that: 

1. Upregulation of mitochondrial fission would accelerate mitophagy, which would signal for 

the activation of mitochondrial biogenesis to accelerate differentiation, while suppression 

of mitochondrial fission would reduce mitophagy and biogenesis, leading to impaired 

myogenic differentiation. 

2. Overexpression of mitophagy receptor BNIP3 would fail to differentiate cells in a fission-

deficient state, while overexpression of biogenesis protein PPARGC1A would partially 

restore myogenic differentiation in fission-deficient cells by enhancing mitochondrial 

content and function. 

3. Overexpression of DNM1L would fail to signal mitochondrial biogenesis in BNIP3-

deficient cells, leading to failed myogenic differentiation. 

 

 

Method Figure 1: Study design for Project 1, Objective 1. A) Illustration of normal myogenesis. Mitochondrial 

fission is one of the first steps, which is followed by mitophagy and biogenesis. B) Illustration for Objective 1. 

Enhanced fission via Ad-DNM1L was hypothesized to improve mitophagy and biogenesis, leading to enhanced 

differentiation. Conversely, impairment of fission via Ad-shDnm1l was hypothesized to decrease mitophagy and 

biogenesis, leading to failed differentiation. Mitophagy, biogenesis, and differentiation were measured as 

described in the Material and Methods section. 
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Method Figure 2: Study design for Project 1, Objective 2. C2C12 myoblasts were transduced with Ad-shDnm1l 

to reduce fission and co-transduced with Ad-BNIP3 or Ad-PPARGC1A. It was hypothesized that Ad-BNIP3 

may partially increase mitophagy and biogenesis in cells with hyperfused mitochondria, but they will fail to 

differentiate. Alternatively, it was hypothesized that Ad-PPARGC1A may improve mitochondrial biogenesis, 

which may partially recover differentiation as a result of improved mitochondrial function. Mitophagy, biogenesis, 

and differentiation were measured as described in the Material and Methods section. 

 

 

Method Figure 3: Study design for Project 1, Objective 3. Bnip3-KO myoblasts were transduced with Ad-

DNM1L to enhance fission. It was hypothesized that increased mitochondrial fission in BNIP3-deficient 

myoblasts will be unable to activate mitophagy or biogenesis and fail to differentiate. Mitophagy, biogenesis, and 

differentiation were measured as described in the Material and Methods section.  
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Introduction  

Cellular differentiation is the process through which a precursor cell undergoes changes in 

its morphology and function into a specialized cell type. For cells to differentiate, they must 

carefully integrate numerous extracellular and intracellular signals to facilitate the elimination of 

unspecialized cellular material and repurpose the basic macromolecules to synthesize more 

specialized cellular material (Chang, 2020). This process is typically referred to as “remodeling”. 

One of the major mechanisms of cellular remodeling is autophagy (i.e., self-eating). Autophagy is 

a degradative process that is used to eliminate damaged proteins, organelles, and other cellular 

components (Bloemberg & Quadrilatero, 2019; Chang, 2020; Rahman & Quadrilatero, 2021b). 

Interestingly, autophagy can occur in bulk or select form. For instance, the degradation of 

mitochondria, termed mitophagy, has classically been implicated in the context of cellular 

differentiation (Baechler et al., 2019; Sin et al., 2016). 

Various mechanisms of mitophagy have been identified over the last decade. One of the 

first mechanisms identified is the PINK1/PRKN pathway, which is involved in the removal of 

damaged/depolarized mitochondria (Durcan & Fon, 2015). Alternatively, mitophagy-receptors 

have also been identified, and are implicated in the removal of mitochondria during cellular 

differentiation (Baechler et al., 2019; Sandoval et al., 2008; Schweers et al., 2007). The removal 

of the mitochondria is particularly relevant is specialized cells that have a high metabolic demand, 

such as muscle cells (i.e., myoblasts). Recent evidence from our lab (Baechler et al., 2019; 

McMillan & Quadrilatero, 2014), and others (Sin et al., 2016) demonstrates that a lack of 

autophagy or mitophagy severely inhibits myogenic differentiation. Furthermore, the lack of 

degradation of “immature” mitochondria is one of the major culprits that prevents the rebuilding 
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of the mitochondrial network needed for myogenic differentiation (Baechler et al., 2019; Sin et al., 

2016).  

The role of mitophagy is apparent during myogenic differentiation; however, emerging 

evidence suggests that the state of the mitochondrial network may be a regulatory mechanism for 

mitophagy. For instance, hyperfusion of mitochondria severely halts mitophagy, whereas the 

fragmentation of mitochondria plays an important preceding step for mitophagy (Twig & Shirihai, 

2011). Additionally, the fragmentation of mitochondria results in smaller, less functional 

mitochondria that exhibit lower membrane potential, which is a major signal for mitophagy (Twig 

& Shirihai, 2011). Conversely, hyperfusion of mitochondria present physical limitation for the 

autophagy machinery, and therefore, limiting mitophagic flux (Twig & Shirihai, 2011). 

Nevertheless, the regulation of the mitochondrial network and its regulatory role over mitophagy 

is only starting to be unraveled. Previous work from our lab has demonstrated that the inhibition 

of fission protein DNM1L significantly impairs myogenic differentiation (Bloemberg & 

Quadrilatero, 2016); however, it is unclear whether this is a result of reduced mitophagy. 

Moreover, the regulatory role of DNM1L on other mitochondrial remodeling processes remains 

elusive. 

Therefore, the purpose of the present study was to determine the regulatory role of DNM1L 

on mitochondrial remodeling processes during myogenic differentiation. We further questioned 

whether the overexpression of mitophagy or biogenesis markers can restore myogenic 

differentiation in a fission-deficient state. We also questioned whether increased mitochondrial 

fission could facilitate differentiation independent of BNIP3-mediated mitophagy. 
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Material and Methods 

Cell culture 

C2C12 murine myoblasts were cultured is similar conditions as previously described 

(Baechler et al., 2019; Bloemberg & Quadrilatero, 2016; McMillan & Quadrilatero, 2014). Cells 

were maintained in growth media consisting of low-glucose Dulbecco’s Modified Eagles Medium 

(DMEM) supplemented with 5% fetal bovine serum, 5% Serum Plus II, and 1% 

penicillin/streptomycin on polystyrene culture dishes. Differentiation was induced at 80% 

confluency with the addition of differentiation medium consisting of low-glucose DMEM 

supplemented with 2% horse serum and 1% penicillin/streptomycin. Cells were collected by 

trypsinization, centrifugation at 1000 x g, and stored at -80C until analyses.  

Knockout of Bnip3 in C2C12 was achieved with CRISPR/Cas9 vectors targeting mouse 

Bnip3. Guide RNA (gRNA) targets were identified using the following tools: Zhang Lab, MIT 

(https://zlab.bio/guide-design-resources), CCTop (https://cctop.cos.uni-heidelberg.de:8043/), and 

Off-Spotter (https://cm.jefferson.edu/Off-Spotter/). Two gRNA sequences were identified: First: 

5ʹGAGCCACCATGTCGCAGAGC(GGG), and 5ʹGGAGGAGAACCTGCAGGGTG(AGG). 

The following scramble sequence was used as a control vector: 

5ʹGCACTACCAGAGCTAACTCA. Corresponding oligonucleotides were constructed (Sigma) to 

allow cloning into the CRISPR/Cas9 vector pSpCas9(BB)-2A-puro (PX459) V2.0 (Addgene, 

62988), which uses a single gRNA. Cloning was confirmed by sequencing constructs (Center for 

Applied Genomics, Sick Kids Hospital, Toronto, Canada). 

 

 

 

https://zlab.bio/guide-design-resources
https://cctop.cos.uni-heidelberg.de:8043/
https://cm.jefferson.edu/Off-Spotter/
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Adenovirus Amplification and Precipitation 

Adenoviruses were amplified using HEK-293 cells in a similar manner as previously 

described (Baechler et al., 2019). Briefly, HEK-293 cells were grown until 60% confluency. 

Growth medium was refreshed, and the following adenoviruses were added at an MOI of 5: Ad-

GFP, Ad-LacZ, Ad-shDnm1l, Ad-DNM1L, Ad-BNIP3, Ad-GFP-PPARGC1A, and Ad-CMV-

COXVIII-EGFP-mCherry. Cells were incubated until 90% cytopathic effect (CPE) was observed 

and cells detached from the plate. The cell suspension was collected, centrifuged at 1000 x g for 

15 minutes and the supernatant was transferred to a fresh tube. The remaining cell pellet was 

resuspended in a small volume of PBS, freeze/thawed three times, and centrifuged at 3000 x g for 

15 minutes to pellet cellular debris. The resulting supernatant was pooled into the previously 

collected supernatant. Adenoviruses were precipitated using polyethylene glycol/NaCl (10% PEG-

8000 / 0.625M NaCl final concentration) or protamine sulfate-chondroitin sulfate C (100g/ml 

each) overnight on a rocker. The following day, tubes were centrifuged at 3000 x g for 30 minutes 

to pellet the adenovirus and the supernatant was discarded. All viruses were stored in PEG-PBS at 

-80C with no loss in viral titers after multiple freeze/thaw cycles. 

 

Adenoviral Transduction of Myoblasts 

All adenovirus experiments were performed in 24-well plates. C2C12 myoblasts were 

plated at 2x104 per well. On the subsequent day, cells were washed in PBS and adenoviruses were 

added at an MOI of 30-100 in serum-free DMEM supplemented with 8g/ml polybrene for 1-2 

hours at 37C. Following incubation, cells were washed in PBS to remove residual virus, and 

growth media was added to allow cells to recover from viral load. Cells were differentiated on the 

following day as described earlier. 
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Immunoblotting 

Immunoblotting was performed as previously described (Baechler et al., 2019; Bloemberg 

& Quadrilatero, 2016; McMillan & Quadrilatero, 2014; Paré et al., 2017). Pelleted cells were 

incubated in ice-cold lysis buffer (20mM HEPES, 10mM NaCl, 1.5mM MgCl2, 1mM DTT, 20% 

glycerol, 0.1% Triton-X100, pH 7.4) containing protease inhibitor and sonicated at 40 Hz for 10 

seconds. Protein content was determined using a BCA protein assay. Equal protein was loaded and 

separated using 8-12% SDS-PAGE, transferred on to PVDF membranes, and blocked with 2-5% 

non-fat milk powder in TBS-T at room temperature for 1 hour. Membranes were briefly rinsed 

and incubated overnight in primary antibodies against: BNIP3 (#3769, Cell Signaling), BNIP3L 

(#12396, Cell Signaling), MAP1LC3B/LC3B (#2775, Cell Signaling), GAPDH (#2118, Cell 

Signaling), OPA1 (#80471, Cell Signaling), MFN2 (#9482, Cell Signaling), DNM1L (#8570, Cell 

Signaling), SQSTM1 (PM045, MBL), PINK1 (sc-33796, Santa Cruz), VDAC1 (sc-390996, Santa 

Cruz), ANT1 (sc-9299, Santa Cruz), CYCS (sc-13256, Santa Cruz), ACT (S2066; Sigma), 

PPARGC1A (ST1202, Sigma), SOD1 (SOD-101, Stressogen), SOD1 (SOD-110, Stressogen), 

myosin heavy chain (MYH; MF-20, DSHB), and myogenin (MYOG; F5D, DSHB).  Following 

incubation, membranes were washed, and appropriate horseradish peroxidase-conjugated 

secondary antibody was applied at room temperature for 1 hour. Bands were visualized using ECL 

substrate on a ChemiDoc Imaging System.  

 

Immunocytochemistry 

Myosin heavy chain (MYH) was stained to determine differentiation capacity of 

myoblasts. Briefly, cells were differentiated for 5-days (D5), fixed in 4% formaldehyde, and 

blocked in 5% goat serum in PBS containing 0.1% Triton-X100 (PBS-T) at room temperature. 
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Anti-MYH (1:400; DSHB; MF-20) was applied for 2 hours at room temperature. Cells were 

washed with PBS-T prior to adding the appropriate Alexa Fluor secondary antibody and 

counterstaining with 300nM DAPI for 1 hour at room temperature. Cells were washed several 

times and 0.5ml of PBS added to each well prior to imaging. All images were collected using the 

Cytation 5 Imaging Multi-mode Reader at 20X magnification.  

 

Flow Cytometry 

Myoblasts were cultured on 24-well plates, treated with appropriate adenoviruses, and 

grown until confluent. Cells were differentiated for 24-hours (i.e., D1), collected, centrifuged, 

washed in PBS, and resuspended in PBS containing 1 g/L glucose with 50nM TMRE and 50nM 

MitoTracker Green (MTG) to determine mitochondrial membrane potential and content, 

respectively. Mitochondrial permeability transition pore (MPTP) formation was assessed by 

resuspending cells in PBS with 1g/L glucose containing 1M Calcein AM and 1mM CoCl2. CoCl2 

quenches Calcein fluorescence and is permeable to the plasma membrane but not the IMM (Ying 

et al., 2021). Therefore, healthy cells co-loaded with Calcein-AM and CoCl2 results in quenching 

of cytosolic Calcein Florescence without affecting mitochondrial fluorescence. In contrast, MPTP 

opening facilitates permeability of CoCl2, allowing it to pass the IMM and enter the mitochondrial 

matrix to quench Calcein fluorescence (i.e., reduces fluorescence). All samples were incubated at 

37C with gentle rocking for 30 minutes before being diluted in PBS with 2% BSA and analyzed 

using a BD FACSCalibur flow cytometer equipped with Cell Quest Pro software (BD Bioscience). 
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Confocal Microscopy  

C2C12 myoblasts were grown on Cultrex-coated coverslips in a 24-well plate and 

transduced in the same manner with the addition of Ad-CMV-COXVIII-EGFP-mCherry. The 

growth media was refreshed, and other adenoviruses were added as previously indicated. Cells 

were grown until 80% confluency, differentiated, and fixed in 4% formaldehyde. Coverslips 

containing cells were briefly washed in PBS and mounted on microscope slides using Fluoromount 

mounting medium. Ten to thirty cells were imaged on a Zeiss LSM 800 confocal microscope at 

63X magnification. Mitophagic area was determined using the threshold function on ImageJ.  

 

Mitochondrial Network Analysis 

 Confocal microscopy images were exported and subsequently analyzed using a custom 

macro developed for ImageJ. Firstly, merged channel images were converted to 8-bit grayscale 

format to standardize intensity values across all samples. These images underwent a deconvolution 

process using the Iterative Deconvolution 3D plugin, which applies a theoretical point spread 

function over ten iterations to correct for inherent optical distortion. To enhance the detectability 

of network features, the contrast of these images was increased. Following contrast enhancement, 

images were processed through a Gaussian Blur filter to reduce noise, enhancing feature extraction 

during subsequent analysis steps. The images were then converted into binary masks to isolate and 

define structural elements within the mitochondrial network. The refined images were analyzed 

using the Skeleton 2D/3D plugin to quantitatively assess network morphology. Quantitative data 

extracted from this analysis were compiled and saved into a spreadsheet format. A custom Python 

script was used to synthesize data from multiple spreadsheets. 
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Caspase and Calpain Activity Assay 

To measure caspase (CASP) and calpain (CAPN) activities, whole‐cell lysates were 

collected at D1 as described above in the absence of protease inhibitors. Samples were incubated 

in duplicates with 20μM of Ac‐DEVD‐AFC for CASP3 or Ac‐LEHD‐AFC for CASP9 in assay 

buffer (20 mM HEPES pH 7.4, 10 mM DTT, and 10% glycerol). For CAPN activity, samples were 

incubated in duplicates with 20μM of Suc-LLVY-AMC and Z-LL-CHO inhibitor in assay buffer 

for 2 hours at 30C. Fluorescence measurements were performed at room temperature using a 

Cytation 5 Imaging Multi‐Mode Reader. The AFC probe was measured with excitation and 

emission wavelengths at 400 and 505 nm, respectively. The AMC probe was measured with 

excitation and emission wavelengths at 360 and 440 nm, respectively. The fluorescence values 

were normalized to protein concentration of samples and expressed as fold changes in 

fluorescence. 

 

Statistics 

Statistical analyses were performed in GraphPad PRISM in a similar manner as previously 

described (Baechler et al., 2019; Bloemberg & Quadrilatero, 2016; McMillan & Quadrilatero, 

2014). T-tests were performed to assess differences in treatment within a given time-point. An 

alpha value of 0.05 was assigned for all analyses.  
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Results 

Overexpression of DNM1L promotes mitochondrial fragmentation, increased mitophagic flux, and 

reduced myotube size 

Dynamin 1 like protein (DNM1L) is a key regulator of myogenesis, playing a pivotal role 

in mitochondrial fission (Bloemberg & Quadrilatero, 2016; B. Kim et al., 2013). Its proper 

expression is crucial for ensuring normal myotube formation and mitochondrial function by also 

regulating mitophagy. We aimed to investigate the role of DNM1L and its impact on other 

mitochondrial remodeling parameters during myogenesis. To fully understand the role of DNM1L 

during myogenesis, we first questioned whether the targeted genetic overexpression (OE) of 

DNM1L would alter the mitochondrial network during myogenesis. To address this question, we 

transduced cells with Ad-DNM1L or control virus (Ad-LacZ) and examined several mitochondrial 

and myogenic parameters. Furthermore, we also transduced cells with Ad-CMV-COXVIII-GFP-

mCherry, a dual-fluorescence reporter virus used to accurately measure mitophagic flux.  

DNM1L OE resulted in early elevations in mitophagic flux (+75% at D0 and +58% at D1; 

p < 0.05) coinciding with marked mitochondrial fragmentation, as shown by reduced total 

mitochondrial network branch number (-27% at D0 and -14% at D1; p < 0.05) and junction number 

(-28% at D0 and -18% at D1; p < 0.05; Figure 1A-D). The mitochondrial network appeared to 

normalize by D2, accompanied by a non-significant reduction in mitophagic flux (-30%; p = 0.08; 

Figure 1B-D). This temporal pattern suggests a transient impact of DNM1L OE on mitochondrial 

dynamics and mitophagy. DNM1L OE did not alter MTG (i.e., mitochondrial mass) or normalized 

TMRE (i.e., mitochondrial membrane potential) fluorescence measures but reduced mitochondrial 

retention of Calcein-AM fluorescence (-23%; p < 0.05) suggesting the induction of mitochondrial 

permeability transition pore (MPTP) opening at D1 (Figure 1E-J). Interestingly, this was 
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accompanied by reduced caspase 9 (CASP9; -9%; p < 0.05) activity, without affecting caspase 3 

(CASP3) or calpain (CAPN) activity at D1 (Figure 1K-M). This shows that DNM1L-mediated 

fission also influences mitochondrial apoptotic signaling, perhaps independent of MPTP opening.  

 

Figure 1: DNM1L OE induces mitochondrial fragmentation and upregulation of mitophagy during myogenesis. 

A) Representative images of myoblasts transduced with Ad‐CMV‐COXVIII‐EGFP‐mCherry to detect 

mitophagic flux. Mitochondria are dual‐labeled EGFP and mCherry (i.e., yellow). EGFP is degraded during the 

breakdown of the mitochondria resulting in red fluorescence only (i.e., red puncta) and is indicative of mitophagic 

flux. Scale bar indicates 5 μm. Quantification of B) mitophagic area, C) total mitochondrial branch count, and D) 
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total mitochondrial junction count per cell. Representative histograms and quantification of E-F) MitoTracker 

Green (MTG) fluorescence, G-H) TMRE fluorescence, and I-J) Calcein-AM + CoCl2 fluorescence. 

Quantification of K) caspase 9 (CASP9), L) caspase 3 (CASP3), and M) calpain (CAPN) activities at D1. * p < 

0.05 compared to Ad-LacZ group within the same time point. n = 4-30 per group. 

 

DNM1L OE led to a significant reduction in myotube size at D5 (-23%; p < 0.05) without 

affecting the differentiation or fusion indices (Figure 2A-D). This suggests that while DNM1L 

plays a critical role in myotube formation, its overexpression primarily impacts cell size rather 

than the differentiation process itself. Additionally, we observed no changes in SQSTM1 but early 

elevations in LC3B-II levels (+100% at D0 and +24% at D3; p < 0.05), likely signaling an initial 

increase in autophagic activity (Figure 2E-H). Although there was a decline in LC3B-II:I ratio by 

D5, this change was not statistically significant (p = 0.08) (Figure 2I). Despite these changes, there 

were no alterations in proteins related to mitochondrial biogenesis (i.e., PPARGC1A) or 

mitophagy (i.e., BNIP3, BNIP3L, and PINK1) (Figure 3A-E). However, DNM1L OE was 

associated with reductions in key mitochondrial molecules including cytochrome c (CYCS), and 

superoxide dismutase 2 (SOD2) at D3 and D5 (p < 0.05; Figure 3K & 3M), perhaps indicating 

impairments in mitochondrial electron transport efficiency and antioxidant capacity in the newly 

formed myotubes. 
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Figure 2: DNM1L OE does not modify myogenesis but reduces myotube size. A) Representative myosin heavy 

chain (MYH; red) and DAPI (blue) stain of D5 myotubes. Scale bar indicates 100 μm. Quantification of B) 

MYH+ area, C) differentiation index, and D) fusion index. Representative immunoblot E) and quantification of 

F) SQSTM1, G) LC3B-I, H) LC3B-II, and I) LC3B-II:I. * p < 0.05 compared to Ad-LacZ group within the same 

time point. n = 4-12 per group. 
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Figure 3: Molecular changes in mitochondrial remodeling proteins in response to DNM1L OE. Representative 

immunoblots A) and quantification of B) PPARGC1A, C) BNIP3, D) BNIP3L, E) PINK1, F) OPA1, G) MFN2, 

H) DNM1L, I) VDAC1, J) ANT1, K) CYCS, L) SOD1, and M) SOD2. * p < 0.05 compared to Ad-LacZ group 

within the same time point. n = 4 per group. 

 

 

Loss of DNM1L impairs mitophagic flux, limits myogenesis and increases mitochondrial apoptotic 

signaling 

Previous work has utilized pharmacological and genetic approaches to limit DNM1L-

mediated mitochondrial fission via treatment of cells with mdivi-1 or dominant negative 
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DNM1LK38A (Bloemberg & Quadrilatero, 2016; B. Kim et al., 2013). To further understand the 

regulatory role of DNM1L on mitochondrial remodeling during myogenesis, we used an 

adenovirus approach to knockdown (KD) DNM1L. Utilizing the dual-fluorescence reporter virus 

in Ad-LacZ and Ad-shDnm1l transduced cells, we showed that DNM1L KD suppressed 

mitophagic flux at D0 (-63%; p < 0.05) and D1 (-57%; p < 0.05; Figure 4A-B). This correlated 

with increased in mitochondrial branch number (+25% at D0 and +15% at D2; p < 0.05; Figure 

4C) and junction number (+36% at D0, +26% at D1, and +21% at D2; p < 0.05; Figure 4D). 

Moreover, DNM1L KD was associated with increased MTG fluorescence (+19%; p < 0.05) and 

no changes in normalized TMRE fluorescence (Figure 4E-H). These data suggest that DNM1L 

KD alters mitochondrial dynamics, shifting towards a hyperfused morphology. The hyperfused 

morphology appears to limit mitochondrial degradation without significantly affecting the 

mitochondrial membrane potential. Interestingly, DNM1L KD resulted in increased Calcein-AM 

retention in mitochondria (+69%; p < 0.05), suggestive of reduced MPTP opening (Figure 4I-J). 

We also observed reduced CAPN activity (-25%; p < 0.05), while significantly elevated CASP9 

(+87%; p < 0.05) and CASP3 (4-fold increase; p < 0.05) activities at D1 in DNM1L KD cells 

(Figure 4K-M). These findings indicate that DNM1L KD affects apoptotic pathways, potentially 

shifting the balance towards increased CASP activity in response to failed mitochondrial 

fragmentation and/or mitophagic flux.  
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Figure 4: DNM1L KD suppresses mitochondrial fission and mitophagy during myogenesis. A) Representative 

images of myoblasts transduced with Ad‐CMV‐COXVIII‐EGFP‐mCherry to detect mitophagic flux. 

Mitochondria are dual‐labeled EGFP and mCherry (i.e., yellow). EGFP is degraded during the breakdown of the 

mitochondria resulting in red fluorescence only (i.e., red puncta) and is indicative of mitophagic flux. Scale bar 

indicates 5 μm. Quantification of B) mitophagic area, C) total mitochondrial branch count, and D) total 

mitochondrial junction count per cell. Representative histograms and quantification of E-F) MitoTracker Green 

(MTG) fluorescence, G-H) TMRE fluorescence, and I-J) Calcein-AM + CoCl2 fluorescence. Quantification of 

K) caspase 9 (CASP9), L) caspase 3 (CASP3), and M) calpain (CAPN) activities at D1. * p < 0.05 compared to 

Ad-LacZ group within the same time point. n = 4-30 per group. 
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Similar to previous findings (Bloemberg & Quadrilatero, 2016; B. Kim et al., 2013), we 

showed that DNM1L KD significantly reduces myotube size (-55%; p < 0.05), differentiation (-

40%; p < 0.05) and fusion (-45%; p < 0.05) indices at D5 (Figure 5A-D). Accompanying this 

reduction, we observed depressed LC3B-II levels at D3 (-28%; p < 0.05) and a decline in the 

LC3B-II:I ratio at D5 (-36%; p < 0.05) in DNM1L KD cells, perhaps hinting at impaired 

autophagosome formation (Figure 5E-I). This indicates that DNM1L is crucial for proper myotube 

formation, and its reduction disrupts the formation and growth of myotubes. Additionally, DNM1L 

KD led to approximately 50% reduction in key remodeling molecules including PPARGC1A and 

BNIP3 throughout the differentiation time course (p < 0.05; Figure 6A-C), although PINK1 levels 

increased at D5 (+64%; p < 0.05; Figure 6E). We also observed other changes in signaling like 

reduced MFN2 levels at D5 (-31%; p < 0.05; Figure 6G), reduced SOD2 at D3 (-13%; p < 0.05; 

Figure 6M), and increased SOD1 at D0 (+90%; p < 0.05; Figure 6L) in DNM1L KD cells; 

however, the changes in these molecules remain largely ambiguous.  
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Figure 5: DNM1L KD impairs myogenic differentiation. A) Representative myosin heavy chain (MYH; red) and 

DAPI (blue) stain of D5 myotubes. Scale bar indicates 100 μm. Quantification of B) MYH+ area, C) 

differentiation index, and D) fusion index. Representative immunoblot E) and quantification of F) SQSTM1, G) 

LC3B-I, H) LC3B-II, and I) LC3B-II:I. * p < 0.05 compared to Ad-LacZ group within the same time point. n = 

4-12 per group. 
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Collectively, these data underscore the complex role of DNM1L in regulating myotube 

size, myoblast differentiation, mitochondrial dynamics, and apoptosis. The observed alterations in 

mitochondrial structure and function provide new insights into the cellular mechanisms regulated 

by DNM1L and highlight the importance of balanced DNM1L expression for maintaining 

mitochondrial function and myogenesis. 

 

Figure 6: Molecular changes in mitochondrial remodeling proteins in response to DNM1L KD. Representative 

immunoblots A) and quantification of B) PPARGC1A, C) BNIP3, D) BNIP3L, E) PINK1, F) OPA1, G) MFN2, 

H) DNM1L, I) VDAC1, J) ANT1, K) CYCS, L) SOD1, and M) SOD2. * p < 0.05 compared to Ad-LacZ group 

within the same time point. n = 4 per group. 
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Overexpression of BNIP3 promotes mitophagic flux and suppresses mitochondrial apoptotic 

signaling in fission-deficient myoblasts during differentiation 

Given the role of DNM1L in regulating mitophagy and myogenesis, we questioned whether 

OE of the critical mitophagy receptor BNIP3, which we have previously shown to be important in 

myogenesis (Baechler et al., 2019), would enhance mitophagy and modify the myogenic response 

to fission deficiency. Despite the known dependence of BNIP3-induced mitophagy on fission (Lee 

et al., 2011), BNIP3 OE was sufficient to promote mitophagy in DNM1L KD cells (+320% at D0, 

+75% at D1, and +42% at D2; p < 0.05; Figure 7A-B). Additionally, BNIP3 OE resulted in a slight 

reduction in the number of mitochondrial branches per cell were observed at D0 (p = 0.08) and D1 

(p = 0.09), hinting the potential role of BNIP3 on mitochondrial fragmentation independent of 

DNM1L (Figure 7C). This slight morphological change was accompanied by increased MTG 

fluorescence (+29%; p < 0.05; Figure 7E-F), suggesting greater mitochondrial mass, while the 

normalized TMRE fluorescence was reduced at D1 (-19%; p < 0.05; Figure 7G-H). Furthermore, 

BNIP3 OE in fission-deficient cells reduced CASP3 (-29%; p < 0.05) and CASP9 (-15%; p < 0.05) 

activities, without affecting mitochondrial Calcein-AM retention (i.e., MPTP opening) or CAPN 

activity at D1 (Figure 7I-M). Collectively, these findings indicate that the upregulation of 

mitophagy, mediated by BNIP3 OE, may attenuate apoptotic pathways by facilitating the 

degradation of dysfunctional mitochondria. 
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Figure 7: BNIP3 OE activates mitophagy and suppresses CASP activity in fission-deficient cells. A) 

Representative images of myoblasts transduced with Ad‐CMV‐COXVIII‐EGFP‐mCherry to detect mitophagic 

flux. Mitochondria are dual‐labeled EGFP and mCherry (i.e., yellow). EGFP is degraded during the breakdown 

of the mitochondria resulting in red fluorescence only (i.e., red puncta) and is indicative of mitophagy. Scale bar 

indicates 5 μm. Quantification of B) mitophagic area, C) total mitochondrial branch count, and D) total 

mitochondrial junction count per cell. Representative histograms and quantification of E-F) MitoTracker Green 

(MTG) fluorescence, G-H) TMRE fluorescence, and I-J) Calcein-AM + CoCl2 fluorescence. Quantification of 

K) caspase 9 (CASP9), L) caspase 3 (CASP3), and M) calpain (CAPN) activities at D1. * p < 0.05 compared to 

Ad-LacZ group within the same time point. n = 4-30 per group. 

 

BNIP3 OE in fission-deficient cells did not affect myotube size, differentiation, or fusion 

indices (Figure 8A-D). Additionally, BNIP3 OE did not alter parameters of bulk autophagy, as 
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evidenced by unchanged levels of SQSTM1 and LC3B (Figure 8E-I). These data indicate that the 

role of BNIP3 on progressing myogenesis and signaling general autophagic pathways is limited in 

the absence of mitochondrial fission. Additionally, BNIP3 OE resulted in decreased levels of 

PPARGC1A at the mid/late stages of differentiation (-60% at D3, -90% at D5; p < 0.05; Figure 

9A-B), while simultaneously increasing PINK1 levels but not to a significant degree (Figure 9E). 

BNIP3 OE in fission-deficient cells did not alter other markers of mitochondrial dynamics (OPA1 

and MFN2) or mitochondrial proteins (Figure 9F-M). This highlights that while BNIP3 can 

enhance mitophagy in fission-deficient cells, its OE alone is not sufficient to compensate for the 

deficiencies in mitochondrial fission, nor to broadly impact myogenesis in these cells. 
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Figure 8: BNIP3 OE in fission-deficient cells does not modify myogenic differentiation. A) Representative myosin 

heavy chain (MYH; red) and DAPI (blue) stain of D5 myotubes. Scale bar indicates 100 μm. Quantification of 

B) MYH+ area, C) differentiation index, and D) fusion index. Representative immunoblot E) and quantification 

of F) SQSTM1, G) LC3B-I, H) LC3B-II, and I) LC3B-II:I. * p < 0.05 compared to Ad-LacZ group within the 

same time point. n = 4-12 per group. 
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Figure 9: Molecular changes in mitochondrial remodeling proteins in response to BNIP3 OE in fission-deficient 

cells. Representative immunoblots A) and quantification of B) PPARGC1A, C) BNIP3, D) BNIP3L, E) PINK1, 

F) OPA1, G) MFN2, H) DNM1L, I) VDAC1, J) ANT1, K) CYCS, L) SOD1, and M) SOD2. * p < 0.05 

compared to Ad-LacZ group within the same time point. n = 4 per group. 

 

PPARGC1A OE exacerbates myogenic defects in fission-deficient cells 

Myogenesis is accompanied by significant mitochondrial remodeling, the result of which 

is a mitochondrial network that is adept to provide energy at a high enough level to meet the 

demands of the newly formed myotube (Rahman & Quadrilatero, 2021b, 2021a). As a result, we 
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questioned whether the OE of the master regulator of mitochondrial biogenesis PPARGC1A could 

overcome the need for mitochondrial fission and mitophagy to aid in maturation of the 

mitochondrial network to meet the increased energetic demand of myogenesis.  

 To our surprise, PPARGC1A OE in fission-deficient cells significantly exacerbates 

myogenic defects, leading to reduced myotube size (-20%; p < 0.05), differentiation (-33%; p < 

0.05), and fusion indices (-34%; p < 0.05; Figure 10A-D). This was accompanied by initial 

elevations in LC3B-I (+75% at D0, +117% at D3; p < 0.05) and LC3B-II (210% at D0, 150% at 

D3; p < 0.05); however, SQSTM1 levels were only reduced at D0 (p = 0.07), and the overall 

LC3B-II ratio was elevated only at D0 (p = 0.06; Figure 10E-I). This indicates that while 

PPARGC1A generally supports mitochondrial mass/function, its OE disrupts myogenesis when 

fission is impaired, highlighting the need for sequential activation of mitochondrial remodeling 

processes during myogenesis. The results may also suggest a temporary autophagic response that 

is not sustained over time in fission-deficient cells. 
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Figure 10: PPARGC1A OE in fission deficient cells exacerbates myogenic defects associated with fission-

deficiency. A) Representative myosin heavy chain (MYH; red) and DAPI (blue) stain of D5 myotubes. Scale bar 

indicates 100 μm. Quantification of B) MYH+ area, C) differentiation index, and D) fusion index. Representative 

immunoblot E) and quantification of F) SQSTM1, G) LC3B-I, H) LC3B-II, and I) LC3B-II:I. * p < 0.05 

compared to Ad-GFP group within the same time point. n = 4-12 per group. 
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PPARGC1A OE in fission-deficient cells resulted in increased levels of mitophagy 

receptors, such as BNIP3 (+148% at D0, +278% at D3; p < 0.05) and BNIP3L (+227% at D0, 

101% at D3; p < 0.05; Figure 11A-D). In addition to these changes, PPARGC1A OE was 

associated with elevated levels of mitochondrial dynamic proteins OPA1 and MFN2, along with 

increased levels of mitochondria-related proteins including VDAC1, ANT1, CYCS, and SOD1/2 

in fission-deficient cells (Figure F-M). Elevated mitophagy receptor levels may suggest the cells 

are attempting to remove damaged mitochondria more efficiently. Alternatively, increased levels 

of mitophagy receptors may be a consequence of a larger mitochondrial pool and could simply be 

a by-product of mitochondrial biogenesis.  
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Figure 11: Molecular changes in mitochondrial remodeling proteins in response to PPARGC1A OE in fission-

deficient cells. Representative immunoblots A) and quantification of B) PPARGC1A, C) BNIP3, D) BNIP3L, E) 

PINK1, F) OPA1, G) MFN2, H) DNM1L, I) VDAC1, J) ANT1, K) CYCS, L) SOD1, and M) SOD2. * p < 0.05 

compared to Ad-GFP group within the same time point. n = 4 per group. 

 

Enhanced mitophagic flux and fission are insufficient to recover myogenesis in Bnip3-/- cells 

To further understand the complex interaction between mitochondrial remodeling 

processes, we questioned whether DNM1L OE could signal mitochondrial remodeling and recover 

myogenesis independent of BNIP3-mediated mitophagy. We found that DNM1L OE in Bnip3-/- 

cells increased mitophagic flux in differentiating myoblasts at D1 (+42%; p < 0.05) and D2 (+41%; 
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p < 0.05), concomitant with a reduction in the total number of mitochondrial branches (-13% at 

D0 and 14% at D1; p < 0.05; Figure 12A-D). This coincides with our earlier results demonstrating 

enhanced mitophagic flux in DNM1L OE cells (Figure 1); however, this is unique because the 

enhanced mitophagic flux independent of BNIP3 suggests alternative mitophagy mediated 

mechanisms that are active in these cells. Furthermore, DNM1L OE in Bnip3-/- cells led to 

decreased MTG fluorescence (-22%; p < 0.05), TMRE fluorescence (-27%; p < 0.05), and 

activities of CASP3 (-40%; p < 0.05), CASP9 (-27%; p < 0.05), and CAPN activities (-38%; p < 

0.05), while also reducing mitochondrial MPTP opening at D1 (+15%; p < 0.05; Figure 12E-M). 

These findings collectively indicate a role of DNM1L in modulating mitochondrial function and 

downstream mitochondrial apoptotic signaling during myogenic differentiation independent of 

BNIP3-mediated mitophagy. 
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Figure 12: DNM1L OE in Bnip3-/- cells increases mitochondrial fragmentation and mitophagy. A) Representative 

images of myoblasts transduced with Ad‐CMV‐COXVIII‐EGFP‐mCherry to detect mitophagic flux. 

Mitochondria are dual‐labeled EGFP and mCherry (i.e., yellow). EGFP is degraded during the breakdown of the 

mitochondria resulting in red fluorescence only (i.e., red puncta) and is indicative of mitophagy. Scale bar indicates 

5 μm. Quantification of B) mitophagic area, C) total mitochondrial branch count, and D) total mitochondrial 

junction count per cell. Representative histograms and quantification of E-F) MitoTracker Green (MTG) 

fluorescence, G-H) TMRE fluorescence, and I-J) Calcein-AM + CoCl2 fluorescence. Quantification of K) caspase 
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3 (CASP3), L) caspase 9 (CASP9), and M) calpain (CAPN) activities at D1. * p < 0.05 compared to Ad-LacZ 

group within the same time point. n = 4-30 per group. 

 

We also show that DNM1L OE in Bnip3-/- cells does not recover defects observed in 

myotube size, differentiation, or fusion indices (Figure 13A). This suggests that BNIP3 plays a 

crucial role in myogenesis, with its influence possibly extending beyond its known function in 

mitophagy. Alternatively, the direct targeting of mitophagic flux in Bnip3-/- cells could be the key 

to restoring myogenesis. Nonetheless, we show that DNM1L OE in Bnip3-/- cells was associated 

with reduced levels of LC3B-I (-50% at D3 and -47% at D5; p < 0.05) and alterations in LC3B-II 

(+80% at D0, -35% at D3 and -50% at D5; p < 0.05) during differentiation, indicating rapid 

changes in autophagosome formation (Figure 13B-F). Interestingly, DNM1L OE in Bnip3-/- cells 

does not alter the levels of key proteins related to mitochondrial biogenesis (i.e., PPARGC1A), 

mitophagy (i.e., BNIP3L, PINK1), mitochondrial dynamics (i.e., OPA1, MFN2), or other 

mitochondrial-related molecules (i.e., VDAC1, ANT1, CYCS, SOD1, and SOD2) (Figure 14A-

L). This suggests that DNM1L may specifically affect mitochondrial quality control mechanisms 

rather than broader aspects of mitochondrial remodeling including mitochondrial biogenesis in 

Bnip3-/- cells.  
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Figure 13: DNM1L OE in Bnip3-/- cells does not modify myogenic differentiation. A) Representative myosin 

heavy chain (MYH; red) and DAPI (blue) stain of D5 cells. Scale bar indicates 100 μm. Representative 

immunoblot B) and quantification of C) SQSTM1, D) LC3B-I, E) LC3B-II, and F) LC3B-II:I. * p < 0.05 

compared to Ad-LacZ group within the same time point. n = 4 per group. 
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Figure 14: Molecular changes in mitochondrial remodeling proteins in response to DNM1L OE in Bnip3-/- cells. 

Representative immunoblots A) and quantification of B) PPARGC1A, C) BNIP3L, D) PINK1, E) OPA1, F) 

MFN2, G) DNM1L, H) VDAC1, I) ANT1, J) CYCS, K) SOD1, and L) SOD2. * p < 0.05 compared to Ad-LacZ 

group within the same time point. n = 4 per group.  



 66 

 

Discussion 

Robust cellular remodeling is a fundamental aspect that underpins myogenesis. A critical 

component of this remodeling process is mitochondrial remodeling, which is crucial in ensuring 

the energy demands of newly formed myotubes are met to fully support its physiological functions. 

Despite the recognized importance of mitochondrial remodeling in myogenesis (Rahman & 

Quadrilatero, 2021b, 2021a), the precise mechanisms and interactions within this process remain 

inadequately understood. In the present study, we provide evidence that mitochondrial remodeling 

processes must occur in a specific, sequential order for effective myogenesis. Our findings indicate 

that: 1) alterations in mitochondrial fission regulates mitophagy and the progression of 

myogenesis, 2) the overexpression of mitophagy or biogenesis-related molecules alone does not 

compensate for defects associated with fission-deficiency, underscoring the necessity of proper 

mitochondrial fission during myogenesis, and 3) the overexpression of DNM1L in BNIP3-

deficient cells fails to rescue differentiation or signal other mitochondrial remodeling processes. 

These data highlight the intricate balance required among mitochondrial dynamics processes for 

successful muscle cell differentiation. This sequential coordination of mitochondrial remodeling 

processes is required for the efficient progression of myogenesis, providing new insights into the 

cellular mechanisms underlying in vitro myotube formation. 

 

Alterations in mitochondrial fission modulate mitophagy and progression of myogenesis 

Mitochondrial fission is a critical process that ensures proper mitochondrial distribution 

and function within cells, playing a vital role in maintaining cellular energy balance and 

homeostasis. This dynamic remodeling of mitochondria facilitates the removal of damaged 

mitochondria through mitophagy and supports the generation of higher functioning mitochondria 
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(Barbieri et al., 2011; Rahman & Quadrilatero, 2021b, 2021a; Robinson et al., 2019; Sin et al., 

2016; Vertel & Fischman, 1977). Changes in mitochondrial dynamics can significantly affect the 

differentiation of various cell types by disrupting mitochondrial function and energy production. 

In certain cell types, a shift towards mitochondrial fusion is essential for efficient differentiation, 

such as in induced pluripotent stem cells (iPSCs) and immune cells (Buck et al., 2016; Hoque et 

al., 2018). In this context, the fusion of the mitochondrial network is necessary to reprogram the 

cells and enhance OXPHOS (Buck et al., 2016; Hoque et al., 2018). A similar form of metabolic 

reprogramming is observed in muscle cells during differentiation. However, there appears to be a 

greater need for mitochondrial fission, especially during the early stages of the differentiation 

program, to support the metabolic reprogramming of these cells (Schwarten et al., 2009). The need 

for mitochondrial fission is also corroborated by more recent work in muscle stem cells (i.e., 

satellite cells) that lack DNM1L (Hong et al., 2022). This study demonstrated that in vivo 

regeneration is accompanied by a temporal increase in DNM1L to aid in satellite cell proliferation 

via activation of mitophagy (Hong et al., 2022). Conversely, the loss of DNM1L-mediated fission 

in satellite cells significantly limits mitophagy and activation of satellite cells; thereby, leading to 

an impaired regenerative response (Hong et al., 2022). Taken together, it is clear that mitochondrial 

dynamics are important in cellular differentiation.   

There is strong evidence indicating that impaired mitochondrial fission is detrimental to 

myogenic differentiation. (Bloemberg & Quadrilatero, 2016; B. Kim et al., 2013); however, there 

is less direct evidence linking the role of mitochondrial hyper-fragmentation during myogenesis. 

By extrapolating results from developmental studies utilizing a DNM1L OE mouse model, we can 

gain insights into the role of DNM1L in regulating muscle formation. Previous studies have 

demonstrated that DNM1L OE impaired muscle development in young mice by preventing the 
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maturation of the mitochondrial network (Giovarelli et al., 2020; Touvier et al., 2015). Our data 

indicate a similar pattern, showing a reduction in MYH+ area in DNM1L OE cells, suggesting a 

decrease in myotube size without affecting the differentiation or fusion of muscle cells. We show 

that the reduction in myotube size appears to be linked to the increased fragmentation of the 

mitochondrial network, particularly during the early phase of the differentiation program, which 

is also associated with enhanced mitophagic flux. Interestingly, although previous studies suggest 

that mitochondrial fission is a preceding step to cell death (Suen et al., 2008), our findings indicate 

that DNM1L OE reduces CASP9 activity; albeit while increasing MPTP opening. The reasons 

behind this paradox are not fully understood. One possibility is the persistence of "dysfunctional" 

mitochondria that have not been effectively targeted for mitophagy. Alternatively, MPTP opening 

may be sensitive to changes in the overall mitochondrial network morphology. Supporting this 

idea, previous research has demonstrated that inhibition of mitochondrial fission can prevent 

MPTP opening, whereas ablation of MFN2, leading to increased mitochondrial fragmentation, 

heightens the susceptibility to MPTP opening in cardiomyocytes (Ong et al., 2010; Papanicolaou 

et al., 2011). Nonetheless, DNM1L OE decreased OPA1 and MFN2 levels during the mid-stage 

of myotube formation (i.e., Day 3), while also reducing mitochondrial-specific molecules like total 

CYCS and SOD2 during the mid/late stage of myogenesis (i.e., Days 3 and 5). We found no 

changes in the mitochondrial biogenesis marker PPARGC1A or other mitophagy-related 

molecules in DNM1L OE cells, suggesting a lack of crosstalk between these mechanisms. 

Nonetheless, our DNM1L OE data indicates that mitochondrial fission directly impacts mitophagic 

flux in differentiating cells; however, it is unknown if DNM1L actively promotes recruitment of 

mitophagy-related molecules to the mitochondria following fission.  
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Previous studies have investigated the role of mitochondrial fission in regulating 

myogenesis through the chemical inhibition of DNM1L or transfection using a dominant negative 

DNM1LK38A in vitro (Bloemberg & Quadrilatero, 2016; B. Kim et al., 2013). These studies have 

consistently shown significant defects in myogenesis and the activation of cellular apoptosis 

(Bloemberg & Quadrilatero, 2016; B. Kim et al., 2013). For instance, increasing concentrations of 

mdivi-1 resulted in a stepwise decline in myogenic markers, including MYOG, and reduces MYH 

formation in C2C12 cells and primary myoblasts (Bloemberg & Quadrilatero, 2016; B. Kim et al., 

2013). Transfection of cells with dominant negative DNM1LK38A showed an identical reduction in 

myotube formation as mdivi-1 treatment (B. Kim et al., 2013). Our findings are in direct alignment 

with these studies, demonstrating impaired differentiation, fusion, and overall myotube size in 

DNM1L KD cells. These defects appear to be coupled with a hyperfused mitochondrial network 

and suppressed mitophagic flux. Furthermore, we observed consistent activation of CASP9 and 

CASP3, suggesting the activation of intrinsic apoptotic signaling. These results are consistent with 

previous work from our lab (Bloemberg & Quadrilatero, 2016) and others (Inoue-Yamauchi & 

Oda, 2012; B. Kim et al., 2013), which link impaired mitochondrial fission to the activation of 

CASP3 and elevated TUNEL+ nuclei in cells. Unlike the earlier results from the present study 

showing little to no change in mitochondrial remodeling proteins with DNM1L OE (Figure 3), 

DNM1L KD significantly suppresses several molecules, including PPARGC1A, BNIP3, MFN2, 

and SOD2. This suggests that the lack of mitochondrial fission can signal, probably indirectly, 

several other mitochondrial remodeling processes. Collectively, these data indicate that 

mitochondrial fission is crucial not only for the progression of myogenesis but also for maintaining 

mitochondrial and cellular function, potentially by regulating key signaling pathways and protein 

degradation mechanisms. 
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Overexpressing molecules involved in mitophagy or biogenesis are insufficient to rescue myogenic 

defects due to fission-deficiency 

In the present study, we have established the necessity of mitochondrial fission for 

myogenesis. We then aimed to determine if modifying other mitochondrial remodeling processes, 

particularly mitophagy and biogenesis, could improve differentiation in DNM1L-independent 

mechanisms. As discussed earlier, mitophagy is at the center of the myogenic differentiation 

program such that the activation of mitophagy is required for downstream activation of other 

processes like biogenesis (Baechler et al., 2019). Furthermore, cellular defects and a loss of 

differentiation potential are observed when mitophagy is either directly or indirectly suppressed, 

as seen in aged cells or autophagy-deficient cells (Baechler et al., 2019; García-Prat et al., 2016; 

Hong et al., 2022). Therefore, it stands to reason that suppression of mitophagy in a fission-

deficient state could be countered with the OE of mitophagy-related molecules. Since previous 

work from our lab has emphasized the importance of the mitophagy receptor BNIP3, we 

questioned if BNIP3 OE could counter the defects observed in fission-deficient cells by enhancing 

mitophagy. Overexpressing BNIP3 in fission-deficient cells enhanced mitophagic flux but failed 

to recover myogenic defects. Interestingly, BNIP3 OE in these cells also led to decreased activity 

of CASP3 and CASP9, potentially due to improvements in the mitochondrial network stemming 

from the enhanced mitophagic flux. However, these findings contrast with prior studies in 

cardiomyocytes, where BNIP3 OE did not activate mitophagy in either fission-deficient cells or 

cells with hyperfused mitochondria (Lee et al., 2011). Interestingly, BNIP3 OE in fission-deficient 

cells led to a reduction in PPARGC1A levels and nonsignificant increases in PINK1. This 

observation may suggest potential crosstalk between BNIP3 and other signaling pathways, 

including those involved in mitochondrial biogenesis and alternative mitophagy mechanisms.  
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To date, no studies have specifically investigated PPARGC1A OE in fission-deficient cells. 

Nevertheless, previous work has established a relationship between autophagy and PPARGC1A 

during myogenic differentiation (Baechler et al., 2019; Sin et al., 2016). For example, our group 

has observed decreased PPARGC1A levels in autophagy-deficient and Bnip3-/- cells, indicating 

that impaired autophagy or mitophagy may disrupt mitochondrial biogenesis signaling pathways 

(Baechler et al., 2019). This finding is supported by other studies that demonstrate enhanced 

nuclear localization of PPARGC1A during the later stages of myogenesis (Sin et al., 2016). 

Additionally, inhibition of autophagy by bafilomycin A has been shown to restrict the nuclear 

translocation of PPARGC1A (Sin et al., 2016). The current study further supports these 

observations by documenting reduced PPARGC1A expression in fission-deficient cells, 

suggesting an interaction between mitochondrial fission and biogenesis signaling pathways. 

Previous findings have also shown that mitochondrial biogenesis facilitates the renewal of the 

mitochondrial network following mitophagy, thereby producing more functionally efficient 

mitochondria that meet the energetic demands of myotubes (Sin et al., 2016). In our experiments, 

overexpressing PPARGC1A in fission-deficient cells significantly hindered myogenic 

differentiation, a process associated with increased levels of autophagosome proteins, mitophagy 

receptors, dynamics proteins, and other mitochondrial-related molecules. These results indicate 

that while PPARGC1A OE can enhance biogenesis, it may negatively impact myogenesis in the 

absence of proper mitochondrial fission and subsequent mitophagy.  

 

BNIP3 governs myogenic differentiation beyond its role in mitophagy  

Based on the data presented, it appears that efficient mitochondrial fission and mitophagy 

are essential for myogenesis. In the absence of mitochondrial fission, significant defects in 
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mitophagy occur, leading to impaired myogenesis. Previous research from our group has 

demonstrated that disruptions in autophagic flux or the absence of the mitophagy receptor BNIP3 

impedes the myogenic program of cells, and suppresses the expression of fission-related proteins 

such as DNM1L (Baechler et al., 2019). Consequently, we investigated whether elevating DNM1L 

levels in Bnip3-/- cells could influence myogenesis parameters, and if enhanced mitochondrial 

mitophagy could trigger additional mechanisms, such as mitochondrial biogenesis, to promote 

myogenesis in these cells. Although prior studies have established that fission is necessary for 

BNIP3-mediated mitophagy (Lee et al., 2011); to our knowledge, the effect of DNM1L OE on 

enhancing mitophagy independently of BNIP3 has not been examined. Contrary to expectations, 

we observed that Bnip3-/- cells continued to show mitophagic activity but failed to differentiate 

into myotubes. This finding aligns partially with earlier findings from our group, which noted 

differentiation defects in Bnip3-/- cells; however, mitophagic flux was not explored (Baechler et 

al., 2019).  In the present study, DNM1L OE led to increased mitochondrial network fragmentation 

(i.e., reduced branching) and enhanced mitophagic flux, yet it did not restore myogenic 

differentiation in these cells. This observation suggests a potential requirement for BNIP3 in 

regulating myogenic differentiation, possibly through its roles in mitophagy or the modulation of 

other signaling cascades. Interestingly, the persistence of mitophagic flux in Bnip3-/- cells indicates 

the activation of alternative mitophagy pathways. Moreover, this observation aligns with existing 

knowledge that multiple redundant mitophagy pathways exist, which can compensate for the loss 

of a single molecule (Lampert et al., 2019; K. Liu et al., 2022). This redundancy highlights the 

complexity of studying mitophagy mechanisms.  

Upon detailed examination of mitochondrial function, we noted a decline in mitochondrial 

membrane potential, previously associated with increased mitochondrial fragmentation. 
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Concurrently, we observed diminished MPTP opening and CASP9, CASP3, and CAPN activities. 

These findings imply a potential reduction in mitochondrial apoptotic signaling associated with 

alterations in the mitochondrial network. This alteration could potentially mitigate some network 

defects linked to the absence of BNIP3. Notably, the present study also demonstrates for the first 

time that DNM1L OE does not significantly affect mitochondrial biogenesis, the expression of 

mitochondrial fusion-related proteins, or other mitochondrial-associated proteins. Collectively, 

our results indicate that while DNM1L can enhance mitochondrial fragmentation, it is insufficient 

to modify other mitochondrial remodeling processes or to facilitate the differentiation of BNIP3-

deficient myoblasts.  
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Conclusion 

This study explored the complex interplay between mitochondrial remodeling processes 

and myogenesis, revealing that the orchestrated regulation of mitochondrial fission, mitophagy, 

and biogenesis is fundamental to efficient muscle cell differentiation. We show that mitochondrial 

fission acts as a pivotal gateway that facilitates subsequent cellular processes such as the efficient 

removal of damaged mitochondria through mitophagy and the renewal of mitochondrial networks 

via biogenesis. We demonstrate that genetic alterations in the expression of key mitochondrial 

remodeling proteins, such as BNIP3 and PPARGC1A, though critical, are insufficient on their own 

to address defects in myogenesis due to DNM1L KD. This suggests that a lack of proper fission 

disrupts the foundational architecture required for initiating effective mitochondrial remodeling 

processes, specifically mitophagy, which is needed for the progression of myogenesis. Insights 

from this study highlight a potential therapeutic angle, emphasizing the need for strategies that can 

restore or enhance the natural sequence of mitochondrial remodeling, ensuring that each phase 

contributes positively to myogenesis. These strategies could be particularly beneficial in treating 

muscular diseases where mitochondrial dysfunction is a contributing factor, offering a route to 

enhance muscle repair and functional recovery through targeted modulation of mitochondrial 

dynamics. 
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Chapter 3: Role of Mitochondrial Remodeling During 

Postnatal Muscle Development   
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Project Rationale and Objectives 

Skeletal muscle development is characterized by the rapid growth of muscle mass, and 

maturation of myofibers (i.e., greater myonuclei count, myonuclear domain, mitochondrial 

network complexity, etc.) (Bakeeva et al., 1978; Y. Kim, Yang, et al., 2019; Luff & Atwood, 

1971). As skeletal muscle develops, the mitochondrial network changes dramatically. For instance, 

the mitochondrial network is parallel to the myofiber shortly after birth but changes to a 

perpendicular structure as the skeletal muscle develops (Y. Kim, Yang, et al., 2019). Although 

some studies have characterized aspects of mitochondrial remodeling during postnatal 

development (Bakeeva et al., 1978; Y. Kim, Yang, et al., 2019; Y. Kim et al., 2024; Luff & 

Atwood, 1971), the mechanism for this remodeling is unclear. Based on these findings alone, it 

remains unclear how mitophagy influences mitochondrial remodeling, a process we have 

previously demonstrated. This includes how autophagy and mitophagy signaling regulate 

differentiation and whether changes in other mitochondrial remodeling processes occur during 

postnatal development. 

 

Therefore, the main objectives for Project 2 were:  

1. To characterize mitochondrial remodeling during postnatal development of skeletal 

muscle. 

2. To determine the role of autophagy/mitophagy-deficiency on mitochondrial remodeling 

during postnatal development.  
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I hypothesized that: 

1. Postnatal development would be accompanied by an initial stage of mitochondrial turnover 

via mitophagy followed by biogenesis and formation of higher functioning mitochondria 

in skeletal muscle. 

2. Atg7-deficiency would prevent the initiation of mitophagy and biogenesis during postnatal 

development, leading to incomplete maturation of the mitochondrial network and 

significant mitochondrial dysfunction.  

 

 

Method Figure 1: Study design for Project 2, Objectives 1 and 2. Young mice from the mt-Keima purebred line 

(Objective 1) were collected at the following postnatal time-points: P7, P14, P21, and P42. Atg7f/f:ACTA1-Cre 

line (Objective 2) were collected at P42. White muscles were collected and analyzed as outlined in the Material 

and Methods section. Results from these experiments characterized mitochondrial remodeling during 

development, and the influence of the autophagy machinery in regulating the mitochondrial network.   
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Introduction 

The development of skeletal muscle occurs at different stages of life. During embryonic 

development, the dermomyotome gives rise to PAX3+/PAX7+ muscle progenitor cells that 

proliferate and activate into committed myogenic cells, called myoblasts (Buckingham et al., 

2003). Following birth, skeletal muscle continues to grow (i.e., hypertrophy) and is accompanied 

by the proliferative activity of myogenic cells (Gattazzo et al., 2020). These cells can donate their 

nuclei to the growing myofibers to increase the overall number of myonuclei and expanding their 

myonuclear domain (Bachman & Chakkalakal, 2022; White et al., 2010). In mice, the first three 

weeks of postnatal development is accompanied by rapid increase in body weight up to 8-fold, 

half of which is due to the increase in muscle mass (Gokhin et al., 2008). Unsurprisingly, postnatal 

development of skeletal muscle is also accompanied by a robust increase in mitochondrial protein 

content (Y. Kim, Yang, et al., 2019), signifying an increase in energy demand. Importantly, there 

is a change in mitochondrial morphology during postnatal development. For example, the 

mitochondrial network changes from a parallel to a perpendicular morphology relative to the 

myofiber (Bakeeva et al., 1978; Y. Kim, Yang, et al., 2019). 

The development of the mitochondrial network may be attributed to the dynamic balance 

of mitochondrial remodeling processes, including mitochondrial dynamics and turnover. The 

importance of these processes has been signified during skeletal muscle development using 

experimental models. For instance, the muscle-specific knockout of Dnm1l, Opa1, and Mfn1/2, 

proteins involved in mitochondrial fission and fusion, exhibit a dramatically reduced lifespan and 

is associated with defects in muscle growth and mitochondrial dysfunction (H. Chen et al., 2010; 

Favaro et al., 2019; Tezze et al., 2017). Although there is a clear change in mitochondrial 

morphology during postnatal development, the same is not entirely understood with respect to 
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mitochondrial turnover (i.e., mitophagy and biogenesis). To date, there are no studies investigating 

muscle-specific mitophagy deficiency and its implications on muscle development. Previous work 

from our lab has demonstrated that constitutive knockout of Atg7, an important autophagy protein, 

can result in smaller and weaker muscles (Paré et al., 2017); however, its link to mitophagy and 

the mitochondrial network is unknown. Additionally, there is emerging evidence suggesting the 

role of mitophagy as an initiator of mitochondrial biogenesis in myoblasts (Baechler et al., 2019; 

Sin et al., 2016), albeit more work is needed to fully understand this mechanism with respect to 

postnatal muscle development.   

The purpose of this study was to investigate the role of mitochondrial remodeling during 

postnatal skeletal muscle development. The current study explored the role of constitutive 

autophagy-deficiency and its implication on mitochondrial remodeling processes during postnatal 

muscle development.   
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Material and Methods 

RNA Sequencing Analysis 

Publicly available RNA sequencing datasets were retrieved from the Gene Expression 

Omnibus (GEO) database (accession number GSE1025). Initial quality control was based on 

exclusion criteria including adapter contamination and low-quality bases. Gene-level expression 

was quantified and analyzed using the DESeq2 package in RStudio. Differential expression was 

determined with an adjusted p-value of <0.05 and a minimum log2 fold change of >1, identifying 

significantly differentially expressed genes. Enrichment of biological processes and pathways was 

assessed using the clusterProfiler package, with tests against Gene Ontology (GO) terms. Pathways 

were considered significantly enriched at a corrected p-value of <0.05. Visualization of the results, 

including volcano plots, heatmaps, and barplots, was conducted using GraphPad PRISM software.  

 

Animals  

Mt-Keima animals with a FVB background were kindly gifted by Torin Finkel (Sun et al., 

2015, 2017). These animals are a valuable tool for studying mitophagy since they express the 

fluorescent Keima protein conjugated to the COX8 subunit found within complex IV in the IMM. 

The unique feature of the Keima molecule is its dual-excitation, single-emission fluorescence, 

which changes depending on the pH of its environment. Under neutral pH conditions, as found in 

the cytosol, Keima is excited at 488 nm. In the acidic conditions of the lysosome, where 

mitochondria are degraded, the excitation shifts to 561 nm. This shift allows for precise monitoring 

of mitophagy. Additionally, the resistance of this molecule to lysosomal degradation enhances the 

accuracy of mitophagic flux measurements. Pure-bred mt-Keima pups from were examined at 

several postnatal timepoints (P7, P14, P21, and P42) during the initial characterization. Weaning 
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took place at P21, and as a result it was difficult to determine biological sex using anogenital 

distance at the earlier timepoints. All pups were randomly selected at P7 and P14 timepoints. Equal 

number of male and female animals were collected at P21 and P42. 

In additional experiments, C57BL/6 homozygous for the floxed Atg7 allele (Atg7f/f; kindly 

gifted by Dr. Herbert Virgin) were crossed with carriers of the constitutive skeletal muscle-specific 

Cre recombinase under the control of the actin alpha 1 promotor (i.e., ACTA1-Cre; kindly gifted 

by Dr. Karyn Esser). Breeding of these animals ultimately generated a constitutive skeletal muscle-

specific Atg7 knockout model (i.e., Atg7f/f:ACTA1-Cre; hereby called skmKO). Atg7f/f littermates 

were used as controls (i.e., CTRL). Given the low ACTA1 levels and lack of early developmental 

defects observed in previous work until P40 (Masiero et al., 2009), we decided to collect these 

animals at P42 to understand the effect of Atg7-deficiency on young skeletal muscle. Furthermore, 

mt-Keima animals were also bred with Atg7f/f animals to generate a Atg7f/f:mt-Keima line. These 

animals were once again crossed with ACTA1-Cre to ultimately generate Atg7f/f:mt-Keima:ACTA1-

Cre that were used to measure mitophagic flux.  

Animals were given free access to food and water. All animal procedures were conducted 

in accordance with the standards set by the Canadian Council on Animal Care (CCAC) and were 

approved by the Animal Care Committee (ACC) at the University of Waterloo.  

 

Isolation of Skeletal Muscle  

The tibialis anterior (TA), gastrocnemius (GAS), quadricep (QUAD), and triceps brachii 

muscles were rapidly excised from animals. One TA was stored in BIOPS buffer (2.77mM 

CaK2EGTA, 7.23mM K2EGTA, 5.77mM Na2ATP, 6.56mM MgCl2-6H2O, 20mM taurine, 15mM 

Na2PCr, 20mM imidazole, 0.5mM DTT, 50mM K-MES) on ice for respirometry and confocal 
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microscopy. The contralateral TA was embedded in OCT and frozen in isopentane cooled by liquid 

nitrogen for histological analyses. One GAS and QUAD muscle from each animal was snap frozen 

in liquid nitrogen for immunoblot analyses of whole tissues, while the others were stored in PBS-

EDTA solution (10mM EDTA in 1X PBS, pH 7.4) for mitochondrial fractionation. Triceps were 

only used for mass measurements. 

 

Live Myofiber Imaging and Mitophagy Flux Analyses 

The tibialis anterior (TA) muscle was manually separated into bundles in BIOPS buffer on 

ice. Bundles were rapidly transferred to #1 coverslips and carefully separated to allow maximal 

contact of muscle bundle to the coverslip. A thin layer of 0.8% agarose gel was placed on top of 

the bundles to prevent movement during imaging. Five to ten fields consisting of 3-5 myofibers 

were imaged on a Zeiss LSM 800 confocal microscope at 40X magnification. Individual excitation 

wavelengths were used to minimize overlap between fluorescent channels. An excitation 

wavelength of 488nm was used to determine healthy mitochondria (pH ~7; green), whereas an 

excitation wavelength of 561nm was used to determine mitochondria undergoing mitophagy (pH 

~4; red). Emission wavelengths remained the same at 620nm. Puncta count and size were 

determined in each field using the automated Particle Analysis function in ImageJ. 

 

High-Resolution Respirometry with Simultaneous ROS Measurements 

The TA muscle was separated under a stereomicroscope into bundles using very fine tipped 

forceps in ice-cold BIOPS buffer. Bundles were permeabilized in 50g/ml of saponin in 1.5ml 

BIOPS buffer for 30 minutes on ice with gentle rocking. Muscle bundles (1-3mg) were then 

transferred to 1.5ml of buffer Z (105mM K-MES, 30mM KCl, 1mM EGTA, 10mM K2HPO4, 5mM 
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MgCl2-6H2O, 5mg/ml BSA, pH 7.1) to wash prior to respirometry experiments. Oxygen 

consumption and mitochondrial hydrogen peroxide (mH2O2) emission was measured in buffer Z 

supplemented with 10M blebbistatin, 10M Amplex Red, 5U/ml horseradish peroxidase, and 

10U/ml superoxide dismutase using an Oxygraph-2K equipped with a LED2 fluorometry module. 

Experiments were conducted at 37C in a 2ml chamber that was hyperoxygenated to ~350uM. 

Reverse electron flow was determined with the addition of 10mM succinate, followed by 5mM 

pyruvate and 2.5mM malate. Maximal coupled respiration was stimulated with the addition of 

5mM ADP. Cytochrome C was added to ensure outer membrane integrity. mH2O2 emission was 

calibrated from a standard curve established with the same reaction conditions.   

 

Mitochondrial Fractionation 

GAS and QUAD muscles were chopped on a stainless-steel board using a razor for one 

minute. The tissue was transferred back into the same tube containing 5ml of PBS with 10mM 

EDTA (PBS-EDTA solution) and centrifuged at 500g for 5 minutes. The supernatant was 

discarded, and the muscles were digested in 0.05% trypsin in PBS-EDTA solution for 5 minutes 

on ice. The trypsin solution was removed by centrifugation at 500g for 5 minutes. Digested 

muscles were resuspended in mitochondrial isolation buffer (100mM KCl, 50mM MOPS, 5mM 

MgSO4-7H2O, 1mM EGTA, 2mg/ml BSA, pH 7.4) and homogenized using a Teflon homogenizer 

equipped on a drill press set to 200rpm for 5-10 strokes. The homogenized tissue was subjected to 

low-speed centrifugation (~700 x g) to pellet large debris and the supernatant was transferred to 

ultracentrifuge tubes and spun at 10,000g for 15 minutes at 4C. The resulting pellet constituted 

the mitochondrial pellet and was resuspended in mitochondrial isolation buffer without BSA 

before being transferred to 1.5ml microcentrifuge tubes and spun at 10,000g for 5 minutes. The 
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resulting pellet was washed and centrifuged three times in mitochondrial isolation buffer without 

BSA to remove any cytosolic protein. After the final spin, the supernatant was aspirated, and the 

pellets were frozen in liquid nitrogen.  

 

Immunoblotting 

Snap frozen muscle samples were divided into 20-30mg portions and stored in separate 

tubes. Muscle samples were crushed into a powder using a liquid nitrogen-cooled pestle and 

mortar, and transferred to 1.5ml tubes containing 5 volumes of lysis buffer (20mM HEPES, 10mM 

NaCl, 1.5mM MgCl2, 1mM DTT, 20% glycerol, 0.1% Triton-X100, pH 7.4) with protease 

inhibitor. Mitochondrial enriched fractions were resuspended in lysis buffer with protease inhibitor 

and sonicated at 40 Hz for 10 seconds on ice to dissolve any membranal structures. Protein content 

was determined using a BCA protein assay. Equal protein was loaded and separated using 8-12% 

SDS-PAGE, transferred on to PVDF membranes, and blocked with 2-5% non-fat milk powder in 

TBS-T at room temperature for 1 hour. Membranes were briefly rinsed and incubated overnight in 

primary antibodies against: BNIP3 (#3769, Cell Signaling), BNIP3L (#12396, Cell Signaling), 

ATG7 (#8558, Cell Signaling), MAP1LC3B/LC3B (#2775, Cell Signaling), GAPDH (#2118, Cell 

Signaling), OPA1 (#80471, Cell Signaling), MFN2 (#9482, Cell Signaling), DNM1L (#8570, Cell 

Signaling), FOXO3A (#9467, Cell Signaling), p-FOXO3A (#9465, Cell Signaling), AMPK 

(#2532, Cell Signaling), p-AMPK (#2535, Cell Signaling), P70S6K (#2708, Cell Signaling), p-

P70S6K (#9204, Cell Signaling), AKT1 (#9272, Cell Signaling), p-AKT1 (#9275, Cell Signaling), 

SQSTM1 (PM045, MBL), PINK1 (sc-33796, Santa Cruz), PRKN (sc-32282, Santa Cruz), 

VDAC1 (sc-390996, Santa Cruz), ANT1 (sc-9299, Santa Cruz), CYCS (sc-13256, Santa Cruz), 

TFAM (sc-166965, Santa Cruz), PPARGC1A (ST1202, Sigma), SOD1 (SOD-101, Stressogen), 
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SOD1 (SOD-110, Stressogen), and 4HNE (ab46545). Following incubation, membranes were 

washed, and appropriate horseradish peroxidase-conjugated secondary antibody was applied at 

room temperature for 1 hour. Bands were visualized using ECL substrate on a ChemiDoc Imaging 

System.  

 

Caspase, Calpain, and Proteasomal Activity Assay 

To measure caspase (CASP), calpain (CAPN) and proteasomal activities, whole‐cell 

lysates were collected as above in the absence of protease inhibitors. Samples were incubated in 

duplicates with 20μM of Ac‐DEVD‐AFC for CASP3 or Ac‐LEHD‐AFC for CASP9 in assay 

buffer (20 mM HEPES pH 7.4, 10 mM DTT, and 10% glycerol). For CAPN activity, samples were 

incubated in duplicates with 20μM of Suc-LLVY-AMC and Z-LL-CHO inhibitor in assay buffer 

for 2 hours at 30C. For 20S proteasomal activity, samples were incubated in duplicates with 20μM 

of Suc-LLVY-AMC and MG-132 inhibitor in proteasome assay buffer (50mM Tris/HCl, 25mM 

KCl, 10mM NaCl, 1mM MgCl2; pH 7.5) for 1 hour at 30C. Fluorescence measurements were 

performed at room temperature using a Cytation 5 Imaging Multi‐Mode Reader. The AFC probe 

was measured with excitation and emission wavelengths at 400 and 505 nm, respectively. The 

AMC probe was measured with excitation and emission wavelengths at 360 and 440 nm, 

respectively. The fluorescence values were normalized to protein concentration of samples and 

expressed as fold changes in fluorescence. 

 

Immunofluorescence Fiber Type Analysis  

Following collections, TA muscles were embedded in OCT compounds (Tissue Tek), 

frozen in isopentane cooled by liquid nitrogen and stored at -80C until analysis. Ten-micron 
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cryosections were cut, mounted onto microscope slides and maintained at -20C until staining. For 

staining, slides were dried at room temperature, circumscribed with a hydrophobic pen and blocked 

using 10% goat serum in PBS. Slides were incubated at room temperature with antibodies against 

type IIA (SC-71, DSHB), type IIX (6H1, DSHB), and dystrophin (MANDYS1, DSHB) for 2 

hours. Slides were washed three times with PBS and incubated at room temperature with 

appropriate secondary antibodies. Following incubation with secondary antibodies, slides were 

washed three times and mounted with Fluoromount mounting medium. Fiber cross-sectional area 

(CSA) and fiber counts was quantified using ImageJ. 

 

Grip Strength Measurement 

Grip strength was assessed as an indicator of muscle strength using a custom-built grip 

apparatus. The grip apparatus featured a custom 3D-printed design using PLA filament and 

incorporated a micro load cell connected to an HX711 amplifier, all managed by an Arduino Uno 

microcontroller. The microcontroller was programmed using the Arduino IDE to record peak grip 

efforts at 3-second intervals. Data were saved to a spreadsheet for subsequent analysis. Maximal 

forelimb grip strength was determined from 3-5 trials per animal. Data are presented in gram-force 

(gf). 

 

Statistics 

Statistical analyses were performed in GraphPad PRISM. T-tests were performed to 

compare developmental changes from all groups compared to P7. T-tests were also performed to 

compare CTRL to skmKO. An alpha value of 0.05 was considered statistically significant. 
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Results 

Postnatal muscle development exhibits significant changes in the genetic signature related to 

mitochondria 

Postnatal muscle growth and development is a complex physiological process 

characterized by both hypertrophy of existing myofibers and the remodeling of muscle 

architecture. Postnatal remodeling is crucial for accommodating larger myofibers and adapting to 

new functional demands, ensuring that muscle growth during postnatal development enhances 

functionality and resistance to stress. Due to the limited number of studies on postnatal muscle 

development, we aimed to adopt a comprehensive approach to investigate this process. We 

performed RNA sequencing (RNAseq) analyses on developing skeletal muscle from the GEO 

database (GSE1025). These data were collected from the gastrocnemius-soleus complex (GS) of 

young mice ranging from postnatal day 7 (P7) to postnatal day 112 (P112). Our RNAseq analysis 

of approximately 12,000 genes identified 950 differentially expressed genes (DEGs) during this 

developmental period. Among the DEGs, we found several genes related to extracellular 

remodeling, muscle growth, metabolism and overall cellular signaling (Figure 1A-C). It is 

interesting to note that among the top 950 DEG, only two of them are directly related to remodeling 

process of autophagy and mitophagy, namely Atg7 (rank 222/950) and Bnip3 (rank 21/950; 

highlighted in Figure 1C), respectively. It is interesting to note that Atg7 expression declined 

approximately 5-fold during postnatal muscle development between P7 and P112, whereas Bnip3 

expression increased approximately 8-fold.  

Further analysis of the RNAseq dataset using Gene Ontology (GO) analyses revealed 7402 

upregulated genes and 5992 downregulated genes (Figure 1D) related to major biological 

processes involved in growth related remodeling processes (i.e., muscle-specific, metabolism, 
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apoptosis, mitochondria-related, autophagy, and UPS). Specifically, we observed the upregulation 

of genes associated with biological processes related to metabolism and mitochondrial components 

during development (Figure 1E-F). Conversely, there was a downregulation of genes involved in 

de novo muscle formation, cellular growth, and other cellular remodeling components (Figure 1E-

F). Together, these data establish that postnatal development was marked by significant 

mitochondrial remodeling, as indicated by the upregulation of genes related to metabolic processes 

and mitochondrial components. This suggests that changes at the mitochondrial level play a crucial 

role in the overall development of skeletal muscle during the postnatal period. 
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Figure 1: RNA sequencing analysis of gastrocnemius-plantaris muscle during development. A) Representative 

visualization of genes analyzed from the publicly available Gene Expression Omnibus database (Accession ID: 

1025). B) Volcano plot displaying differential gene expression in skeletal muscle. The horizontal line delineates a 

significance threshold of p < 0.05. Vertical lines mark a z-score change greater than Log2. Green labels indicate 

upregulated differentially expressed genes (DEGs), while red labels indicate downregulated DEGs. C) List of top 
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50 DEGs identified by DESeq2 analysis. D) Gene ontology analyses and donut graph outputs summarizing 

changes in genes associated with five major remodeling processes: muscle remodeling, metabolism, apoptosis, 

mitochondria, autophagy, and the ubiquitin proteasome system (UPS). A total of 7402 genes related to these 

processes are upregulated while 5992 genes related to these processes are downregulated. E) Gene ontology 

analyses output of the number of genes linked to the top five upregulated (green) and downregulated (red) 

biological processes. F) Gene ontology analyses output of the number of genes linked to the top five upregulated 

(green) and downregulated (red) cellular components. CTRL indicates control animals. IM indicates animals 

collected following 7-days of immobilization. n = 3 per group. 

  

Postnatal muscle development is accompanied by greater mitophagic flux and enhanced 

mitochondrial function 

Given the fact that significant changes to mitochondrial-related gene profiles from the 

RNASeq analyses, we were interested in understanding the changes that occur at the mitochondrial 

level and their relation to muscle development. To further investigate these physiological changes, 

we collected muscles from neonatal pure-bred mt-Keima mice from P7 to P42 to understand the 

muscle growth pattern (Figure 2A). We observed a steady rate of growth with respect to body mass 

and muscle mass from P7 to P21 (Figure 2B-F). Importantly, we found a 2-fold increase in body 

mass and muscle mass from P21 to P42 (Figure 2B-F). This increased muscle mass and CSA were 

also accompanied by enhanced grip strength during development (Figure 2G). Closer analyses 

revealed significant myofiber hypertrophy within the TA, as shown by increased mean CSA of 

type IIA, IIX and IIB fibers.  Once again, the most significant change observed was approximately 

a 2-fold increase in myofiber CSA between P21 and P42 (Figure 2H-I). Myofiber type distribution 

remained identical in IIX and IIB fibers; however, relative proportion of IIA fibers decreased at 

P42 compared to P7 in TA muscles (Figure 2J).  
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Figure 2: Changes in skeletal muscle during postnatal development of mt-Keima mice. A) Representative 

visualization of collection timepoints. Quantification of B) Body mass, relative muscle mass of C) tibialis anterior 

(TA), D) gastrocnemius, E) quadriceps, and F) triceps, and G) peak forelimb grip strength. H) Representative 

immunofluorescent images of TA muscles from P7 to P42 animals. Samples were stained with antibodies specific 

for individual myosin heavy chain isoforms: type IIA (green), type IIX (red), type IIB (unstained), and dystrophin 

(DMD; red). Scale bars indicate 50 μm. I-J) Quantification of mean cross-sectional area (CSA) and distribution of 

type IIA, IIX, and IIB myofibers. * p < 0.05 compared to P7 group. n = 4-8 per group. 

  

To link the changes in postnatal muscle growth to mitochondrial remodeling, we performed 

live imaging of bundles collected from the TA muscle of mt-Keima reporter mice. We observed 

greater mitophagic flux throughout the developmental time course (Figure 3A). Specifically, we 
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found increased mitophagic (i.e., red) puncta count at P21 that remained elevated at P42 (Figure 

3B), while the average red puncta size only increased at P42 compared to P7 (Figure 3C). Further 

investigation into mitochondrial function using high-resolution respirometry with simultaneous 

fluorometry measurements of reactive oxygen species (ROS) revealed a consistent pattern during 

postnatal development. We detected greater maximal oxygen consumption rate (OCR) at P21 and 

P42 compared to P7 (Figure 3D). Interestingly, succinate-stimulated (S-stimulated) and succinate 

plus pyruvate/malate-stimulated (S+PM-stimulated) mH2O2 emission was only elevated at P21 

(~2-fold) compared to P7 and returned to similar levels by P42 (Figure 3E-F). The fraction of 

electron leak steadily declined and was significantly depressed at P42 compared to P7 (-50%; 

Figure 3G), suggesting improved electron transport efficiency. To further dissect the mechanism 

of mitophagy in developing muscles, we collected mitochondrial-enriched fractions and probed 

for select autophagy and mitophagy markers. We found mitochondrial localization of LC3B-II 

increased alongside BNIP3, PINK1, and PRKN during the developmental period (Figure 3I-N). 

Interestingly, mitochondrial BNIP3L declined rapidly after P7 and was virtually undetectable from 

P14 onwards (Figure 3L). These findings suggest that the developmental increase in muscle mass 

involves hypertrophic growth that may be driven by divergent changes in multiple signaling 

pathways. Additionally, the fractionation data align with the mitophagic flux data, indicating a 

coordinated regulation of mitochondrial remodeling during postnatal muscle development. 

Together, these data suggest that changes at the mitochondrial level may play a crucial role in the 

overall development of skeletal muscle during the postnatal period. 
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Figure 3: Postnatal development-associated changes in mitophagy and mitochondrial function. A) Representative 

confocal images of mitophagic flux from TA muscles of mt-Keima reporter mice. Green fluorescence indicates 

healthy mitochondria. Red fluorescence indicates degrading mitochondria. Scale bar indicates 25 μm. B) 

Quantification of mitophagic (i.e., red) puncta count per field. C) Quantification of average individual mitophagic 

puncta size. D) Quantification of maximal oxygen consumption rate (i.e., respiration) of permeabilized bundles 

from TA muscles. Simultaneous quantification of E) succinate-stimulated hydrogen peroxide (H2O2) production, 

and F) succinate + pyruvate/malate-stimulated H2O2 production in permeabilized TA muscle bundles. G) 

Quantification of mitochondrial fraction of electron leak. H) Quantification of oxidative phosphorylation 

(OXPHOS) coupling. I) Quantification of LC3B-II from mitochondrial-enriched fractions. J) Representative 

immunoblots of mitochondrial fractions derived from GAS. Quantification of K) BNIP3, L) BNIP3L, M) PINK1, 

and N) PRKN from mitochondrial-enriched fractions. * p < 0.05 compared to P7 group. n = 4-8 per group. 

 

Changes in mitochondrial remodeling processes complement postnatal muscle development 

As noted in the above results, we observe a direct link between muscle growth and 

mitophagic flux. Although these signals are intuitively opposed (i.e., growth signal vs. degradative 

signal), we questioned whether there were any changes in upstream signaling kinases that regulate 

muscle growth (i.e., anabolic) and degradative (i.e., catabolic) pathways. Upon closer examination 

of the major kinases involved in anabolic and catabolic signaling pathways, an interesting pattern 
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emerged. The levels of total and phosphorylated FOXO3A (Ser318/321) exhibited a gradual 

decrease from P7 to P42, leading to no significant change in the ratio of phosphorylated to total 

FOXO3A in mt-Keima mice (Figure 4A-D). In contrast, total AMPK showed a notable increase 

throughout the developmental period from P7 to P42, accompanied by a decrease in 

phosphorylated AMPK (Thr172), resulting in an overall reduction in the ratio of phosphorylated 

to total AMPK (Figure 4E-G). While the total protein levels of the growth signaling kinase 

P70S6K declined only at P42, phosphorylated P70S6K (Thr421/424) levels were elevated at P21 

and P42, resulting in higher ratios of phosphorylated to total P70S6K at these time points in mt-

Keima mice (Figure 4H-J). Interestingly, we observed a consistent increase in total and 

phosphorylated AKT1 (Thr308), particularly at P21 and P42. However, this increase did not 

translate into a higher ratio of phosphorylated to total AKT1 at P21; instead, there was a decrease 

in this ratio (Figure 4K-M). These data suggest that the ability of muscle to balance growth and 

degradation processes may involve fine-tuning of signaling pathways beyond mere upregulation 

of anabolic signaling. 
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Figure 4: Quantitative analysis of upstream kinases in skeletal muscle during development. A) Representative 

immunoblots of whole muscle lysate derived from GAS of mt-Keima mice. Quantitative analysis of B) FOXO3A, 

C) p-FOXO3A (Ser318/321), D) p:total FOXO3A, E) AMPK, F) p-AMPK (Thr172), G) p:total AMPK, H) 

P70S6K, I) p-P70S6K (Thr421/424), J) p:total P70S6K, K) AKT1, L) p-AKT1 (Thr308), and M) p:total AKT1 

* p < 0.05 compared to P7. n = 6 per group. 

  

Next, we measured protein levels of major molecules related to mitochondrial remodeling. 

We found a steady decline in markers of mitochondrial biogenesis (PPARGC1A and TFAM; 

Figure 5A-C) and select mitophagy-related molecules (BNIP3L and PRKN; Figure 5E & 5G) 

during postnatal muscle development from P7 to P42. Interestingly, we observed significant 

elevations in the mitophagy receptor BNIP3 (> 2-fold) and no changes in PINK1 (Figure 5D & 

5F). Changes in mitochondrial remodeling also include changes in mitochondrial dynamics. Upon 

assessing levels of OPA1, MFN2, and DNM1L, we observed a slight shift towards mitochondrial 
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fusion (Figure 5H-J). OPA1 was elevated at P14 and P21 compared to P7 before returning to 

baseline levels by P42 (Figure 5H). In contrast, DNM1L significantly decreased at P21 and 

remained depressed at P42 compared to P7 (Figure 5J), suggesting potential changes in 

mitochondrial dynamics that may modulate mitochondrial structure and function. Furthermore, we 

found reductions in the OMM molecule VDAC1, particularly at P21 and P42, whereas the IMM 

molecule ANT1 significantly increased from P14 to P42 (Figure 5K-L). Additionally, an elevation 

in CYCS was observed at P14, which returned to P7 levels by P21 (Figure 5M). We also observed 

mild yet significantly elevated levels of SOD1 and SOD2 at P42 (Figure 5N-O), along with a 

steady increase in the lipid peroxidation molecule 4-hydroxynonenal (4HNE; Figure 5P). 

Autophagy molecules SQSTM1 and LC3B-I declined steadily throughout the postnatal 

development periods, with no changes in LC3B-II (Figure 5Q-S). The overall LC3B-II:I ratio 

increased dramatically throughout the developmental period, suggesting increased autophagy 

activation (Figure 5T). These results suggest a complex interplay between growth processes and 

mitochondrial dynamics, potentially mediated by nuanced alterations in both mitophagic and 

biogenesis pathways. 
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Figure 5: Quantitative analysis of mitochondrial remodeling proteins in skeletal muscle during development. A) 

Representative immunoblots of whole muscle lysate derived from GAS of mt-Keima mice. Quantitative analysis 

of B) PPARGC1A, C) TFAM, D) BNIP3, E) BNIP3L, F) PINK1, G) PRKN, H) OPA1, I) MFN2, J) DNM1L, 

K) VDAC1, L) ANT1, M) CYCS, N) SOD1, O) SOD2, P) 4HNE, Q) SQSTM1, R) LC3B-I, S) LC3B-II, and 

T) LC3B-II:I. * p < 0.05 compared to P7. n = 6 per group. 
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Autophagy-deficiency abolishes mitophagic flux, modifies mitochondrial remodeling signals, yet 

spares overall muscle development 

Given the observed increase in autophagy/mitophagy-related molecules during muscle 

development, we sought to investigate this further. Recognizing that mitophagy can occur through 

various mechanisms, we broadened our approach to study changes in autophagy-deficient mice. 

We questioned whether autophagy-deficiency would negatively affect muscle growth by altering 

mitochondrial remodeling processes. In doing so, we generated a constitutive skeletal muscle-

specific knockout (skmKO) mice by crossing Atg7f/f mice with ACTA1-Cre mice, while Atg7f/f 

mice were also used as controls (CTRL) (Figure 6A). Despite no differences in body mass or 

muscle mass (i.e., TA, gastrocnemius, quadriceps, or triceps) between P42 CTRL and skmKO 

mice (Figure 6B-F), we observed a reduction in grip strength in skmKO animals (Figure 6G), 

consistent with our previous findings (Paré et al., 2017). Fiber type analyses revealed 

compensatory hypertrophy in type IIX fiber CSA without changes in type IIA or IIB fiber CSA 

and no shift in fiber type distribution (Figure 6H-J).  
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Figure 6: Developmental changes in muscles from young CTRL (Atg7f/f) and skmKO (Atg7f/f:ACTA1-Cre) mice. 

A) Representative visualization of genotypes collected at P42. Quantification of B) Body mass, relative muscle 

mass of C) tibialis anterior (TA), D) gastrocnemius, E) quadriceps, and F) triceps, and G) peak forelimb grip 

strength. H) Representative immunofluorescent images of TA muscles from P42 CTRL and skmKO animals. 

Samples were stained with antibodies specific for individual myosin heavy chain isoforms: type IIA (green), type 

IIX (red), type IIB (unstained), and dystrophin (DMD; red). Scale bars indicate 50 μm. I-J) Quantification of mean 

cross-sectional area (CSA) and distribution of type IIA, IIX, and IIB myofibers. * p < 0.05 compared to CTRL 

group. n = 4-8 per group. 
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Autophagy-deficiency completely ablated skeletal muscle mitophagic flux in young P42 

skmKO crossed with mt-Keima reporter mice (Figure 7A). In this autophagy-deficient model, we 

observed no changes in maximal respiration, mH2O2 emission, or electron leak fraction, suggesting 

normal mitochondrial function (Figure 7B-E). Changes in the mitochondrial localization of 

autophagy and mitophagy molecules showed a significant reduction in LC3B-II (-90%; Figure 7F 

& 7H) without impacting mitochondrial localization of BNIP3, PINK1, or PRKN (Figure 7I-L). 

Moreover, this shows that tagging of mitochondria by BNIP3, PINK1, and PRKN occurs 

independently of autophagy. 

The absence of phenotypic changes in young skmKO mice despite total ablation of 

mitophagic flux led us to question whether alternative degradative pathways are compensating for 

the lack of autophagy. To investigate this, we measured the enzymatic activities associated with 

various degradation pathways. We found significant elevation of enzymes related to mitochondrial 

apoptotic signaling, including CASP9 (+36%; p < 0.05) and CASP3 (+40%; p < 0.05) activities in 

skmKO mice compared to CTRL (Figure 7M-N). Additionally, we identified elevated CAPN 

(+74%; p < 0.05) and 20S proteasome (+87%; p < 0.05) activities in skmKO mice compared to 

CTRL (Figure 7O-P). The observed elevation in activities of enzymes involved in mitochondrial 

apoptotic signaling, calpain signaling, and UPS suggests a compensatory mechanism potentially 

serving as an adaptive response in the absence of autophagy. This is supported by previous work 

from our group that reported compensatory activation of CASPs in autophagy-deficient myoblasts, 

and increased proteasomal activity in autophagy-deficient muscles (Baechler et al., 2019; 

McMillan & Quadrilatero, 2014; Paré et al., 2017). Collectively, these results point to an adaptive 

response involving alternative degradative pathways when autophagy is impaired. 
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Figure 7: Postnatal development-associated changes in mitophagy and mitochondrial function in young 

autophagy-deficient skeletal muscle. A) Representative confocal images of mitophagic flux from TA muscles of 

CTRL (Atg7f/f) or skmKO (Atg7f/f:ACTA1-Cre) mice crossed with mt-Keima reporter mice (Atg7f/f:mt-Keima). Green 

fluorescence indicates healthy mitochondria. Red fluorescence indicates degrading mitochondria. Scale bar 

indicates 50 μm. B) Quantification of maximal oxygen consumption rate (i.e., respiration) of permeabilized 

bundles from TA muscles. Simultaneous quantification of C) succinate-stimulated hydrogen peroxide (H2O2) 

production, and D) succinate + pyruvate/malate-stimulated H2O2 production in permeabilized TA muscle bundles. 

E) Quantification of mitochondrial fraction of electron leak. F) Representative immunoblots of mitochondrial 

fractions derived from GAS. G) Quantification of oxidative phosphorylation (OXPHOS) coupling. H) 

Quantification of H) LC3B-II, I) BNIP3, J) BNIP3L, K) PINK1, and L) PRKN from mitochondrial-enriched 
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fractions. Quantification of M) caspase 9 (CASP9), N) caspase 3 (CASP3), O) calpain (CAPN), and P) 20S 

proteasome activities.  * p < 0.05 compared to CTRL group. n = 4-8 per group. 

   

We observed suppression of select catabolic signaling kinases, including phosphorylated 

FOXO3A (Ser318/321) and the ratio of phosphorylated to total FOXO3A (Figure 8A-D), as well 

as AMPK and the ratio of phosphorylated to total AMPK (p = 0.06) (Figure 8E-G). Additionally, 

there was a notable increase in the ratio of phosphorylated to total P70S6K (Figure 8H-J), while 

phosphorylated AKT1 (Thr308) and the ratio of phosphorylated to total AKT1 was reduced, 

though not statistically significant (Figure 8K-M). These findings may suggest aberrant feedback 

and signaling of kinases that regulate catabolism and anabolism in autophagy-deficient mice. 

Furthermore, we observed reduced levels of ATG7 and LC3B-II, along with an accumulation of 

SQSTM1, indicating impaired autophagy in skmKO muscles (Figure 9A-B & 9Q-T). Investigation 

into other mitochondrial remodeling processes revealed potential compensatory responses in 

biogenesis signaling, as evidenced by elevated TFAM levels, although PPARGC1A levels 

remained unchanged in P42 skmKO mice compared to CTRL mice (Figure 9C-D). Interestingly, 

several mitophagy-related molecules including BNIP3, BNIP3L, and PINK1 were significantly 

suppressed, while PRKN showed no change in P42 skmKO compared to CTRL mice (Figure 9E-

H). Regarding mitochondrial dynamics-related proteins, OPA1 and MFN2 levels were suppressed 

(Figure 9I-J), whereas DNM1L showed no change (Figure 9K). Additionally, we found reduced 

levels of mitochondrial membrane-related molecules VDAC1 and ANT1 (Figure 9L-M), with no 

changes observed in other mitochondria-related proteins including CYCS, SOD1, or SOD2 (Figure 

9N-P). Overall, these data suggest a complex interplay of impaired autophagy and disrupted 

mitochondrial homeostasis contributing to altered muscle physiology in young skmKO mice. 
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Figure 8: Quantitative analysis of upstream kinases in young autophagy-deficient skeletal muscle. A) 

Representative immunoblots of whole muscle lysate derived from GAS of CTRL (Atg7f/f) or skmKO 

(Atg7f/f:ACTA1-Cre) mice. Quantitative analysis of B) FOXO3A, C) p-FOXO3A (Ser318/321), D) p:total 

FOXO3A, E) AMPK, F) p-AMPK (Thr172), G) p:total AMPK, H) P70S6K, I) p-P70S6K (Thr421/424), J) 

p:total P70S6K, K) AKT1, L) p-AKT1 (Thr308), and M) p:total AKT1 * p < 0.05 compared to P7. n = 6 per 

group. 

  

In summary, our study indicates that constitutive autophagy-deficiency induces specific 

changes in mitochondrial remodeling. The absence of general negative impact on muscle mass or 

mitochondrial function may be attributable to the compensatory activation of alternative 

degradative pathways, such as CASP, CAPN and UPS signaling. These pathways may facilitate 

the degradation of accumulated cellular debris. Collectively, our findings suggest complex 
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regulatory mechanisms that balance catabolic and anabolic signaling in the context of autophagy-

deficiency during postnatal development. 

 

Figure 9: Quantitative analysis of mitochondrial remodeling proteins in young autophagy-deficient skeletal 

muscle. A) Representative immunoblots of whole muscle lysate derived from GAS of CTRL (P42 Atg7f/f) or 

skmKO (P42 Atg7f/f:ACTA1-Cre) mice. Quantitative analysis of B) ATG7, C) PPARGC1A, D) TFAM, E) 

BNIP3, F) BNIP3L, G) PINK1, H) PRKN, I) OPA1, J) MFN2, K) DNM1L, L) VDAC1, N) ANT1, N) CYCS, 

O) SOD1, P) SOD2, Q) SQSTM1, R) LC3B-I, S) LC3B-II, and T) LC3B-II:I. * p < 0.05 compared to CTRL. n 

= 6 per group.  
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Discussion 

Skeletal muscle development is a complex, multi-stage process that coordinates cellular 

responses to enhance muscle mass and functionality. This developmental progression is closely 

associated with changes in mitochondrial mass, which parallel patterns of muscle growth (Y. Kim, 

Yang, et al., 2019). Although several interactions between mitochondrial dynamics and muscle 

growth have been identified, the specific impacts of mitochondrial remodeling on muscle 

development are not fully elucidated. The present study focused on the role of mitochondrial 

remodeling during postnatal skeletal muscle development. We report three key findings: 1) 

significant mitochondrial remodeling occurs concurrently with postnatal muscle growth, 2) there 

is a discernible link between muscle growth, mitochondrial function, and mitophagic flux, and 3) 

autophagy-deficiency can impair muscle strength and signaling pathways, although it does not 

adversely affect growth in young mice. 

  

Mitochondrial remodeling defines postnatal muscle development 

Postnatal development of skeletal muscle involves significant remodeling, characterized 

by extensive reorganization of both contractile components and cellular organelles. Earlier studies 

have documented the enhanced formation of t-tubules during this developmental phase (Luff & 

Atwood, 1971), while others demonstrated expansions in the mitochondrial network, indicating 

early recognition of the dynamic changes occurring within muscle tissues during postnatal growth 

(Bakeeva et al., 1978). More contemporary proteomic analyses have provided valuable insights 

into mitochondrial remodeling during muscle development, though many aspects of the underlying 

mechanisms and their implications remain elusive (Y. Kim, Yang, et al., 2019). Our RNASeq 

analyses confirm these findings, providing robust data that complements the proteomic data 
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previously published (Y. Kim, Yang, et al., 2019). Notably, our study highlights an increase in 

genes associated with mitochondrial metabolism and a decrease in genes involved in de novo 

muscle formation. This suggests a cellular pivot towards improving mitochondrial efficiency, 

crucial for meeting the escalated energy demands of growing muscle tissues. A thorough 

examination of the DEGs from our RNA sequencing analysis identified the mitophagy receptor 

BNIP3 as a key molecule that was differentially expressed, indicating its potential role in 

mitochondrial quality control during development. The upregulation of BNIP3 may represent an 

adaptive response to various metabolic and cellular signaling that occur as muscle tissues mature. 

Our RNA sequencing data is complemented by in vivo experiments demonstrating 

progressive muscle growth from P7 to P21, with rapid doubling of both body and muscle mass 

from P21 to P42. This growth trajectory aligns with previous studies indicating substantial 

increases in muscle mass, fiber volume, length, and CSA during development (Gokhin et al., 2008; 

White et al., 2010). Given the heterogeneity of myofibers, we investigated potential shifts in fiber 

type composition. Contrary to earlier findings that reported a loss of embryonic MYH by P14 and 

a redistribution of fibers towards MYH IIX and IIB (Gokhin et al., 2008), our results show no 

significant shift in fiber type from P7 to P42. Although these discrepancies remain unclear, they 

may be a result of the different mouse strain (i.e., FVB vs. ICR stains). Nonetheless, we observed 

enhanced mitochondrial function, evidenced by increased oxygen consumption and ROS emission, 

particularly at P21. This transient increase in ROS may be a crucial step since it is known to 

activate hypertrophic signals such as MTORC1 (M. Li et al., 2010). Although we did not measure 

activation of MTORC1 in the present study, we noted an increase in the ratio of phosphorylated to 

total P70S6K, a downstream effector of MTORC1, which significantly increased starting P21 and 

remained elevated at P42. Furthermore, the increased mitochondrial ROS emission was also 
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accompanied by heightened mitophagic flux, similar to previous findings (Frank et al., 2012). 

Closer examination revealed significantly greater mitochondrial localization of BNIP3, PINK1, 

and PRKN. Notably, mitochondrial localized BNIP3 exhibited more than a ten-fold increase 

during development, aligning with both our mitophagy observations and RNA sequencing data. 

Elevated levels of these mitophagy receptor molecules have been previously documented (Y. Kim, 

Yang, et al., 2019). To our knowledge, this study is the first to explore potential molecules 

targeting mitochondria during development, providing new insights into the molecular 

mechanisms of muscle growth and adaptation. We postulate that the transient elevation in ROS 

observed at P21 may function as a molecular trigger for the activation of hypertrophic kinases and 

the induction of mitochondrial remodeling processes such as mitophagy. This cascade of events is 

proposed to facilitate the development of more efficient mitochondria, thereby meeting the 

increased energetic demands of growing myofibers. 

Prior studies have highlighted significant remodeling of the mitochondrial network during 

development, transitioning from a "parallel" to a "perpendicular" orientation (Y. Kim, Yang, et al., 

2019). This reorganization is believed to support the maturation of the sarcoplasmic reticulum 

(SR), thereby regulating NADH flux and mitochondrial membrane potential, ultimately enhancing 

mitochondrial functionality (Y. Kim, Yang, et al., 2019; Luff & Atwood, 1971; Schiaffino & 

Margreth, 1969; Takekura et al., 2001). In our current investigation utilizing mt-Keima mice to 

examine mitochondrial morphology, we observed that the mitochondrial network maintained a 

"parallel" morphology, showing no significant morphological changes. Immunoblot analysis of 

mitochondrial dynamics proteins revealed stable levels of fusion proteins OPA1 and MFN2, but a 

noticeable reduction in the fission protein DNM1L at P21 and P42. The reasons behind these 

specific alterations remain unclear. Potential factors could include genetic differences between our 
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FVB reporter mouse model and the C57BL/6N strain previously studied (Y. Kim, Yang, et al., 

2019), or perhaps limitations in our imaging resolution that preclude detection of subtle or three-

dimensional structural changes (Y. Kim, Yang, et al., 2019; Y. Kim et al., 2024). Despite previous 

findings indicating minimal variation in mitochondrial complex proteins (Y. Kim, Yang, et al., 

2019), our results indicate distinct changes during development, specifically a decrease in VDAC1 

and an increase in ANT1. This divergence underscores the complexity of mitochondrial 

adaptations during muscle maturation and highlights the influence of genetic background and 

methodological approaches on experimental outcomes. 

Overall, the remodeling of skeletal muscle during postnatal growth encompasses profound 

changes in both structural and metabolic components, reflecting intricate adaptations to the 

demands of growth and function. These findings highlight the ongoing need to further explore the 

molecular pathways that facilitate these adaptations, enhancing our understanding of muscle 

development and potentially guiding therapeutic strategies for muscle-related conditions. 

  

Link between muscle growth, mitochondrial function, and mitophagy during development 

Traditionally, skeletal muscle research has emphasized growth dynamics; however, recent 

studies increasingly focus on the degradative mechanisms that complement these processes, 

particularly autophagy and mitophagy (Leduc-Gaudet et al., 2021; Lei et al., 2024; Rahman & 

Quadrilatero, 2021b, 2021a). These mechanisms are well-recognized for their activation in 

response to significant cellular stress, during which they facilitate the removal of damaged cellular 

material and organelles such as mitochondria (Leduc-Gaudet et al., 2021; Lei et al., 2024; Rahman 

& Quadrilatero, 2021b, 2021a). Notably, the role of these degradative pathways in regulating 

development, a fundamentally healthy process, is gaining recognition. Despite the relative scarcity 
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of studies on the degradative processes during muscle development, emerging evidence from our 

lab and others underlines the critical role of autophagy and mitophagy during in vitro muscle 

formation. Previous research has demonstrated that inhibiting autophagy or mitophagy through 

chemical agents or genetic modifications substantially impairs muscle formation in vitro (Baechler 

et al., 2019; McMillan & Quadrilatero, 2014; Sin et al., 2016). One proposed mechanism suggests 

that deficiencies in autophagy and mitophagy disrupt signaling pathways essential for 

mitochondrial biogenesis (Baechler et al., 2019; Sin et al., 2016). Our recent observations highlight 

a significant increase in mitophagic flux concurrent with a reduction in mitochondrial biogenesis 

signaling, alongside stable levels of mitochondrial-related proteins in developing muscle tissue. 

These findings suggest that during myogenesis, as opposed to postnatal muscle development, 

mitochondrial quality control might be predominantly governed through enhanced degradation 

rather than new mitochondrial synthesis. This shift towards prioritizing mitochondrial integrity via 

increased mitophagic flux, without alterations in other mitochondrial remodeling processes, may 

offer insights into the complex interplay of cellular mechanisms driving muscle development. 

In the present study, we observed a notable increase in mitochondrial ROS emission at P21, 

which coincided with enhanced mitochondrial localization of autophagy-related proteins LC3B-

II, PINK1, and PRKN. Simultaneously, the mitophagy receptor BNIP3 showed a significant 

elevation at P42. The onset of increased mitophagic flux beginning at P21 suggests a tightly 

regulated temporal control of these processes. The role of mitochondrial ROS in triggering 

mitophagy is well-documented (Schofield & Schafer, 2021), and our findings suggest that the 

surge in ROS levels may activate PINK1/PRKN-mediated mitophagy during early developmental 

stages. Afterwards, BNIP3-mediated mitophagy may to become more prominent as the muscle 

further matures. The underlying cause of the increased ROS production in mice remains uncertain; 
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it may be related to environmental changes such as weaning, which could introduce metabolic 

stress, or increased physical activity as the animals develop. Existing studies have explored the 

impacts of modulating ROS levels. For example, OE of mitochondrial superoxide dismutase 

(SOD2) and mitochondrial catalase (MCAT) do not exhibit observable developmental defects in 

vivo, indicating a complex balance between ROS production and antioxidant defenses (Heden et 

al., 2019; Zhuang et al., 2021). However, excessive inhibition of ROS signaling has been shown 

to impair myogenesis in vitro (Rajasekaran et al., 2020), while a loss of antioxidant defenses, such 

as in SOD2 knockout models during embryonic development, can result in lethality (Y. Li et al., 

1995). Furthermore, inducible skeletal muscle-specific SOD2 KO does not seem to impact muscle 

mass or function in adult mice (Zhuang et al., 2021); however it is unclear if excessive ROS in 

young animals would impact muscle development by modifying mitochondrial remodeling 

processes. Our data further suggest that the observed increase in ROS generation and subsequent 

lipid peroxidation may serve as signaling events for initiating mitophagic flux, which in turn 

supports postnatal muscle development and enhances mitochondrial function. These findings 

underscore the importance of precise regulation of mitochondrial quality control mechanisms 

throughout muscle maturation.  

 

Autophagy-deficiency impairs muscle strength and signaling without affecting overall growth 

Autophagy is essential for normal development, playing a critical role in maintaining 

cellular homeostasis and supporting the rapid changes in tissue composition and energy demands 

associated with growth. This process facilitates the removal of damaged cellular components and 

enables adaptation to various stimuli. Impairments in autophagy pathways have been linked to 

developmental abnormalities and compromised tissue functionality (Collier Jack J. et al., 2021; 
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Deneubourg et al., 2022; Deng et al., 2021; Kataura et al., 2022). Studies utilizing whole-body 

autophagy-deficient models have demonstrated early lethality, prompting targeted tissue-specific 

knockout approaches to better understand the role of autophagy in specific contexts. Notably, some 

of the first studies using muscle-specific autophagy-deficient models has revealed significant 

growth defects in young autophagy-deficient mice. For example, previous reports show that 

animals with muscle-specific autophagy-deficiency exhibited a reduction in body mass from P40 

and the disparity continues as the animals age (Masiero et al., 2009). Furthermore, these animals 

demonstrated a greater loss in muscle size and function after five months of autophagy-deficiency 

(Masiero et al., 2009). Although this seminal research did not identify developmental defects 

directly attributable to muscle-specific autophagy-deficiency, it laid the groundwork for 

subsequent investigations. Our laboratory has built on these findings, showing that defects in 

autophagy-deficient muscles manifest over time. Specifically, we observed muscle weakness in 

the soleus muscle at 15 weeks, which was not evident at 5 weeks (Paré et al., 2017). Additionally, 

we found a significant increase in centralized nuclei in the extensor digitorum longus (EDL) 

muscle at 15 weeks compared to 5 weeks (Paré et al., 2017). These observations highlight a 

divergent fiber type/muscle-specific response, and a time-dependent manifestation of defects in 

autophagy-deficient muscles  (Paré et al., 2017). Data from the present study are consistent with 

our previous work showing no detectable change in body mass, muscle mass, or fiber type 

distribution in young skmKO animals, yet we noted muscle weakness in these animals (Paré et al., 

2017). This reduction in muscle quality may be a result of muscle damage or impairments in 

contractile ability in the skmKO mice compared to the CTRL (Paré et al., 2017). Nonetheless, 

these results contrast with findings from other research groups that have reported significant 

deficits in muscle size and function (Masiero et al., 2009).  
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Significant remodeling of the mitochondrial network occurs during postnatal muscle 

development, as documented in various studies (Bakeeva et al., 1978; Y. Kim, Yang, et al., 2019; Y. 

Kim et al., 2024). Previous research has established that constitutive autophagy-deficiency in 

muscles lead to the accumulation of abnormal/swollen and dysfunctional mitochondria at 8-weeks 

of age (Masiero et al., 2009). Our confocal microscopy analyses using autophagy-deficient mt-

Keima mice did not reveal any significant changes in mitochondrial morphology. Additionally, we 

observed no changes in mitochondrial function, such as maximal respiration or ROS emission, 

despite complete ablation of mitophagic flux. This finding contrasts with other studies reporting 

significant mitochondrial dysfunction in autophagy-deficient states (Masiero et al., 2009). The 

apparent absence of defects in our young animal models may be attributed to compensatory 

degradative mechanisms. For instance, numerous studies have demonstrated an upregulation of 

apoptotic signaling, ER stress signaling and UPS in an autophagy-deficient state (Baechler et al., 

2019; Cuervo et al., 1995; Marshall et al., 2021; McMillan & Quadrilatero, 2014; Paré et al., 2017; 

Tannous et al., 2008; X. J. Wang et al., 2013). While the UPS can compensate for impaired 

autophagy-mediated protein degradation, its role is limited to degrading short-lived, soluble 

proteins and may be transient. The formation of large, insoluble protein aggregates in autophagy-

deficient states can lead to cellular dysfunction, potentially explaining the age-related exacerbation 

of defects observed in our studies (Paré et al., 2017). Moreover, studies have demonstrated that 

UPS inhibition via MG-132 or Bortezomib treatment can impair mitochondrial function and 

induce cell death, even when autophagy is functional (Guo & Peng, 2013; Maharjan et al., 2014). 

This may suggest that the UPS is also an important player in maintaining mitochondrial function; 

however, the extent to its important during postnatal muscle development is unclear.  
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Nonetheless, our results also indicated suppressed levels of key molecules involved in 

mitophagy (BNIP3, BNIP3L, PINK1), mitochondrial fusion (OPA1, MFN2), and mitochondrial 

membrane integrity (VDAC1, ANT1) in skmKO mice. These findings suggest that alternative 

pathways may compensate for the loss of mitophagic flux, maintaining mitochondrial function and 

integrity during early postnatal muscle development. In conclusion, our study highlights the 

complexity of mitochondrial quality control in muscle development and suggests potential 

compensatory mechanisms that warrant further investigation. Future research should aim to 

elucidate the interplay between these pathways and their role in maintaining mitochondrial 

homeostasis in the context of autophagy-deficiency. 
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Conclusion 

In conclusion, our findings underscore the pivotal role of mitochondrial remodeling in 

postnatal skeletal muscle development. The significant remodeling observed during this stage 

indicates that mitochondrial adaptations are closely linked to muscle growth patterns. Our study 

elucidates the connection between muscle growth, mitochondrial function, and mitophagic flux, 

highlighting that while autophagy-deficiency can impair muscle strength and signaling, it does 

not adversely affect overall muscle growth in young mice. These insights contribute to a better 

understanding of the intricate processes underlying muscle development and suggest that 

targeting mitochondrial pathways could offer novel therapeutic strategies for muscle-related 

diseases. Future research should focus on exploring these pathways in greater detail to uncover 

potential interventions for enhancing muscle function. 
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Chapter 4: Role of Mitochondrial Remodeling During 

Immobilization-induced Muscle Atrophy   
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Project Rationale and Objectives 

Skeletal muscle atrophy involves the activation of several degradative pathways, including 

apoptosis, UPS, autophagy, and mitophagy. Previous studies have characterized the role of 

mitochondrial remodeling during skeletal muscle atrophy and have noted that it is distinct from 

muscle formation (i.e., myogenesis) and postnatal development (Borgia et al., 2017; Graham et 

al., 2018; Triolo et al., 2022; Vainshtein et al., 2015; Yamashita et al., 2021). Recently, the role of 

mitophagy has been recognized in skeletal muscle atrophy, particularly in denervated and 

immobilized models (Triolo et al., 2022; Yamashita et al., 2021). Characterizing total 

mitochondrial proteins and those related to mitophagy offers some insight but does not fully 

elucidate the process. Additionally, although an increase in mitophagic flux during muscle atrophy 

is apparent, the underlying mechanisms are still not completely understood. 

 

Therefore, the main objectives for Project 3 were: 

1. To understand how mitochondrial remodeling processes change in response to hindlimb 

immobilization and remobilization. 

2. To understand how inhibition of ROS signaling or inhibition of the autophagy machinery 

affects immobilization-atrophy. 

 

I hypothesized that: 

1. Hindlimb immobilization would induce significant mitochondrial defects necessitating 

mitochondrial fission and mitophagy, while simultaneously suppressing biogenesis. These 

mitochondrial defects would reverse following hindlimb remobilization. 
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2. Antioxidant treatment would partially preserve mitochondrial function, resulting in partial 

preservation of muscle mass following hindlimb immobilization. Additionally, the 

inhibition of the autophagy machinery would exacerbate mitochondrial defects and result 

in greater muscle atrophy following hindlimb immobilization. 

 

 

Method Figure 1: Study design for Project 3, Objective 1. Mice from the mt-Keima purebred line were collected 

after 7-days of immobilization, or 7-days of remobilization. Muscles were collected and analyzed as outlined in 

the Material and Methods section.   

 

 

Method Figure 2: Study design for Project 3, Objective 2. Mice from the mt-Keima purebred line were collected 

after 7-days of immobilization. The antioxidant N-acetyl cysteine (NAC) was also be administered during the 

immobilization phase to limit ROS generation. Muscles were collected and analyzed as outlined in the Material 

and Methods section.  
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Method Figure 3: Study design for Project 3, Objective 3. Mice from the mt-Keima purebred line were collected 

after 7-days of immobilization. The autophagy inhibitor colchicine (COL) was also be administered for 5-days 

during the immobilization phase to limit prevent autophagosome-lysosome fusion. Muscles were collected and 

analyzed as outlined in the Material and Methods section.  
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Introduction 

Skeletal muscle atrophy is characterized as a catabolic state that results in the rapid 

deterioration of muscle mass and impaired muscle function. Several physiological and 

pathological conditions can result in skeletal muscle atrophy, including aging, denervation, 

immobilization, neurodegeneration, and myopathy (Deneubourg et al., 2022; Rahman & 

Quadrilatero, 2021a; Triolo et al., 2022; Vainshtein et al., 2015; Wohlgemuth et al., 2010). The 

underlying theme for all these conditions is a reduction in muscular contractions that would 

otherwise stimulate muscle protein synthesis while simultaneously suppressing proteolysis. The 

convergence of several molecular signals ultimately results in a shift towards greater protein 

degradation in myofibers.  

Skeletal muscle atrophy occurs by activation of the ubiquitin-proteosome system (UPS), 

apoptosis, and autophagy. UPS is known to degrade myofibrillar proteins (i.e., actin and myosin) 

during atrophy, while activation of the intrinsic apoptotic signaling cascade may function to 

eliminate myonuclei or the entire myofibers (Allen et al., 1997, 1999; Aweida & Cohen, 2021; 

Leeuwenburgh et al., 2005). Additionally, the role of autophagy has been implicated in the 

maintenance of muscle mass (Masiero et al., 2009) and in disuse atrophy (Triolo et al., 2022). 

Autophagy functions to degrade damaged cellular material to allow the recycling of 

macromolecules to build new proteins. Autophagy can occur in a selective or non-selective 

manner. With respect to skeletal muscle, the selective degradation of mitochondria, termed 

mitophagy, has been implicated in maintaining normal function of myofibers (G. K. Sakellariou 

et al., 2016). Dysfunction or dysregulation of mitophagy has been associated with impaired 

skeletal muscle function (Rahman & Quadrilatero, 2021a). 



 120 

 

Atrophy of myofibers can occur within one week of disuse and is accompanied by elevated 

mitophagy signaling. Elevated levels of PINK1, PRKN and Bnip3l have been reported in 

immobilized and remobilized skeletal muscles (Deval et al., 2020; C. Kang et al., 2016). Another 

study demonstrated greater Bnip3, Bnip3l, and Prkn transcripts from immobilized skeletal muscle 

(Yamashita et al., 2021). This study also found elevated mitophagic flux in mito-QC reporter 

animals (Yamashita et al., 2021). Consistent with these findings, elevated mitophagy flux in mt-

Keima mice was also recently reported as early as 1-day following denervation (Triolo et al., 

2022). Therefore, a clear relationship between mitophagy and disuse atrophy has been established; 

however, it has yet to be determined whether mitophagy is the driving force for disuse atrophy. 

The upregulation of mitophagy may be complementary to atrophic conditions, given the lack of 

energy demand placed on the mitochondria or perhaps due to the intrinsic dysfunction within the 

mitochondria. Alternatively, mitophagy may serve as an initiating step for atrophy by reducing the 

bioenergetic status of the myofibers; however, further investigation is required to delineate this 

relationship.  

The purpose of the present study was to understand the role of mitophagy following 

immobilization and remobilization of skeletal muscle. We further questioned whether inhibition 

of ROS via antioxidant treatment or autophagy via colchicine treatment could modify mitophagy 

and immobilization-induced muscle atrophy.  
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Material and Methods 

RNA Sequencing Analysis 

Publicly available RNA sequencing datasets were retrieved from the Gene Expression 

Omnibus (GEO) database (accession number GSE237537). Initial quality control was based on 

exclusion criteria including adapter contamination and low-quality bases. Gene-level expression 

was quantified and analyzed using the DESeq2 package in RStudio. Differential expression was 

determined with an adjusted p-value of <0.05 and a minimum log2 fold change of >1, identifying 

significantly differentially expressed genes. Enrichment of biological processes and pathways was 

assessed using the clusterProfiler package, with tests against Gene Ontology (GO) terms. Pathways 

were considered significantly enriched at a corrected p-value of <0.05. Visualization of the results, 

including volcano plots, heatmaps, and barplots, were created using GraphPad PRISM software.  

 

Animals  

Mt-Keima animals with a FVB background were kindly gifted by Torin Finkel (Sun et al., 

2015, 2017). These animals are a valuable tool for studying mitophagy since they express the 

fluorescent Keima protein conjugated to the COX8 subunit found within complex IV in the IMM. 

The unique feature of the Keima molecule is its dual-excitation, single-emission fluorescence (i.e., 

620 nm), which changes depending on the pH of its environment. Under neutral pH conditions, as 

found in the cytosol, Keima is excited at 488 nm. In the acidic conditions of the lysosome, where 

mitochondria are degraded, the excitation shifts to 561 nm. This shift allows for precise monitoring 

of mitophagy. Additionally, the resistance of this molecule to lysosomal degradation enhances the 

accuracy of mitophagic flux measurements.  
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Animals were given free access to food and water. All animal procedures were conducted 

in accordance with the standards set by the Canadian Council on Animal Care (CCAC) and were 

approved by the Animal Care Committee (ACC) at the University of Waterloo.  

 

Hindlimb Immobilization and Drug Treatment 

Animals were anesthetized under light isoflurane inhalation (~2%). The left hindlimb of 

each animal was extended and a small (1cm x 3cm) piece of Dermapore tape was wrapped around 

the ankle and knee joints. An elastic self-adhesive tape (Tensor; 3cm x 5cm) was lightly wrapped 

on top. One additional layer of medical tape was added on top to secure the self-adhesive tape. All 

animals regained consciousness after 5 minutes and signs of discomfort were monitored. In a 

subset of experiments, vehicle (VEH) or N-acetyl-cysteine (NAC; 150mg/kg/day) were injected 

daily for the duration of the immobilization phase. In another subset of experiments, VEH or 

colchicine (COL; 0.4mg/kg/day) were injected daily for the final 5-days of the immobilization 

phase. 

 

Isolation of Skeletal Muscles 

The extensor digitorum longus (EDL), tibialis anterior (TA), gastrocnemius (GAS), and 

quadriceps (QUAD) muscles were rapidly excised from animals. Intact EDL muscle was 

immediately transferred to Tyrode buffer (121mM NaCl, 5mM KCl, 24mM NaHCO3, 1.8mM 

CaCl2, 0.4mM NaH2PO4, 5.5mM glucose, 0.1mM EDTA, and 0.5mM MgCl2, pH 7.3) at room 

temperature for contractility measurements. One TA was stored in BIOPS buffer (2.77mM 

CaK2EGTA, 7.23mM K2EGTA, 5.77mM Na2ATP, 6.56mM MgCl2-6H2O, 20mM taurine, 15mM 

Na2PCr, 20mM imidazole, 0.5mM DTT, 50mM K-MES) on ice until use for respirometry and 
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confocal imaging. The contralateral, TA muscles were embedded in OCT compounds (Tissue 

Tek), frozen in isopentane cooled by liquid nitrogen and stored at -80C for fiber type analyses. 

The GAS and QUAD muscles were cut in half and snap frozen for immunoblot analyses, while 

the other half was stored in PBS-EDTA solution (10mM EDTA in 1X PBS, pH 7.4) on ice for 

mitochondrial fractionation.  

 

Live Myofiber Imaging and Mitophagy Flux Analysis 

The TA muscle was manually separated into small bundles in BIOPS buffer on ice. Bundles 

were rapidly transferred to #1 coverslips and carefully separated to allow maximal contact of 

muscle bundle to the coverslip. A thin layer of 0.8% agarose gel was placed on top of the bundles 

to prevent movement during imaging. Five to ten fields consisting of 3-5 myofibers were imaged 

on a Zeiss LSM 800 confocal microscope at 63X magnification. Individual excitation wavelengths 

were used to minimize overlap between fluorescent channels. An excitation wavelength of 488nm 

was used to determine healthy mitochondria (pH ~7; green), whereas an excitation wavelength of 

561nm was used to determine mitochondria undergoing mitophagy (pH ~4; red). Emission 

wavelengths remained the same at 620nm. Puncta count and size were determined in each field 

using the automated Particle Analysis function in ImageJ.  

 

High-Resolution Respirometry with Simultaneous ROS Measurements 

The TA muscle was separated under a stereomicroscope into bundles using very fine tipped 

forceps in ice-cold BIOPS buffer. Bundles were permeabilized in 50g/ml of saponin in 1.5ml 

BIOPS buffer for 30 minutes on ice with gentle rocking. Muscle bundles (1-3mg) were then 

transferred to 1.5ml of buffer Z (105mM K-MES, 30mM KCl, 1mM EGTA, 10mM K2HPO4, 5mM 
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MgCl2-6H2O, 5mg/ml BSA, pH 7.1) to wash prior to respirometry experiments. Oxygen 

consumption and mitochondrial hydrogen peroxide (mH2O2) emission was determined in buffer Z 

supplemented with 10M blebbistatin, 10M Amplex Red, 5U/ml horseradish peroxidase, and 

10U/ml superoxide dismutase using an Oxygraph-2K equipped with a LED2 fluorometry module. 

Experiments were conducted at 37C in a 2ml chamber that was hyperoxygenated to ~350uM. 

Reverse electron flow was determined with the addition of 10mM succinate, followed by 5mM 

pyruvate and 2.5mM malate. Maximal coupled respiration was stimulated with the addition of 

5mM ADP. Cytochrome C was added to ensure outer membrane integrity. mH2O2 emission was 

calibrated from a standard curve established with the same reaction conditions.   

 

Mitochondrial Fractionation 

GAS and QUAD muscles were chopped on a stainless-steel board using a razor for one 

minute. The tissue was transferred back into the same tube containing 5ml of PBS with 10mM 

EDTA (PBS-EDTA solution) and centrifuged at 500g for 5 minutes. The supernatant was 

discarded, and the muscles were digested in 0.05% trypsin in PBS-EDTA solution for 5 minutes 

on ice. The trypsin solution was removed by centrifugation at 500g for 5 minutes. Digested 

muscles were resuspended in mitochondrial isolation buffer (100mM KCl, 50mM MOPS, 5mM 

MgSO4-7H2O, 1mM EGTA, 2mg/ml BSA, pH 7.4) and homogenized using a Teflon homogenizer 

equipped on a drill press set to 200rpm for 5-10 strokes. The homogenized tissue was subjected to 

low-speed centrifugation (~700 x g) to pellet large debris and the supernatant was transferred to 

ultracentrifuge tubes and spun at 10,000g for 15 minutes at 4C. The resulting pellet constituted 

the mitochondrial pellet and was resuspended in mitochondrial isolation buffer without BSA 

before being transferred to 1.5ml microcentrifuge tubes and spun at 10,000g for 5 minutes. The 
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resulting pellet was washed and centrifuged three times in mitochondrial isolation buffer without 

BSA to remove any cytosolic protein. After the final spin, the supernatant was aspirated, and the 

pellets were frozen in liquid nitrogen.  

 

Immunoblotting 

Snap frozen muscle samples were divided into 20-30mg portions and stored in separate 

tubes. Muscle samples were crushed into a powder using a liquid nitrogen-cooled pestle and mortar 

and transferred to 1.5ml tubes containing 5 volumes of lysis buffer (20mM HEPES, 10mM NaCl, 

1.5mM MgCl2, 1mM DTT, 20% glycerol, 0.1% Triton-X100, pH 7.4) with protease inhibitor. 

Mitochondrial enriched fractions were resuspended in lysis buffer with protease inhibitor and 

sonicated at 40 Hz for 10 seconds on ice to dissolve any membranal structures. Protein content 

was determined using a BCA protein assay. Equal protein was loaded and separated using 8-12% 

SDS-PAGE, transferred on to PVDF membranes, and blocked with 2-5% non-fat milk powder in 

TBS-T at room temperature for 1 hour. Membranes were briefly rinsed and incubated overnight in 

primary antibodies against: BNIP3 (#3769, Cell Signaling), BNIP3L (#12396, Cell Signaling), 

MAP1LC3B/LC3B (#2775, Cell Signaling), GAPDH (#2118, Cell Signaling), OPA1 (#80471, 

Cell Signaling), MFN2 (#9482, Cell Signaling), DNM1L (#8570, Cell Signaling), SQSTM1 

(PM045, MBL), PINK1 (sc-33796, Santa Cruz), PRKN (sc-32282, Santa Cruz), VDAC1 (sc-

390996, Santa Cruz), ANT1 (sc-9299, Santa Cruz), CYCS (sc-13256, Santa Cruz), TFAM (sc-

166965, Santa Cruz), BAX (sc-526, Santa Cruz), BCL2 (sc-7382, Santa Cruz), ACT (S2066; 

Sigma), PPARGC1A (ST1202, Sigma), SOD1 (SOD-101, Stressogen), SOD1 (SOD-110, 

Stressogen), and 4HNE (ab46545). Following incubation, membranes were washed, and 

appropriate horseradish peroxidase-conjugated secondary antibody was applied at room 
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temperature for 1 hour. Bands were visualized using ECL substrate on a ChemiDoc Imaging 

System.  

 

Caspase, Calpain, and Proteasomal Activity Assay 

To measure caspase (CASP), calpain (CAPN) and proteasomal activities, whole‐cell 

lysates were collected as above in the absence of protease inhibitors. Samples were incubated in 

duplicates with 20μM of Ac‐DEVD‐AFC for CASP3 or Ac‐LEHD‐AFC for CASP9 in assay 

buffer (20 mM HEPES pH 7.4, 10 mM DTT, and 10% glycerol). For CAPN activity, samples were 

incubated in duplicates with 20μM of Suc-LLVY-AMC and Z-LL-CHO inhibitor in assay buffer 

for 2 hours at 30C. For 20S proteasomal activity, samples were incubated in duplicates with 20μM 

of Suc-LLVY-AMC and MG-132 inhibitor in proteasome assay buffer (50mM Tris/HCl, 25mM 

KCl, 10mM NaCl, 1mM MgCl2; pH 7.5) for 1 hour at 30C. Fluorescence measurements were 

performed at room temperature using a Cytation 5 Imaging Multi‐Mode Reader. The AFC probe 

was measured with excitation and emission wavelengths at 400 and 505 nm, respectively. The 

AMC probe was measured with excitation and emission wavelengths at 360 and 440 nm, 

respectively. The fluorescence values were normalized to protein concentration of samples and 

expressed as fold changes in fluorescence. 

 

Immunofluorescence Fiber Type Analysis  

Ten-micron cryosections were cut, mounted onto microscope slides and maintained at -

20C until staining. For staining, slides were dried at room temperature, circumscribed with a 

hydrophobic pen and blocked using 10% goat serum in PBS. Slides were incubated at room 

temperature with antibodies against type IIA (SC-71, DSHB), type IIX (6H1, DSHB), and 
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dystrophin (MANDYS1, DSHB) for 2 hours. Slides were washed three times with PBS and 

incubated at room temperature with appropriate secondary antibodies. Following incubation with 

secondary antibodies, slides were washed three times and mounted with Fluoromount mounting 

medium. Fiber cross-sectional area (CSA) and fiber counts was quantified using ImageJ. 

 

Skeletal Muscle Contractility  

Intact EDL muscles were placed in a 25C bath of oxygenated Tyrode solution. Muscles 

were placed between two platinum electrodes driven by a biphasic stimulator. Muscle stimulation 

occurred at varying frequencies from 10 to 150 Hz. After the stimulation protocol, a fatigue 

protocol was performed by stimulating at 70 Hz for 350ms every 2 seconds for a total of 5 minutes. 

The number of contractions to reduce force by 50% was used as an index of fatigue. Data was 

analyzed using Dynamic Muscle Control Data Acquisition software (Aurora Scientific). 

Specifically, peak isometric force amplitudes (mN) were determined across the range of 

stimulation frequencies and normalized to muscle mass.  

 

Statistics 

Statistical analyses were performed in GraphPad PRISM. T-tests were performed to 

compare changes in functional parameters between control (CTRL) and immobilized (IM) or 

remobilized muscle (RM). T-tests were also performed to compare VEH to treatment in 

immobilized muscle. An alpha value of 0.05 was assigned for all analyses. 
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Results 

Immobilization-induced muscle atrophy upregulates cellular stress signaling genes and 

downregulates mitochondria-related genes 

Immobilization-induced muscle atrophy initiates profound mitochondrial remodeling 

within skeletal muscle, that trigger structural and functional changes of the myofiber. These 

adaptations include alterations in mitochondrial density, morphology, and oxidative capacity, 

which collectively influence myofiber integrity and contractile function (Mirzoev, 2020; Sandri, 

2013; Sartori et al., 2021). Concurrent shifts in the molecular profile of proteins associated with 

mitochondrial biogenesis, mitophagy, and mitochondrial dynamics underscore the intricate 

regulatory mechanisms governing cellular responses to disuse (Triolo et al., 2022; Vainshtein et 

al., 2015; F. Wang et al., 2023; Xu et al., 2022; Yamashita et al., 2021). Understanding these 

mitochondrial adaptations is pivotal for devising strategies to preserve muscle mass and function 

during periods of immobilization.  

To better understand the changes in mitochondrial remodeling processes during 

immobilization-induced atrophy, we started with a broad RNA-Seq analysis using a publicly 

available dataset from the GEO database (GSE237537). From this dataset, approximately 55,000 

genes were processed and filtered prior to analysis. Differential expression analysis, conducted 

using DESeq2, identified 92 differentially expressed genes (DEGs) between the immobilized (IM) 

and control (CTRL) groups (p < 0.05; Figure 1A-C). Among these DEGs, several genes associated 

with cellular stress signaling were upregulated (e.g., Fbxo32 and Gadd45a), while muscle-related 

genes were downregulated (e.g., Myl2 and Myl3) in the IM group compared to CTRL (Figure 1C). 

Notably, no DEGs directly associated with mitochondrial remodeling, particularly in terms of 

mitochondrial biogenesis, mitophagy, or mitochondrial dynamics were observed.  
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Gene ontology (GO) analysis of this gene pool revealed significant upregulation in genes 

related to autophagy and the UPS, with little upregulation of mitochondrial-related genes (Figure 

1D). Conversely, there was significant downregulation of genes associated with mitochondria, 

autophagy, and UPS (Figure 1D). Detailed analysis of the top upregulated biological processes 

and cellular components revealed a greater number of genes associated with degradative pathways, 

including apoptosis and UPS (Figure 1E-F). Among the major downregulated biological processes 

and cellular components were genes associated with myofiber development/remodeling and 

mitochondrial function (Figure 1E-F). Overall, this analysis highlighted significant changes in 

gene expression profiles due to immobilization, with a notable upregulation of genes associated 

with degradative processes and a downregulation of genes related to mitochondrial components. 
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Figure 1: RNA sequencing analysis of control (CTRL) and immobilized (IM) gastrocnemius muscle. A) 

Representative visualization of genes analyzed from the publicly available Gene Expression Omnibus database 

(Accession ID: GSE237537). B) Volcano plot displaying differential gene expression in skeletal muscle. The 

horizontal line delineates a significance threshold of p < 0.05. Vertical lines mark a z-score change greater than 

Log2. Green labels indicate upregulated differentially expressed genes (DEGs), while red labels indicate 

downregulated DEGs. C) List of all 92 DEGs identified by DESeq2 analysis. D) Gene ontology analyses and 

donut graph outputs summarizing changes in genes associated with five major remodeling processes: muscle 

remodeling, metabolism, apoptosis, mitochondria, autophagy, and the ubiquitin proteasome system (UPS). A total 
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of 1595 genes related to these processes are upregulated while 2915 genes related to these processes are 

downregulated.  E) Gene ontology analyses output of the number of genes linked to the top five upregulated 

(green) and downregulated (red) biological processes. F) Gene ontology analyses output of the number of genes 

linked to the top five upregulated (green) and downregulated (red) cellular components. CTRL indicates control 

animals (i.e., no intervention). IM indicates animals collected following 7-days of immobilization. n = 3 per group. 

 

Hindlimb immobilization leads to greater mitochondrial ROS emission, increased mitophagic flux, 

and atrophy of all myofibers 

To further our understanding, we investigated physiological adaptations in myofibers using 

a hindlimb bandage model for 7-days to induce immobilization-induced atrophy, followed by a 7-

day remobilization period to assess recovery dynamics (Figure 2A). Our findings indicated that 

IM led to approximately 20% decrease in the relative muscle mass of major hindlimb muscles 

including the tibialis anterior (TA), gastrocnemius (GAS), and quadriceps (QUAD) muscles, but 

not the smaller extensor digitorum longus (EDL) muscle compared to CTRL (Figure 2B-F). The 

reductions in the larger muscle mass were persisted even after 7-days of remobilization (Figure 

2B-F). Functional assessments revealed a significant decrease in muscle force and fatiguability in 

both IM (-66% and -40%, respectively) and RM (-22% and -12%, respectively) EDL muscles 

compared to CTRL (Figure 2G-I). While RM muscles showed some improvement in force and 

fatiguability compared to IM muscles, only 88% recovery was achieved relative to CTRL (Figure 

2G-I). Detailed fiber type analysis revealed a specific decline in the CSA of type IIA fibers during 

the IM phase (-27%; p < 0.05), which normalized upon RM (Figure 2J-K). However, the mean 

CSA of type IIX and IIB fibers remained reduced (-22% to -28%; p < 0.05) in both phases (Figure 

2J-K), indicating a fiber type-specific susceptibility to IM, particularly affecting fibers with faster 

contractile properties and greater glycolytic phenotype. Furthermore, we observed a shift in fiber 

type distribution, with an increase in type IIB fibers and a decrease in type IIX fibers during IM, 

which reverted to initial levels after remobilization (Figure 2L). To explore the mechanisms behind 
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immobilization-induced muscle atrophy and its connection to mitochondrial quality, we analyzed 

mitophagic flux in mt-Keima reporter mice. Our results demonstrated a significant increase in 

mitophagic puncta count in IM (3-fold) and RM (2-fold) muscles compared to CTRL, indicating 

an enhanced rate of mitophagy; albeit no changes in average mitophagic puncta size was observed 

(Figure 2M-O). This indicates that immobilization-induced muscle atrophy is closely linked to the 

activation of mitophagy. 
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Figure 2: Immobilization- and remobilization-induced changes in skeletal muscle structure and mitophagic flux. 

A) Representative visualization of immobilization and remobilization protocol. B) Body mass of control (CTRL), 

immobilized (IM) and remobilized (RM) animals. Normalized skeletal muscle mass measurements of C) tibialis 

anterior (TA), D) extensor digitorum longus, E) gastrocnemius (GAS), and F) quadriceps (QUAD). G) Force-

frequency graph of EDL muscles from CTRL, IM and RM animals. H) Peak force development derived from 

force-frequency curve. I) Fatigue index measurement of EDL muscle (greater value indicates more fatigue-
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resistance). J) Representative immunofluorescent images of TA muscles from CTRL, IM and RM animals. 

Samples were stained with antibodies specific for individual myosin heavy chain isoforms: type IIA (green), type 

IIX (red), type IIB (unstained), and dystrophin (red). Scale bars indicate 50 μm. K-L) Quantification of mean cross-

sectional area (CSA) and distribution of type IIA, IIX, and IIB myofibers. M) Representative confocal images of 

mitophagic flux from TA muscles of mt-Keima reporter mice. Green fluorescence indicates healthy mitochondria. 

Red fluorescence indicates degrading mitochondria. Scale bar indicates 50 μm. N) Quantification of mitophagic 

(i.e., red) puncta count per field. O) Quantification of average individual mitophagic puncta size. * p < 0.05 

compared to CTRL group. n = 5-8 per group. 

 

Mitophagy is upregulated in response to various mitochondrial stressors such as excessive 

reactive oxygen species (ROS) production or a decline in mitochondrial membrane potential. To 

assess functional changes in mitochondria resulting from IM and subsequent RM, we measured 

several parameters indicative of mitochondrial function. Our results show significant reductions 

in maximal mitochondrial respiration capacity (i.e., oxygen consumption rate [OCR]) in IM 

myofibers compared to CTRL (-25%; p < 0.05; Figure 3B). This decrease was accompanied by 

increased mitochondrial hydrogen peroxide (mH2O2) production when stimulated by succinate 

(+48%; p < 0.05; Figure 3C-D). Additionally, we observed increased fraction of electron leak 

(+66%; p < 0.05; Figure 3E), which is indicative of inefficient electron transport. Together, these 

findings suggest that IM induces substantial impairments in mitochondrial function, likely 

contributing to the observed muscle atrophy and changes in myofiber composition. 
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Figure 3: Quantitative analysis of autophagy and mitophagy proteins in IM and RM muscles. A) Representative 

immunoblots of whole muscle lysate and mitochondrial fractions derived from GAS and QUAD. B) 

Quantification of maximal oxygen consumption rate (i.e., respiration) of permeabilized bundles from TA muscles. 

Simultaneous quantification of C) succinate-stimulated hydrogen peroxide (H2O2) production, and D) succinate 

+ pyruvate/malate-stimulated H2O2 production in permeabilized TA muscle bundles. E) Quantification of 

mitochondrial fraction of electron leak. F) Quantification of oxidative phosphorylation (OXPHOS) coupling. 

Quantitative analysis of G) SQSTM1, H) LC3B-I, I) LC3B-II, J) LC3B-II:I, and K) 4HNE from whole muscle 

lysate. Quantitative analysis of L) LC3B-II, M) BNIP3, N) PINK1, O) PRKN, P) BAX, Q) BCL2, and R) 
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BAX:BCL2 from mitochondrial-enriched fractions. Quantitative analysis of S) CASP9 activity, T) CASP3 

activity, and U) CAPN activity. * p < 0.05 compared to CTRL group. n = 6-8 per group. 

 

Mitochondrial localization of BNIP3 and activation of intrinsic apoptotic signaling define 

immobilization-induced atrophy 

To investigate the molecular mechanisms driving mitophagic flux following hindlimb 

immobilization, we conducted immunoblot analyses on whole muscle lysates and mitochondrial-

enriched fractions derived from the GAS and QUAD muscles of CTRL, IM, and RM animals. Our 

results demonstrated a decrease in the autophagic cargo protein SQSTM1 (-46%; p < 0.05), while 

the autophagy recognition protein LC3B showed little variation, suggesting a differential 

regulation of autophagic components in response to immobilization (Figure 3A & G-J). In 

addition, we observed increased lipid peroxidation in IM muscles, as evidenced by a 50% increase 

in 4-hydroxynonenal (4HNE), which coincided with increased mH2O2 emission (Figure 3K). At 

the mitochondrial level, there was a noticeable reduction in lipidated LC3B-II in IM muscles 

(Figure 3L). Conversely, mitochondrial localization of the mitophagy receptor BNIP3 was 

significantly elevated in both IM (+130%; p < 0.05) and RM (+180%; p < 0.05) muscles (Figure 

3M), suggesting a persistent activation of mitophagy as a response to muscle immobilization and 

subsequent recovery. However, no significant changes were observed in other mitophagy-related 

proteins including PINK1 and PRKN within the mitochondrial-enriched fractions (Figure 3N-O). 

Considering the observed upregulation of genes linked to intrinsic apoptotic signaling in 

muscle tissues, we examined the involvement of key regulators of mitochondrial outer membrane 

permeabilization (MOMP). Our analysis revealed no significant changes in the mitochondrial 

localization of the pro-apoptotic protein BAX or the anti-apoptotic protein BCL2 (Figure 3P-Q). 

However, an increased BAX/BCL2 ratio was detected in remobilized muscles, indicative of 

enhanced MOMP and potential susceptibility to mitochondrial apoptotic signaling during the RM 
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phase (Figure 3R). Further exploration into the downstream signals of intrinsic apoptotic pathways 

showed 20-30% elevation in caspase 9 (CASP9) and caspase 3 (CASP3) activities in both IM and 

RM muscles compared to CTRL (Figure 3S-T). This suggests a sustained activation of apoptotic 

signaling following muscle immobilization and during the recovery phase. Additionally, our 

results indicated a suppression of calpain (CAPN) activity in IM muscles (-44%; p < 0.05; Figure 

3U). In contrast, CAPN activity was significantly higher in RM muscles (+85%; p < 0.05), possibly 

reflecting a recovery response associated with muscle remodeling. Collectively, these findings 

illustrate that immobilization-induced muscle atrophy not only impaired mitochondrial function 

and heightened mitophagy but also modify apoptotic and proteolytic signaling pathways.  

 

Immobilization suppresses mitochondrial biogenesis and fusion signals, while upregulating key 

mitophagy molecules 

To elucidate the impact of the immobilization-remobilization protocol on mitochondrial 

remodeling, we analyzed the expression of key mitochondrial proteins involved in biogenesis, 

mitophagy, and mitochondrial dynamics through immunoblotting. Our findings indicate that IM 

led to a reduction in the levels of the mitochondrial biogenesis and fusion proteins, including 

PPARGC1A (also known as PGC-1α; -28%; p < 0.05), OPA1 (-20%; p < 0.05), and MFN2 (-28%; 

p < 0.05; Figure 4A-B & H-I). Notably, PPARGC1A and MFN2 levels returned to baseline upon 

remobilization; however, OPA1 levels remained depressed (-10%; p < 0.05). Additionally, IM 

induced an upregulation in the mitophagy-associated proteins BNIP3 (+170%; p < 0.05) and 

PRKN (+70%; p < 0.05), without modifying PINK1 or BNIP3L levels (Figure 4D-G). Importantly, 

BNIP3 levels remained elevated during the remobilization phase (+130%; p < 0.05), while PRKN 

levels reverted to baseline, suggesting differential regulation of mitophagy during the recovery 
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process. Moreover, we assessed other mitochondrial markers including the mitochondrial 

biogenesis marker TFAM (Figure 4C), the fission protein dynamin-1-like protein (DNM1L) 

(Figure 4J), and various mitochondrial-related proteins such as voltage-dependent anion channel 

1 (VDAC1), adenine nucleotide translocator 1 (ANT1), cytochrome c (CYCS), and superoxide 

dismutase 2 (SOD2) (Figure 4K-O). These proteins showed minimal fluctuations throughout the 

IM and RM phases, suggesting a stable expression under the conditions tested. Taken together, 

our findings demonstrate that IM induces significant changes in gene expression and physiological 

adaptations at the myofiber and mitochondrial levels. 
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Figure 4: Quantitative analysis of mitochondrial remodeling proteins in IM and RM muscles. A) Representative 

immunoblots of whole muscle lysate derived from GAS and QUAD. Quantitative analysis of B) PPARGC1A, 

C) TFAM, D) BNIP3, E) BNIP3L, F) PINK1, G) PRKN, H) OPA1, I) MFN2, J) DNM1L, K) VDAC1, L) 

ANT1, M) CYCS, N) SOD1, O) SOD2. * p < 0.05 compared to CTRL group. n = 8 per group. 

 

NAC treatment during immobilization suppresses mitophagic flux and exacerbates atrophy of type 

IIX and IIB myofibers 

Given the observed impairments in mitochondrial function and the activation of stress 

responses such as mitophagy and mitochondria-mediated CASP signaling likely due to oxidative 
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stress, we hypothesized that antioxidant treatment could mitigate these detrimental effects in IM 

muscles. We tested this hypothesis by administering daily treatments of the antioxidant N-

acetylcysteine (NAC) to animals throughout the IM period (Figure 5A). Contrary to our 

expectations, NAC treatment did not modify body mass nor preserve relative muscle mass of TA, 

GAS, and QUAD muscles (Figure 5B-E). No changes in absolute muscle mass were observed 

(data not shown). Surprisingly, NAC treatment during IM led to even greater reductions in the 

mean CSA of type IIX (-24%; p < 0.05) and IIB (-39%; p < 0.05) myofibers in the TA, with no 

changes observed in the overall fiber type distribution (Figure 5F-H). Furthermore, NAC treatment 

significantly attenuated mitophagy, as evidenced by suppressed mitophagic puncta count (-20%; 

p < 0.05) and average individual puncta size (-33%; p < 0.05; Figure 5I-K). These findings suggest 

that while antioxidant treatment can influence aspects of mitochondrial quality control, it does not 

necessarily counteract all the adverse effects of IM on myofiber size and may interfere with 

necessary cellular adaptation processes. It is interesting to note that the reduction in mitophagy 

was accompanied by significantly greater atrophy of glycolytic fibers in NAC treated animals, 

marking the first documentation of this phenomenon in vivo. 
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Figure 5: Effect of N-acetyl cysteine (NAC) treatment on immobilized muscles. A) Representative visualization 

of immobilization and NAC treatment protocol. B) Body mass of vehicle (VEH) and NAC treated animals. 

Normalized skeletal muscle mass measurements of C) tibialis anterior (TA), D) gastrocnemius (GAS), and E) 

quadriceps (QUAD). F) Representative immunofluorescent images of TA muscles from VEH and NAC treated 

immobilized animals. Samples were stained with antibodies specific for individual myosin heavy chain isoforms: 

type IIA (green), type IIX (red), type IIB (unstained), and dystrophin (DMD, red). Scale bars indicate 50 μm. G-

H) Quantification of mean cross-sectional area (CSA) and distribution of type IIA, IIX, and IIB myofibers. I) 

Representative confocal images of mitophagic flux from TA muscles of immobilized mt-Keima reporter mice 

treated with VEH or NAC. Green fluorescence indicates healthy mitochondria. Red fluorescence indicates 

degrading mitochondria. Scale bar indicates 50 μm. J) Quantification of mitophagic (i.e., red) puncta count per 

field. K) Quantification of average individual mitophagic puncta size. * p < 0.05 compared to VEH group. n = 5-

8 per group. 
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Given the significant alterations at the mitochondrial level, particularly with respect to 

mH2O2 emission and oxidative stress following IM, we questioned whether NAC treatment would 

alleviate some of the defects observed at the mitochondria level. Using high-resolution 

respirometry, we observed an increase in maximal mitochondrial respiration (+36%; p < 0.05) and 

a reduction in mH2O2 emission (-44%; p < 0.05) and electron leak fraction from NAC-treated IM 

muscles (-70%; p < 0.05; Figure 6B-E). We also conducted immunoblot analyses on whole muscle 

lysates and mitochondrial-enriched fractions from NAC-treated IM animals. These assays revealed 

no changes in SQSTM1, LC3B-I, LC3B-II, but a partial but non-significant reduction in the LC3B-

II:I ratio (Figure 6A & G-J). Interestingly, the reduction in ROS generation and slight reduction in 

LC3B-II:I ratio (p = 0.08) was not accompanied by a change in 4HNE (Figure 6K). Additionally, 

no observable changes in the mitochondrial localization of LC3B-II or the mitophagy receptor 

BNIP3 were observed following NAC treatment (Figure 6L-M).  

 

Figure 6: Quantitative analysis of autophagy and mitophagy proteins in VEH and NAC treated immobilized 

muscles. A) Representative immunoblots of whole muscle lysate and mitochondrial fractions derived from GAS 

and QUAD. B) Quantification of maximal oxygen consumption rate (i.e., respiration) of permeabilized bundles 
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from TA muscles. Simultaneous quantification of C) succinate-stimulated hydrogen peroxide (H2O2) production, 

and D) succinate + pyruvate/malate-stimulated H2O2 production in permeabilized TA muscle bundles. E) 

Quantification of mitochondrial fraction of electron leak. F) Quantification of oxidative phosphorylation 

(OXPHOS) coupling. Quantitative analysis of G) SQSTM1, H) LC3B-I, I) LC3B-II, J) LC3B-II:I, and K) 4HNE 

from whole muscle lysate. Quantitative analysis of L) LC3B-II, and M) BNIP3 from mitochondrial-enriched 

fractions. * p < 0.05 compared to VEH group. n = 5-10 per group. 

 

Further exploration into changes in the mitochondrial remodeling revealed no changes in 

proteins related to mitochondrial biogenesis (PPARGC1A and TFAM) or mitophagy (BNIP3 and 

BNIP3L) (Figure 7A-E). However, we observed a reduction in OPA1 (-17%; p < 0.05) and 

DNM1L levels (-33%; p < 0.05), while MFN2 remained unchanged (Figure 7F-H); suggesting a 

selective disruption of mitochondrial fusion and fission processes, potentially impairing 

mitochondrial dynamics in response to IM. Furthermore, we observed minimal alterations in other 

mitochondrial-related molecules (VDAC1 and CYCS) and antioxidant enzymes (SOD1 and 

SOD2), with the exception of ANT1, which exhibited a reduction in NAC-treated mice (-16%; p 

< 0.05; Figure 7I-M). These results indicate that NAC appears to positively influence 

mitochondrial function during IM, but its impact on broader maintenance of muscle mass remains 

limited. Taken together, our data demonstrate that while antioxidant treatment can improve 

mitochondrial function, it simultaneously limits mitophagic flux and exacerbates atrophy of type 

IIX and IIB fibers.  
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Figure 7: Quantitative analysis of mitochondrial remodeling proteins in VEH and NAC treated immobilized 

muscles. A) Representative immunoblots of whole muscle lysate derived from GAS and QUAD. Quantitative 

analysis of B) PPARGC1A, C) TFAM, D) BNIP3, E) BNIP3L, F) OPA1, G) MFN2, H) DNM1L, I) VDAC1, 

J) ANT1, K) CYCS, L) SOD1, M) SOD2. * p < 0.05 compared to VEH group. n = 10 per group. 

 

COL treatment during immobilization inhibits mitophagic flux and exacerbates atrophy of type 

IIX and IIB myofibers 

The improvements in mitochondrial function observed with NAC treatment did not lead to 

any preservation of muscle mass, highlighting a disconnect between mitochondrial functionality 

and muscle mass maintenance. However, the concurrent suppression of mitophagic flux and 

reduction in CSA of type IIX and IIB fibers may suggest that mitophagy is essential for 

maintaining the normal function of these fibers. To further investigate this, we explored the effects 

of pharmacologically inhibiting mitophagy on muscle and mitochondrial parameters following IM. 
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Due to the absence of specific inhibitors of mitophagy, we utilized colchicine (COL), a known 

inhibitor of microtubule polymerization, to broadly inhibit the autophagy machinery. Mt-Keima 

mice were IM and treated daily with COL starting on the second day of IM (5 total injections) to 

minimize any potential drug interaction with isoflurane (Figure 8A). COL treatment of IM animals 

did not modify body mass or normalized TA, GAS and QUAD muscle mass (Figure 8B-E). No 

changes in absolute muscle mass were observed (data not shown). However, we observed 

significant reductions in CSA of type IIX (-12%; p < 0.05) and IIB (-40%; p < 0.05) myofibers in 

the TA (Figure 8F-G), similar to NAC treated IM animals; indicating that COL treatment 

exacerbates immobilization-induced atrophy. Interestingly, we also noted a preferential loss of 

type IIB fibers, as evidenced by a decreased fiber type distribution, along with a compensatory 

increase in type IIA and IIX fibers (Figure 8H). Furthermore, COL treatment suppressed 

mitophagic flux as evidenced by a significant reduction in mitophagic puncta count (-88%; p < 

0.05), though it did not affect average individual puncta size (Figure 8I-K). These findings 

highlight that inhibition of the autophagy machinery via COL treatment limits mitophagic flux and 

leads to greater muscle atrophy in IM mice, in a similar manner to NAC treatment. 
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Figure 8: Effect of colchicine (COL) treatment on immobilized muscles. A) Representative visualization of 

immobilization and COL treatment protocol. B) Body mass of vehicle (VEH) and COL treated animals. 

Normalized skeletal muscle mass measurements of C) tibialis anterior (TA), D) gastrocnemius (GAS), and E) 

quadriceps (QUAD). F) Representative immunofluorescent images of TA muscles from VEH and NAC treated 

immobilized animals. Samples were stained with antibodies specific for individual myosin heavy chain isoforms: 

type IIA (green), type IIX (red), type IIB (unstained), and dystrophin (DMD, red). Scale bars indicate 50 μm. G-

H) Quantification of mean cross-sectional area (CSA) and distribution of type IIA, IIX, and IIB myofibers. I) 

Representative confocal images of mitophagic flux from TA muscles of immobilized mt-Keima reporter mice 

treated with VEH or NAC. Green fluorescence indicates healthy mitochondria. Red fluorescence indicates 

degrading mitochondria. Scale bar indicates 50 μm. J) Quantification of mitophagic (i.e., red) puncta count per 

field. K) Quantification of average individual mitophagic puncta size. * p < 0.05 compared to VEH group.  n = 4-

8 per group. 

 

COL treatment in IM animals resulted in significant mitochondrial dysfunction, as 

evidenced by decreased maximal respiration (-45%; p < 0.05), mH2O2 emission (-53%; p < 0.05), 

electron leak (-31%; p < 0.05), and impaired OXPHOS coupling efficiency (-30%; p < 0.05; Figure 
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9B-F). Immunoblot analyses further supported these findings, showing an accumulation of the 

autophagy marker SQSTM1 (+170%; p < 0.05; Figure 9G), LC3B-I (+87%; p < 0.05), LC3B-II 

(+63%; p < 0.05), and lipid peroxidation marker 4HNE (+100%; p < 0.05; Figure 9H-K). Despite 

these changes, no alterations were observed in mitochondrial-associated LC3B-II, BNIP3, or 

apoptotic regulators BAX and BCL2 at the mitochondrial level (Figure 9L-O). However, we 

observed a notable increase in CASP9 (+19%; p < 0.05) and CASP3 activities (+21%; p < 0.05) 

in COL treated animals, indicating enhanced mitochondrial-mediated CASP-signaling (Figure 9P-

Q). Interestingly, there were no changes in CAPN activity or in the 20S proteasome activity (Figure 

9R-S).  
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Figure 9: Quantitative analysis of autophagy and mitophagy proteins in VEH and COL treated immobilized 

muscles. A) Representative immunoblots of whole muscle lysate and mitochondrial fractions derived from GAS. 

B) Quantification of maximal oxygen consumption rate (i.e., respiration) of permeabilized bundles from TA 

muscles. Simultaneous quantification of C) succinate-stimulated hydrogen peroxide (H2O2) production, and D) 

succinate + pyruvate/malate-stimulated H2O2 production in permeabilized TA muscle bundles. E) Quantification 

of mitochondrial fraction of electron leak. F) Quantification of oxidative phosphorylation (OXPHOS) coupling. 

Quantitative analysis of G) SQSTM1, H) LC3B-I, I) LC3B-II, J) LC3B-II:I, and K) 4HNE from whole muscle 

lysate. Quantitative analysis of L) LC3B-II, M) BNIP3, N) BAX, and O) BCL2 from mitochondrial-enriched 

fractions. Quantitative analysis of P) CASP9 activity, Q) CASP3 activity, R) CAPN activity, and S) 20S 

proteasome activity. * p < 0.05 compared to VEH group. n = 6-8 per group. 

 

Moreover, COL treatment led to elevated levels of mitochondrial biogenesis and other 

mitochondrial markers, including total PPARGC1A, TFAM, DNM1L, CYCS, ANT, and SOD1 

(Figure 10A-B,H,J-L). This suggests a compensatory response, potentially due to reduced 
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degradation of these proteins. Conversely, the mitochondrial fusion proteins OPA1 and MFN2 

were suppressed in IM muscles treated with COL (Figure 10F-G). Taken together, these findings 

indicate that COL-induced inhibition of autophagy exacerbates mitochondrial dysfunction and 

oxidative stress, contributing to increased mitochondrial CASP signaling without impacting 

proteasomal degradation pathways. 

 

Figure 10: Quantitative analysis of mitochondrial remodeling proteins in VEH and COL treated immobilized 

muscles. A) Representative immunoblots of whole muscle lysate derived from GAS and QUAD. Quantitative 

analysis of B) PPARGC1A, C) TFAM, D) BNIP3, E) BNIP3L, F) OPA1, G) MFN2, H) DNM1L, I) VDAC1, 

J) ANT1, K) CYCS, L) SOD1, M) SOD2. * p < 0.05 compared to VEH group. n = 6 per group. 
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Discussion 

Skeletal muscle disuse atrophy is characterized by a significant loss of muscle mass and 

strength. The pathophysiology of disuse atrophy involves complex molecular mechanisms, 

predominantly characterized by a decrease in muscle protein synthesis and an increase in protein 

degradation (Mirzoev, 2020; Sandri, 2013; Sartori et al., 2021). These changes are also associated 

with alterations in mitochondrial mass and function (Hyatt & Powers, 2021; Muller et al., 2007; 

Petrick et al., 2023; Triolo et al., 2022; Yajid et al., 1998). Recent research has implicated 

mitochondrial remodeling, particularly mitophagy, in disuse atrophy (Triolo et al., 2022; F. Wang 

et al., 2023; Yamashita et al., 2021), though the exact mechanisms and role of mitophagy in the 

atrophy process remain unclear. In the present study, we found that: 1) immobilization-induced 

atrophy is accompanied by mitochondrial localization of BNIP3 and enhanced mitophagic flux, 2) 

antioxidant treatment of immobilized animals partially reduced mitophagy and caused greater 

atrophy, and 3) inhibition of the autophagic machinery and mitophagic flux negatively impacts 

mitochondrial function leading to exacerbated myofiber atrophy.  

 

Impact of hindlimb immobilization on mitochondrial remodeling 

Immobilization-induced muscle atrophy results in significant structural remodeling, 

characterized by the extensive degradation of contractile filaments and other cellular components 

(Pellegrino et al., 2011; Plotkin et al., 2024). This structural remodeling is primarily attributed to 

a molecular shift from growth-promoting to degradation-signaling pathways (Pellegrino et al., 

2011). Key molecular pathways such as PI3K-AKT-MTORC1 are involved in this process, 

regulating transcription factors like FOXO3A, and subsequently influencing the expression of 

proteolytic genes such as tripartite motif containing 63 (Trim63) and F-box protein 32 (Fbxo32) 
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(Atherton et al., 2016; K.-H. Lin et al., 2021; Stitt et al., 2004; Wu et al., 2023). To make matters 

worse, activation of other degradative pathways like apoptosis also occurs during disuse atrophy. 

In fact, proteomic analyses have highlighted significant mitochondrial remodeling in IM human 

vastus lateralis muscles, showing downregulation of genes related to mitochondrial organization 

and metabolism, and upregulation of genes linked to apoptosis and ubiquitination (Deane et al., 

2021). These findings corroborate our RNA sequencing results, which demonstrate an increase in 

differentially expressed genes (DEGs) associated with cellular stress responses (i.e., UPS and 

apoptosis), and a decrease in DEGs linked to muscle contraction, mitochondrial function, and 

metabolism. Gene ontology analyses further support these findings, indicating an upregulation of 

genes related to UPS and apoptotic signaling, and a downregulation of genes involved in myofiber 

organization and mitochondrial function. The consistency of our RNA sequencing results with 

findings from human studies (Deane et al., 2021) emphasizes the relevance of our research to 

understanding human muscle atrophy. By paralleling human data, our work confirms the universal 

nature of the molecular mechanisms driving muscle atrophy across different species while also 

enhancing the applicability of our models. 

Our RNA sequencing results are bolstered by in vivo experiments that illustrate progressive 

muscle loss in IM animals, with partial recovery following RM. Notably, 7-days of IM led to 

considerable muscle loss and weakness, coupled with increased mitophagic flux, which 

corroborate prior findings (Yamashita et al., 2021). The observed increases in mitophagy flux from 

the present study align with those seen in other types of disuse atrophy, such as denervation. For 

instance, denervation-induced disuse atrophy is reported to enhance mitophagic flux within just 

24 hours (Triolo et al., 2022). Comparatively, denervation induces atrophy and mitophagic flux 

more rapidly than IM (Triolo et al., 2022; Xu et al., 2022). Additionally, our findings suggest a 
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fiber type specific response to immobilization-induced atrophy; specifically, types IIX and IIB 

fibers undergo significant atrophy and do not fully recover following RM. In contrast, type IIA 

fibers seem to regain their original size upon remobilization, potentially due to differences in 

phenotypic parameters like recruitment patterns or their inherently greater oxidative capacity 

(Bloemberg & Quadrilatero, 2012; Rahman et al., 2024). For example, our previous work found 

that oxidative muscles exhibit lower autophagic flux (Paré et al., 2017), potentially moderating the 

extent of remodeling in response to atrophic stimuli like IM. Overall, the current data confirm a 

consistent association between muscle atrophy and mitophagic flux in both IM and subsequent 

RM phases. 

We observed mitochondrial dysfunction characterized by reduced maximal respiration, 

increased mitochondrial ROS emission, and a higher fraction of electron leak, which aligns with 

elevated lipid peroxidation. These dysfunctions correlate with findings from other studies utilizing 

disuse atrophy models that also report impaired mitochondrial function, including lower OCR and 

greater ROS emission (Hyatt & Powers, 2021; Muller et al., 2007; Petrick et al., 2023; Triolo et 

al., 2022; Yajid et al., 1998). The elevated mitophagic flux observed may be a compensatory 

response activated by mitochondrial dysfunction, aiming to mitigate further damage to the 

myofibers. Although changes in autophagy recognition or cargo molecules were not pronounced 

in whole muscle lysates or mitochondrial-enriched fractions, the previously discussed increased 

flux indicates active mitochondrial degradation. Notably, we detected significant mitochondrial 

localization of BNIP3 in IM animals, persisting even after 7-days of remobilization, which is 

consistent with previous work (F. Wang et al., 2023). Previous studies have also identified 

upregulation of mitophagy-related molecules such as PINK1 and PRKN and their transcripts 

(Deval et al., 2020; C. Kang et al., 2016; Yamashita et al., 2021), but this is the first observation 
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of BNIP3 in the mitochondrial fraction. BNIP3 may influence several mitochondrial parameters, 

including bioenergetics, mitophagic flux, and apoptosis (Chakraborti et al., 2002; Choi et al., 2016; 

Rikka et al., 2011). As we explored other BH3-containing molecules, we observed increased 

BAX:BCL2 ratio in mitochondrial fractions from remobilized muscles, suggesting MOMP 

opening during this phase. Moreover, elevated activities of CASP9 and CASP3 in both IM and 

RM muscles underscore the role of mitochondrial apoptotic signaling in the observed muscle 

atrophy and dysfunction. 

Enhancements in degradative pathways are associated with significant changes in 

molecular signaling, which also govern mitochondrial biogenesis and dynamics. Previous studies 

have reported a suppression of PPARGC1A, the master regulator of mitochondrial biogenesis, in 

IM muscles (Cannavino et al., 2015; C. Kang et al., 2016; Sandri et al., 2006). Consistent with 

these findings, our results demonstrate a reduction in PPARGC1A, indicating diminished 

mitochondrial biogenesis signaling. This reduction likely stems from the decreased energy 

demands of IM muscles, which diminish the requirement for new mitochondria formation. 

Intriguingly, PPARGC1A OE has been shown to mitigate muscle atrophy associated with disuse 

conditions such as IM and denervation (Cannavino et al., 2015; C. Kang et al., 2016; Sandri et al., 

2006). Furthermore, changes in mitochondrial dynamics have been observed, with some studies 

noting an increase in DNM1L, indicative of mitochondrial fission or fragmentation following 

disuse (Cannavino et al., 2014; Romanello et al., 2010; Romanello & Sandri, 2010), although this 

was not universally observed (Petrick et al., 2023; Xu et al., 2022). While our data did not reveal 

alterations in DNM1L expression in IM muscle, we noted a decrease in OPA1 and MFN2 levels 

following IM, suggesting a potential shift towards mitochondrial fragmentation. It is possible that 

DNM1L levels change soon after the onset of disuse, as increased DNM1L levels has been detected 
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as early as three days following IM, along with reduced Opa1 and Mfn1/2 transcripts (Cannavino 

et al., 2014, 2015). The increased mitophagic flux in response to IM suggests that a shift in 

mitochondrial dynamics towards fission might occur early in the process to facilitate efficient 

mitochondrial degradation.  

 

NAC treatment suppresses mitophagy flux and worsens immobilization-induced muscle atrophy 

It is noteworthy that mitophagic flux increases in parallel with muscle atrophy during IM. 

Accompanying this increase, we observed enhanced mitochondrial dysfunction, as evidenced by 

elevated mitochondrial ROS emission and increased lipid peroxidation. Given the established role 

of ROS in promoting muscle atrophy, we explored the potential benefits of modulating ROS 

signaling during IM to preserve muscle mass and mitochondrial function. However, our 

experiments using NAC did not demonstrate any preservation of muscle mass, aligning with 

previous findings that show limited efficacy of some antioxidant treatment in maintaining muscle 

mass (Farid et al., 2005; Petrick et al., 2023). In contrast to these findings, other research groups 

employing more potent antioxidants, such as vitamin E and mitochondrial-targeted antioxidants, 

have reported partial or complete preservation of muscle mass (Appell et al., 1997; Demiryürek & 

Babül, 2004; Kondo et al., 1992; Servais et al., 2007). Interestingly, our data revealed selective 

atrophy in type IIX and IIB myofibers following NAC treatment, which was associated with 

reduced mitophagic flux. To our knowledge, this is the first report of specific atrophy in type IIX 

and IIB fibers in IM muscles. In the mouse TA muscles, type IIX fibers constitute approximately 

30% and type IIB fibers about 60% of the total fibers. A 24% to 40% reduction in CSA of these 

fibers highlights the significant muscle atrophy resulting from NAC treatment. Evaluating changes 

in CSA provides a more accurate measure of muscle atrophy compared to muscle mass, which can 
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be influenced by fluid accumulation. The observed reduction in CSA of these fibers, coupled with 

decreased mitophagic flux suggests an interaction between mitophagic flux and myofiber size 

regulation. Exploring the use of a more potent antioxidant could be intriguing, particularly to 

assess whether it not only preserves muscle mass but also modulates mitophagic flux. 

Further investigation into the effects of NAC treatment in IM muscle on mitochondrial 

function has demonstrated improvements in maximal respiration and reductions in mitochondrial 

ROS emission. Although mitochondrial function improved, there were no significant changes in 

the markers of autophagy, including the mitochondrial localization of LC3B-II and BNIP3 in IM 

muscles. This is similar to a previous study that found NAC treatment was insufficient to alter 

fasting-induced lipidation of LC3 (Qi et al., 2014). This would suggest that while NAC can 

enhance mitochondrial respiratory capacity and reduce oxidative stress, it does not significantly 

impact the autophagic processes involved in mitochondrial quality control in the context of muscle 

IM. Nonetheless, our observations indicate that while NAC limits mitophagic flux, it does not 

affect the localization of autophagic and mitophagic proteins at the mitochondria. It is possible 

that alterations in the redox state induced by NAC might interfere with the molecular interactions 

necessary for cargo recognition at the mitochondrial level or could potentially impair the 

autophagy machinery through other mechanisms. However, when examining the total content of 

proteins involved in mitochondrial remodeling, we observed no significant changes in 

mitochondrial biogenesis, dynamics, or general mitochondrial-related proteins. These findings 

indicate that ROS signaling is essential for mitophagy, acting to prevent excessive muscle atrophy. 

Conversely, reducing ROS signaling through NAC treatment suppresses mitophagic flux and 

exacerbates muscle atrophy in IM muscles. 
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COL treatment disrupts mitochondrial proteostasis, activates degradative pathways, and 

contributes to greater atrophy of immobilized muscles 

Our data reveal that muscle atrophy coincides with increased mitophagy. Although 

treatment with NAC seems to moderately suppress this mitophagic activity and enhance 

mitochondrial function, it does not prevent the reduction in muscle mass. Intrigued by these 

findings, we investigated the effects of autophagy/mitophagy inhibition through multiple 

injections of colchicine. Colchicine treatment substantially reduced mitophagic flux but did not 

significantly alter overall muscle mass. However, we noted a consistent decrease in the CSA of 

type IIX and IIB fibers and observed a shift in fiber type distribution towards a slower contracting 

phenotype. Specifically, we observed a greater number of type IIA and IIX fibers and a loss of 

type IIB fibers. It is important to note that the selective loss of type IIB fibers, accompanied by a 

40% reduction in their CSA, clearly indicates significant muscle atrophy in colchicine treated 

animals following IM. Previous research has demonstrated that autophagy-deficiency exacerbate 

muscle loss in models of denervation, intensifying atrophic signaling due to disrupted proteostasis 

and the accumulation of protein aggregates such as SQSTM1 and ubiquitin (Masiero et al., 2009). 

Although the mechanisms of muscle loss in denervation and immobilization-induced atrophy are 

similar, denervation typically results in a more profound loss of muscle mass (Masiero et al., 2009; 

Triolo et al., 2022; Xu et al., 2022). While earlier studies have shown significant atrophy in 

autophagy-deficient muscles, our results differ. We observe selective atrophy primarily in fast 

glycolytic myofibers. Considering we previous found that fast/glycolytic muscles are particularly 

vulnerable to autophagy-deficiency (Paré et al., 2017), we propose that the reduction in IIX and 

IIB fiber CSA and the shift in fiber type distribution represent adaptive responses to compromised 

proteostasis in these fibers. 
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Colchicine treatment during the immobilization phase markedly impaired mitochondrial 

function, as evidenced by a decrease in maximal respiration, increased mitochondrial ROS 

emission, and reduced coupling efficiency. Furthermore, colchicine administration in IM muscles 

led to enhanced lipid peroxidation. This finding aligns with previous work (Buch et al., 2020) that 

reported compromised mitochondrial function characterized by diminished maximal respiration 

and elevated ROS production following two days of colchicine treatment. Interestingly, our 

experiments demonstrated a reduction in ROS generation, which may be linked to mitochondrial 

membrane damage. This association is supported by the observed decline in all measured 

mitochondrial functional parameters, indicating compromised mitochondrial integrity. This 

damage, likely resulting from the accumulation of cellular debris and augmented stress signaling 

due to immobilization, might interfere with normal mitochondrial ROS production mechanisms. 

Additionally, our analysis revealed an accumulation of SQSTM1, LC3B-I, and LC3B-II 

with colchicine treatment in whole muscle lysates, yet no discernible changes were observed in 

the mitochondrial localization of proteins associated with autophagy or mitophagy. Moreover, 

studies have consistently reported an accumulation of autophagy-related molecules like LC3B-II 

in whole muscle lysates and mitochondrial fractions of animals treated with colchicine for 1-2 days 

(Carter et al., 2018; Y. Kim, Triolo, et al., 2019; Paré et al., 2017; Triolo et al., 2022; Vainshtein 

et al., 2015). We hypothesize that prolonged inhibition (i.e., 5-days) of microtubule polymerization 

might also reduce the efficiency of targeting mitochondria. In other words, although mitochondria 

continue to be tagged by mitophagy-related proteins like BNIP3, they are not efficiently targeted 

by autophagosomes, resulting in inadequate removal. Previous research has demonstrated that 

BNIP3 is induced in autophagy-deficient models, suggesting its role in activating CASP and 

initiating mitochondrial apoptotic signaling (Masiero et al., 2009). While no changes were detected 
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in the mitochondrial localization of apoptotic molecules in colchicine-treated animals, we 

observed elevated CASP9 and CASP3 activities, indicating the activation of alternative stress 

responses in an autophagy-deficient state. This phenomenon has been previously documented in 

vitro by our group (Baechler et al., 2019; McMillan & Quadrilatero, 2014). 

Following colchicine treatment in IM muscles, we observed significant changes indicative 

of altered mitochondrial dynamics. Notably, there was an accumulation of PPARGC1A and 

TFAM, suggesting an enhancement of mitochondrial biogenesis signaling. Additionally, we 

detected increased levels of DNM1L along with decreased levels of OPA1 and MFN2, suggesting 

a shift toward increased mitochondrial fission. These findings partially corroborate previous 

research that reported elevated DNM1L protein levels after 2-days of colchicine treatment (Ju et 

al., 2016). While our confocal microscopy analysis did not reveal any major changes in 

mitochondrial morphology, it is possible that higher resolution imaging techniques might uncover 

subtle alterations. Furthermore, although no significant changes were observed in the levels of the 

mitophagy receptors BNIP3 and BNIP3L, there were elevations in IMM molecules ANT1 and 

CYCS. Collectively, these results suggest that colchicine treatment may significantly influence 

mitochondrial biogenesis and dynamics in IM muscle tissues. 

 

Mitophagy protects against immobilization-induced muscle atrophy 

Mitophagy plays an essential role in mitigating the deleterious effects of mitochondrial 

damage. Damaged mitochondria often exhibit reduced ATP production and elevated ROS 

emission, leading to cellular dysfunction (Van Houten et al., 2006). By clearing damaged 

mitochondria, mitophagy helps maintain cellular homeostasis and prevents oxidative stress, which 

can trigger cell death. This is particularly vital in post-mitotic cells, such as skeletal muscle 
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cells/fibers that accumulate cellular damage over time. The significance of mitophagy extends to 

various muscle-specific conditions, including denervation, spinal cord injuries, muscular 

dystrophies, and the aging process (Rahman & Quadrilatero, 2021a, 2021b). In the case of disuse 

atrophy, increased autophagy and mitophagy signaling along with heightened mitophagic flux 

have been reported (Triolo et al., 2022; Vainshtein et al., 2015; F. Wang et al., 2023; Yamashita 

et al., 2021). The current study investigated whether mitophagy acts as a protective mechanism 

against muscle atrophy or contributes to greater atrophy by reducing the overall mitochondrial 

pool. Our findings reveal that direct inhibition of autophagy using colchicine, or indirect 

suppression of mitophagy with NAC, both resulted in significant atrophy in glycolytic fibers, 

specifically type IIX and IIB. Moreover, despite their differing impacts on mitochondrial function, 

with NAC enhancing mitochondrial function and colchicine impairing mitochondrial function, the 

end result was a similar degree of muscle atrophy. This observation likely relates to the observed 

reduction in mitophagic flux, suggesting that maintaining mitophagic activity is crucial for 

preserving muscle integrity, regardless of the initial mitochondrial condition. Interestingly, 

enhancing mitophagic flux with treatments like urolithin A in rodents has been shown to improve 

muscle function, as evidenced by increased grip strength, maximal running distance, upregulated 

mitophagy-related genes (i.e., Bnip3, Pink1, Prkn, Becn1), and increased CSA in mdx mouse 

muscle (Luan et al., 2021; Ryu et al., 2016). Randomized clinical trials in humans supplementing 

urolithin A have found elevated markers of mitochondrial function, PRKN levels, and overall 

muscle performance (Andreux et al., 2019; Faitg et al., 2024; S. Liu et al., 2022; Singh et al., 

2022). Nonetheless, accumulating data suggests that promoting mitophagy could potentially 

counteract muscle atrophy in IM conditions, highlighting the need for further research. Overall, 
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our findings provide conclusive evidence of the necessity of mitophagy in limiting atrophy in IM 

muscle.  
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Conclusion 

In conclusion, the present study reveals key insights into the molecular and physiological 

adaptations associated with immobilization-induced skeletal muscle atrophy. We found that 

mitochondrial dysfunction and increased mitophagic activity are associated with muscle atrophy, 

highlighting a complex interplay between mitochondrial damage and the autophagic removal of 

dysfunctional mitochondria. Our results demonstrate that mitophagy acts as a protective 

mechanism against excessive atrophy in immobilized muscles. Inhibiting mitophagic flux, either 

through antioxidant treatment or by blocking autophagic processes, exacerbates muscle atrophy. 

These findings emphasize the importance of balanced mitochondrial quality control and overall 

mitochondrial remodeling in maintaining muscle function during periods of disuse. Future studies 

may wish to target nuanced aspects of mitochondrial remodeling to try and enhance the 

coordination between these processes during disuse atrophy. This could involve developing 

targeted therapies that modulate these processes without impairing overall cellular function, 

potentially leading to more effective strategies against immobilization-induced muscle atrophy. 
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Chapter 5: Summary and Conclusion   
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Perspective  

This thesis investigated the crucial role of mitochondrial remodeling during skeletal muscle 

formation, postnatal muscle development, and atrophy. These stages reflect the various phases our 

muscles undergo throughout life. We utilized diverse experimental models, including cell and 

animal models, to explore complex biological processes such as autophagy, mitophagy, 

mitochondrial dynamics, biogenesis, and apoptosis. These processes are integral to muscle 

physiology but are poorly understood in the aforementioned stages. In a cell model of muscle 

formation (i.e., myogenesis), we manipulated the genetic expression of key molecules involved in 

mitochondrial dynamics, mitophagy, and biogenesis. This approach is particularly valuable for 

studying muscle formation that occurs in utero, where direct observation and manipulation are 

challenging. Additionally, we utilized a unique reporter model containing a mitochondria-targeted 

fluorescent molecule (mt-Keima) that changes fluorescence based on the pH of its environment. 

This model enabled us to address fundamental yet unexplored questions regarding the role of 

mitophagy during postnatal development and immobilization-induced atrophy. We employed 

several different methodologies, including the investigation of overall signaling and mitochondrial 

targeting, to better understand how these processes interact in the context of postnatal development 

and atrophy. Furthermore, we conducted experiments where different compounds were 

administered to animals to alter specific pathways like ROS and autophagy signaling. These 

experiments provided further insights into mitochondrial remodeling in muscle physiology. 
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Chapter 2 Summary 

The major aims and hypotheses of Chapter 2 were: 

1. To determine the regulatory role of mitochondrial fission on mitophagy and biogenesis 

during myogenesis. I hypothesized that upregulation of mitochondrial fission would 

accelerate mitophagy, subsequently signaling the activation of mitochondrial biogenesis to 

enhance differentiation, while suppression of mitochondrial fission would reduce 

mitophagy and biogenesis, leading to impaired myogenic differentiation.  

2. To determine if the overexpression of mitophagy or biogenesis markers were sufficient in 

rescuing defects in myogenesis that were accompanied by a lack of mitochondrial fission. 

I hypothesized that the overexpression of mitophagy receptor BNIP3 would fail to 

differentiate cells in a fission-deficient state, while overexpression of biogenesis protein 

PPARGC1A would partially restore myogenic differentiation in fission-deficient cells by 

enhancing mitochondrial content and function.  

3. To determine if the overexpression of mitochondrial fission proteins DNM1L signals 

mitochondrial biogenesis independent of BNIP3-mediated mitophagy. I hypothesized that 

the overexpression of DNM1L would fail to signal mitochondrial biogenesis in BNIP3-

deficient cells, leading to failed myogenic differentiation. 

 

Major Findings:  

1. Overexpression of DNM1L increased mitochondrial network fragmentation and enhanced 

mitophagic flux during myogenic differentiation of C2C12 cells. DNM1L OE did not 

adversely affect the process of myogenesis but resulted in smaller myotubes. Despite these 

changes, DNM1L OE did not alter levels of proteins involved in mitochondrial turnover 

such as PPARGC1A, BNIP3, BNIP3L, and PINK1.  

2. Knockdown of DNM1L limited mitochondrial network fragmentation and subsequent 

mitophagic flux during myogenic differentiation of C2C12 cells. DNM1L knockdown 

significantly impeded myogenesis and was associated with elevated mitochondrial 

apoptotic signaling, evidenced by increased activities of CASP9 and CASP3. Furthermore, 

DNM1L knockdown diminished mitochondrial biogenesis and mitophagy signaling, as 

indicated by reduced levels of PPARGC1A, BNIP3, and PINK1.  

3. Overexpression of BNIP3 promoted mitophagy flux in fission-deficient cells (i.e., DNM1L 

KD). While BNIP3 OE reduced mitochondrial apoptotic signaling (CASP9 and CASP3 

activities), it did not impact myogenesis in fission-deficient cells. Notably, BNIP3 OE 

suppressed PPARGC1A levels without affecting other mitophagy- or mitochondrial-

related proteins.  

4. Overexpression of PPARGC1A exacerbated myogenic defects in fission-deficient cells, 

independently of any increase in mitophagy- or mitochondrial-related protein levels.  

5. DNM1L OE in Bnip3-/- cells increased mitochondrial fragmentation and mitophagic flux. 

This OE was also associated with reductions in MPTP opening, and activities of CASP9 

and CASP3. However, it failed to restore myogenesis or modify mitochondrial remodeling 

signaling in Bnip3-/- cells. 
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Chapter 3 Summary 

The major aims and hypotheses of Chapter 3 were: 

1. To characterize mitochondrial remodeling during postnatal development of skeletal 

muscle. I hypothesized that postnatal development would be accompanied by an initial 

stage of mitochondrial turnover via mitophagy followed by biogenesis and formation of 

higher functioning mitochondria in skeletal muscle. 

2. To determine the role of autophagy/mitophagy-deficiency on mitochondrial remodeling 

during postnatal development. I hypothesized that Atg7-deficiency would prevent the 

initiation of mitophagy and biogenesis during postnatal development, leading to 

incomplete maturation of the mitochondrial network and significant mitochondrial 

dysfunction.  

 

Major Findings:  

1. RNA sequencing analyses revealed that BNIP3 was the only gene differentially expressed 

and related to mitochondrial remodeling during postnatal development. Postnatal 

development was characterized by an upregulation of genes associated with metabolism 

and a downregulation of genes associated with cell growth and differentiation.  

2. In vivo experiments demonstrated significant increases in body mass, muscle mass, and 

myofiber CSA, with a notable doubling occurring from P21 to P42.  

3. Mitochondria continued to mature during postnatal development as evidenced by increased 

maximal respiration and reduced electron leak. This was accompanied by elevated 

mitophagic flux and increased mitochondrial localization of autophagy and mitophagy 

proteins, including LC3B-II, BNIP3, PINK1, and PRKN.  

4. There was a decline in phosphorylated to total AMPK and an increase in phosphorylated 

to total P70S6K, suggesting divergent changes in signaling pathways with greater signaling 

of anabolism during postnatal development.  

5. Postnatal development of skeletal muscle showed reduced mitochondrial biogenesis 

signaling (i.e., PARGC1A and TFAM), alongside increased mitophagy signaling (i.e., 

BNIP3) and a potential shift in mitochondrial morphology towards mitochondrial fusion, 

indicated by increased OPA1 and reduced DNM1L.  

6. Skeletal muscle-specific Atg7 knockout (skmKO) mice exhibited no changes in body mass, 

muscle mass or mitochondrial function compared to controls; however, they displayed 

compensatory hypertrophy of type IIX fibers. In these mice, mitophagic flux was ablated, 

but this did not correspond with alterations in mitochondrial function.  

7. We observed a compensatory activation of enzymes corresponding to alternative 

degradative pathways including CASP9, CASP3, CAPN, and 20S Proteasome.  

8. There were observed reductions in phosphorylated to total FOXO3A and an elevation in 

phosphorylated to total P70S6K in skmKO mice compared to controls.  

9. Consistent reductions in proteins related to mitophagy (i.e., BNIP3, BNIP3L, PINK1), 

mitochondrial fusion (i.e., OPA1, MFN2), and other mitochondrial-associated proteins 

(i.e., VDAC1, ANT1) were observed in skmKO mice compared to controls. 
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Chapter 4 Summary 

The major aims and hypotheses of Chapter 4 were: 

1. To understand how mitochondrial remodeling processes change in response to hindlimb 

immobilization and remobilization. I hypothesized that hindlimb immobilization would 

induce significant mitochondrial defects necessitating mitochondrial fission and 

mitophagy, while simultaneously suppressing biogenesis. Additionally, I hypothesized that 

these mitochondrial defects would reverse following hindlimb remobilization. 

2. To understand how inhibition of ROS signaling or inhibition of the autophagy machinery 

affects atrophy. I hypothesized that antioxidant treatment with NAC would partially 

preserve mitochondrial function, resulting in partial preservation of muscle mass following 

hindlimb immobilization. Additionally, I hypothesized that complete inhibition of the 

autophagy machinery with COL would exacerbate mitochondrial defects and result in 

greater muscle atrophy following hindlimb immobilization. 

 

Major Findings:  

1. Hindlimb immobilization led to an upregulation of genes associated with protein 

degradation, specifically those linked to UPS and apoptosis, alongside a downregulation 

of genes involved in muscle development and mitochondrial components.  

2. Immobilization induced atrophy across large musculature of the hindlimb, which was 

partially reversed upon remobilization. Notably, type IIA fibers recovered following 

remobilization, whereas type IIX and IIB fibers did not.  

3. There was an increase in mitophagic flux following immobilization that remained elevated 

even after remobilization. Concurrently, there was a reduction in mitochondrial function, 

evidenced by decreased maximal respiration and increased ROS emission. The 

mitochondrial localization of the mitophagy receptor BNIP3 was also noted during 

immobilization and remobilization phases.  

4. Immobilization was associated with enhanced mitochondrial apoptotic signaling, 

specifically through the activities of CASP9 and CASP3. Additionally, there was increased 

mitophagy signaling coupled with suppressed mitochondrial biogenesis signaling.  

5. During the immobilization phase, NAC treatment resulted in greater atrophy of type IIX 

and IIB fibers. However, it suppressed mitophagic flux, enhanced mitochondrial function, 

and reduced ROS emission without significantly modifying mitochondrial remodeling 

markers or the localization of autophagy/mitophagy-related molecules.  

6. COL treatment during immobilization caused atrophy of type IIX and IIB fibers. COL 

inhibited mitophagic flux and did not alter mitochondrial tagging with mitophagy or 

apoptosis molecules. Following immobilization and COL treatment, we observed 

mitochondrial apoptotic signaling and the accumulation of several biogenesis and 

mitochondria-related molecules.  
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Broad Summary 

Over the past three decades, the study of cellular remodeling has emerged as a major area 

of interest within the scientific community, reflecting its fundamental role in modulating cellular 

structure and function in response to diverse stimuli. Cellular remodeling induces profound 

changes in morphology and function, pivotal for regulating cell fate through a balance of growth 

and degradative signals (Bloemberg & Quadrilatero, 2019; Y. Kim, Yang, et al., 2019; Rahman & 

Quadrilatero, 2021b). A major component of this remodeling is mitochondrial remodeling through 

mechanisms like fission, fusion, mitophagy and biogenesis, which are especially relevant in post-

mitotic tissues such as skeletal muscle. Skeletal muscle mitochondria undergo extensive 

remodeling across various physiological and pathological states (Rahman & Quadrilatero, 2021b, 

2021a, 2022). The controlled remodeling of the mitochondrial network is crucial for regulating 

processes like myogenesis, postnatal muscle growth, and muscle atrophy.  

 The function of mitochondrial remodeling varies across different physiological states. This 

thesis explored the role of mitochondrial remodeling processes in skeletal muscle throughout the 

lifespan. During embryonic development, skeletal muscle arises from unspecialized stem cells that 

activate, proliferate, differentiate, and fuse to form nascent myofibers (Dumont, Wang, et al., 2015; 

Hawke & Garry, 2001). This energetically demanding process involves a transition from a state of 

low mitochondrial function to one characterized by enhanced respiration and OXPHOS capacity 

(Barbieri et al., 2011; Robinson et al., 2019; Sin et al., 2016; Vertel & Fischman, 1977). This 

renewal process necessitates the remodeling and enrichment of the mitochondrial pool through 

mitophagy, which depends on mitochondrial fission. We demonstrated this using a genetic 

knockdown of the fission protein DNM1L. Our findings indicated that downstream processes such 

as mitophagy and mitochondrial biogenesis can occur independent of mitochondrial fission; 
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however, this is insufficient for myogenesis. Additionally, we found that BNIP3 is required for 

myogenic differentiation and its function may extend beyond its role in mitophagy. Thus, the 

sequential process of mitochondrial fission, mitophagy, and biogenesis was essential for renewing 

mitochondria in myoblasts, facilitating myotube formation. In this context, mitophagy was 

proposed as a mechanism for the removal of immature mitochondria. 

During postnatal muscle growth, there was an observed increase in mitophagic flux 

alongside a reduction in mitochondrial biogenesis signaling as development progresses from 

neonatal to late-adolescent stages. While this may seem contradictory to earlier studies that 

suggested a shift towards increased mitochondrial biogenesis signaling and network 

morphological changes (Y. Kim et al., 2024; Y. Kim, Yang, et al., 2019), the overall enhancement 

of mitochondrial function implies maturation of the mitochondrial network. Initially, it was 

hypothesized that increased mitophagy during postnatal development would occur first to facilitate 

the removal of immature mitochondria and biogenesis would occur later to promote formation of 

higher functioning mitochondria. To our surprise, the opposite was the case: biogenesis signaling 

declined while mitophagic flux and signaling increased throughout the developmental process. 

Interestingly, Atg7 knockout completely ablated mitophagy flux, without affecting muscle growth 

or mitochondrial function. The capacity of the mitochondrial network to mature independently of 

mitophagy may be attributable to intrinsic mitochondrial changes. One such change could be 

cristae remodeling, which can enhance mitochondrial efficiency without directly involving 

mitophagy (Cogliati et al., 2013; Gomes et al., 2011; Patten et al., 2014). In addition, the activation 

of alternative degradative pathways including mitochondrial apoptotic signaling, ER stress 

signaling, and UPS signaling may assist in the remodeling of the mitochondrial network. The 

compensatory activation of these alternative degradative pathways have been observed in our lab 
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and by other groups (Baechler et al., 2019; Cuervo et al., 1995; Marshall et al., 2021; McMillan & 

Quadrilatero, 2014; Paré et al., 2017; Tannous et al., 2008; X. J. Wang et al., 2013). Nonetheless, 

the dynamic changes within the mitochondrial network and compensatory activation of alternative 

degradative pathways may temporarily protect it; however, this protection is likely finite. Over 

time, the cumulative damage to the mitochondrial network could lead to whole-tissue dysfunction, 

as noted in previous studies (Masiero et al., 2009; Paré et al., 2017). In the context of postnatal 

development, it appears that the maturation of the mitochondrial network can occur independently 

of mitophagy, although the precise mechanisms behind this remain unclear. 

In the hindlimb immobilization model, mitochondrial remodeling played a distinct role 

compared to previous in vitro and developmental models. This divergence is attributed to the 

experiments being conducted on skeletal muscle from mature mice. Immobilization-induced 

atrophy was accompanied by increased mitophagy and reduced biogenesis signaling. The 

reduction in mitochondrial biogenesis signaling likely reflected diminished energetic demand, 

while increased mitophagy protects against further mitochondrial damage. Interestingly, while the 

mitochondrial defects returned to normal following remobilization, mitophagic flux remained 

elevated potentially to aid in the removal of dysfunctional mitochondria that accumulated during 

the immobilization phase. Further investigation with treatments like NAC or COL resulted in 

atrophy of type IIX and IIB fibers. Atrophy of these fibers correlated with reduced mitophagic flux 

but not mitochondrial function since NAC enhanced mitochondrial function whereas COL reduced 

mitochondrial function. It is crucial to acknowledge that ROS have been previously implicated as 

a signaling mechanism promoting muscle atrophy (Powers et al., 2012). Additionally, previous 

studies have not conclusively determined whether mitophagy exacerbates or mitigates muscle 

atrophy (Triolo et al., 2022; Vainshtein et al., 2015; F. Wang et al., 2023; Yamashita et al., 2021). 



 170 

 

Our data clearly demonstrate that mitophagy is essential for preventing excessive atrophy, with a 

reduction in mitophagic activity correlating with increased atrophy in immobilized muscles. This 

evidence underscores the vital role of mitophagy in preserving glycolytic myofibers from atrophy 

caused by immobilization. 

The nuanced interpretation of data emphasises the importance of context when assessing 

the roles and impacts of mitochondrial dynamics within various muscle conditions, highlighting 

how different cellular and tissue conditions can affect the functional outcomes of mitochondrial 

remodeling. 
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Mitochondrial Fission Regulates Mitophagy and Biogenesis 

 Mitochondrial fission is an important preliminary step to mitophagy and plays a vital role 

in maintaining cellular function by ensuring the efficient removal of damaged or dysfunctional 

mitochondria. Fission divides the mitochondrial network into smaller fragments, which facilitates 

the selective recognition and sequestration of these fragments by autophagosomes (Song et al., 

2015; Twig & Shirihai, 2011). Essentially, a hyperfused mitochondrial network poses a physical 

challenge for the autophagy machinery, making it difficult to target and degrade the mitochondria 

efficiently (Song et al., 2015; Twig & Shirihai, 2011). Conversely, a fragmented mitochondrial 

network allows for more effective degradation by autophagic processes.  

In this thesis, we provide robust evidence that mitochondrial fission precedes mitophagy 

in vitro during myogenesis, aligning with numerous previous studies (Burman et al., 2017; Gomes 

et al., 2011). The process of mitochondrial fission is primarily accomplished by the protein 

DNM1L, which localizes to mitochondria by binding to adaptor molecules on the OMM to 

facilitate fission. Our genetic manipulations of DNM1L expression revealed that its loss 

significantly reduced mitophagic flux, whereas its overexpression enhanced mitophagic flux 

during myogenesis. These alterations result in either the complete cessation of myogenic 

differentiation/fusion or the atrophy of myotubes. Similar effects have been reported by other 

research groups, where suppression of DNM1L GTPase activity, either through chemical 

inhibitors or dominant negative mutations of DNM1L, inhibits myotube formation (B. Kim et al., 

2013). This inhibition is presumed to be due to the disruption of mitophagy and mitochondrial 

biogenesis (B. Kim et al., 2013). Intriguingly, our data also indicate that loss of DNM1L depresses 

levels of other mitochondrial remodeling signaling molecules like BNIP3 and PPARGC1A, 

supporting the idea that fission regulates mitophagy and biogenesis. 
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Shifting focus to skeletal muscle tissue, which is distinct from myoblasts, we observe an 

interesting pattern. DNM1L levels decreased shortly after the weaning of the animals and 

coincided with increased body and muscle mass. While the reasons for this trend are unclear, it 

does not rule out the possibility that DNM1L continues to localize at the mitochondrial level to 

induce some degree of mitochondrial fission. In the context of muscle atrophy, previous reports 

have indicated increased mitochondrial fission, especially during the early stages of disuse 

(Cannavino et al., 2014; Romanello et al., 2010; Romanello & Sandri, 2010). Although we did not 

observe significant changes in DNM1L levels, we found reduced levels of OPA1 and MFN2 

following immobilization that was in line with previous mRNA data (Cannavino et al., 2015), 

suggesting a shift towards greater mitochondrial fission. However, due to the lack of super-

resolution imaging, we cannot conclusively confirm this phenomenon. Nevertheless, in the context 

of immobilization-induced atrophy, the potential shift towards greater mitochondrial fission would 

coincide with increased mitophagic flux, underscoring the complex interplay between 

mitochondrial fission and mitophagy in different muscle states. 
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Temporal Modulation of Mitochondrial Remodeling in Skeletal Muscle 

Mitochondrial remodeling encompasses a suite of highly dynamic processes including 

fission, fusion, mitophagy, and biogenesis. These processes are critical for cellular adaptation and 

survival. These processes are temporally regulated to meet changing cellular energy and metabolic 

demands, respond to environmental stresses, and maintain cellular homeostasis. Fission and fusion 

dynamically modulate mitochondrial morphology and distribution, optimizing function and energy 

distribution (Song et al., 2015; Twig & Shirihai, 2011). Mitophagy prevents the accumulation of 

dysfunctional organelles and is integral to cellular quality control (Rahman & Quadrilatero, 2021b, 

2021a). Concurrently, mitochondrial biogenesis replenishes the mitochondrial population, 

sustaining the capacity for energy production (Rahman & Quadrilatero, 2021b, 2021a). The precise 

temporal coordination of these activities is important for maintaining efficient energy production 

and supporting cellular function.  

This thesis provides evidence to support the idea that mitochondrial remodeling 

mechanisms likely occur in a specific temporal manner. In studying temporal changes during in 

vitro myogenic differentiation, we observed significant mitochondrial remodeling shortly after 

differentiation as shown by increased mitochondrial fragmentation and mitophagic flux. Previous 

research, including work from our lab and others have demonstrated dramatic increases in markers 

of fission, autophagy, and mitophagy during differentiation, such as DNM1L, ATG7, LC3B, and 

BNIP3 at the early stages of myogenic differentiation (Baechler et al., 2019; Bloemberg & 

Quadrilatero, 2016; B. Kim et al., 2013; Sin et al., 2016). Subsequently, these studies reported 

greater OPA1, TFAM, COX4, mtDNA, and nuclear localization of PPARGC1A at the latter stages 

of myogenic differentiation (Baechler et al., 2019; Sin et al., 2016). Disruption of any of these 

remodeling processes negatively impacts the subsequent remodeling process. Unpublished data 
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from our group also found that premature overactivation of autophagic and mitophagic flux via 

genetic OE or chemical enhancement significantly inhibits myogenesis. These findings would 

suggest that a precise magnitude and temporal balance of autophagy and mitophagy is essential 

for optimal myogenic differentiation. The data presented in this thesis further supports the critical 

role of each remodeling process during differentiation. For instance, DNM1L KD experiments that 

show substantial reductions in mitophagic flux, mitophagy signaling, and biogenesis signaling. 

Moreover, the temporal regulation of mitochondrial remodeling processes is essential for normal 

differentiation, and genetically altering these processes does not compensate for their regulatory 

roles.  

In the context of growing and atrophying muscle, the temporal role of mitochondrial 

remodeling processes differs. Previous studies have reported elevated mitophagy and biogenesis-

related proteins during postnatal development (Y. Kim, Yang, et al., 2019); however, our findings 

partially diverge. We observed increased mitophagic flux accompanied by reduced mitochondrial 

biogenesis signaling during postnatal development. While the reasons for this are unclear, 

enhanced mitochondrial function is evident as muscle matures in young animals. The observed 

reduction in DNM1L levels during muscle development may suggest a temporal aspect in the 

maturation of the mitochondrial network into a more complex structure as previously shown by 

FIB-SEM imaging (Y. Kim et al., 2024). During immobilization-induced atrophy in mature 

muscle, we noted distinct elevation in mitophagic flux, reductions in mitochondrial biogenesis 

signaling, and a shift towards mitochondrial fission. Some studies have suggested DNM1L-

mediated mitochondrial fission occurs shortly following disuse as a preceding step for mitophagy 

and as an adaptive response to reduced energy demand; however, there is no general consensus 

(Cannavino et al., 2015; Petrick et al., 2023; Romanello et al., 2010; Romanello & Sandri, 2010; 
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Xu et al., 2022). Our investigation was limited to a single time point which may have missed earlier 

fission events (i.e., < 7-days). Nonetheless, we observed a recovery in PPARGC1A, MFN2, and 

PRKN levels, indicating normalization of select mitochondrial remodeling molecules during the 

remobilization phase. 
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Apparent Elevation of Mitophagy in Muscle Growth and Atrophy 

Mitophagy plays a critical role in cellular function by eliminating damaged or redundant 

mitochondria, thus preventing negative downstream consequences. While evidently a degradative 

mechanism, mitophagy has been implicated in both growth-promoting and atrophic conditions in 

muscle tissue, highlighting a potential paradox. 

During muscle growth, mitophagy is essential for maintaining a pool of functional 

mitochondria, thereby optimizing energy production to support anabolic processes. A previous 

study has shown that muscle-specific Atg7 knockout, which subsequently limits mitophagy, 

negatively impacts muscle mass (Masiero et al., 2009). This suggests the necessity of both 

autophagy and mitophagy in muscle maintenance (Masiero et al., 2009). While the detailed 

mechanisms by which autophagy and mitophagy contribute to hypertrophy in mature muscle 

remain unclear, the findings in this thesis reveal that mitophagic flux increases consistently 

throughout the postnatal growth phase. Intriguingly, our observations suggest that the loss of 

autophagy via muscle-specific Atg7 deletion does not detrimentally affect postnatal muscle 

development, suggesting that autophagy/mitophagy may not be essential for postnatal growth per 

se. Instead, we propose that other mechanisms compensate to protect against muscle defects during 

postnatal development. However, this protective effect is short lived since defects emerge as the 

animals age (Paré et al., 2017). 

Conversely, elevated levels of autophagy and mitophagy have been documented in 

response to muscle disuse conditions, such as immobilization and denervation. This thesis 

corroborates previous studies, demonstrating an increase in mitophagic flux accompanying disuse 

atrophy (Triolo et al., 2022; F. Wang et al., 2023; Yamashita et al., 2021). Interestingly, inhibition 

of autophagy through NAC or colchicine treatment resulted in detrimental effects on mitochondrial 
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function and exacerbates atrophy in glycolytic IIX and IIB myofibers. These findings suggest a 

protective role of mitophagy in atrophic conditions, aimed at preserving mitochondrial integrity 

against defects that arise during periods of disuse.  

Therefore, the seemingly paradoxical increase in mitophagic flux in both growth and 

atrophy can be contextualized as a reflection of its adaptive roles in different physiological states. 

During postnatal growth, the increase in mitophagic activity may be related to the heightened 

movement and energy demands of growing tissues, necessitating efficient mitochondrial turnover. 

In contrast, during muscle atrophy, elevated mitophagy serves a protective function, safeguarding 

mitochondrial function against the stresses induced by disuse. This perspective helps to resolve 

the apparent paradoxical role of mitophagy in skeletal muscle tissue, emphasizing its context-

dependent functionality in maintaining or adapting mitochondrial networks according to the 

specific demands of the cell/myofibers. 
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The Recurring Role of BNIP3 in Muscle Growth and Atrophy 

BNIP3 is a critical regulator of both cellular survival and cell death, notably in cardiac and 

skeletal muscle tissues. As a member of the BCL2 family, BNIP3 is distinguished by its atypical 

BH3 domain, a LIR motif, and an essential transmembrane domain (J. Zhang & Ney, 2009). In the 

cytosol, BNIP3 triggers signaling cascades that lead to programmed cell death or autophagy. 

BNIP3 can form homodimers or heterodimers with other BCL2 family members, influencing its 

biological functions (Ray et al., 2000; Sulistijo & MacKenzie, 2009). Notably, BNIP3 disrupts the 

BCL2-BECN1 complex by binding to BCL2, which releases BECN1 and initiates autophagy 

(Bellot et al., 2009). Furthermore, BNIP3 may activate autophagy through its interaction with and 

inhibition of RHEB, a known suppressor of autophagy (Y. Li et al., 2007). When localized to the 

mitochondria, BNIP3 influences mitochondrial functionality and dynamics significantly. Its 

transmembrane domain enables anchoring to the mitochondrial outer membrane, where it can 

promote MOMP through interactions with pro-apoptotic molecules like BAX and BAK1 

(Hendgen-Cotta et al., 2017). The LIR motif of BNIP3 interacts directly with lipidated LC3B-II 

on autophagosomes, facilitating efficient mitophagy by bypassing the need for adaptor or cargo 

recognition molecules (Hanna et al., 2012; R.-Y. Shi et al., 2014). Moreover, the role of BNIP3 in 

mitochondrial fission, underscored by its involvement in recruiting DNM1L, highlights its impact 

on mitochondrial morphology (Lee et al., 2011). These mechanisms underline the numerous roles 

of BNIP3 in maintaining mitochondrial integrity and responding to cellular stress. 

In this thesis, BNIP3 has demonstrated a recurring role in various stages including muscle 

formation, postnatal growth, and atrophy. In cellular studies, the importance of BNIP3 in 

differentiation is increasingly recognized. For instance, upregulation of BNIP3 has been observed 

in adipocyte differentiation (Choi et al., 2016), and similarly during myogenic differentiation 
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(Baechler et al., 2019). Previous findings from our group confirm that myogenic differentiation is 

severely impaired in the absence of BNIP3 (Baechler et al., 2019), aligning with the cell data 

presented in this thesis and indicating the importance of this molecule. Furthermore, we discovered 

that despite increases in mitochondrial fission and mitophagic flux, myogenic differentiation 

remains hindered in Bnip3-/- cells, suggesting that the role of BNIP3 extends beyond mitophagy. 

BNIP3 may potentially influence myogenic regulatory factors or other signaling pathways; 

however, the specific mechanisms remain unclear. 

BNIP3 continues to play a role throughout the lifespan of muscle, particularly during 

postnatal development and atrophy in mature muscles. Previous studies have indicated a gradual 

increase in BNIP3 levels during postnatal development (Y. Kim, Yang, et al., 2019), which 

coincides with our observations. Data from this thesis found that mitochondrial localization of 

BNIP3 increases markedly (>10 fold) compared to other markers such as PINK1 and PRKN during 

the postnatal developmental period. This may signify a greater impact of BNIP3 on mitophagy 

during development compared to other mitophagy molecules. Nonetheless, in conditions of muscle 

atrophy, BNIP3 levels are consistently elevated, particularly in immobilized and subsequently 

remobilized muscles (F. Wang et al., 2023), mirroring our findings of significantly greater 

mitochondrial localization of BNIP3 in these conditions. It is important to note that BNIP3 

continues to tag skeletal muscle mitochondria even when autophagy/mitophagy is inhibited or 

completely ablated. This suggests that BNIP3 may also play a role in regulating other aspects of 

mitochondrial function, such as bioenergetics. These insights highlight role of BNIP3 in muscle 

physiology, emphasizing its role during in vitro myogenesis and in vivo muscle adaptation across 

various stages of life. Further investigation through genetic manipulation of BNIP3 levels may 

provide deeper insights into its effects on muscle formation, postnatal growth, and atrophy.  
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Relevance to Human Physiology 

While our study did not directly investigate mitochondrial remodeling in humans, the 

findings offer significant insights into human physiology. This thesis explored mitochondrial 

remodeling within the contexts of myogenesis, postnatal growth, and muscle atrophy, highlighting 

the commonalities between human and rodent models during these physiological stages. Thorough 

investigation of myogenesis in utero presents numerous challenges, leading researchers to 

frequently utilize in vitro cell models. These models facilitate the study of fundamental cellular 

processes such as growth and differentiation within a controlled environment. For instance, 

mutations in the human DNM1L gene and knockout models of DNM1L in rodents both result in 

early lethality, underscoring the critical role of this protein and the process of mitochondrial fission 

during embryonic development (Bauer et al., 2023; Favaro et al., 2019; Tezze et al., 2017; 

Wakabayashi et al., 2009). Moreover, DNM1L mutations result in mitochondrial fission-

deficiency and is complicated to study with respect to human myogenesis. It is important to note 

that the process of myogenesis shares several similarities between human and rodents 

(Mierzejewski et al., 2020). Nonetheless, to better isolate and elucidate these complex 

mechanisms, in vitro experiments are pivotal. Our research contributes to this understanding by 

highlighting how disruptions in mitochondrial fission underlie certain pathological conditions, 

leading to failed muscle cell differentiation. Moreover, we have identified that mitochondrial 

fission must occur before other remodeling processes such as mitophagy and biogenesis for normal 

myogenesis. These findings imply that targeting mitochondrial remodeling processes that are 

downstream to fission, like mitophagy, may not yield effective therapeutic outcomes in cells that 

display dysregulated fission. Instead, strategies that restore mitochondrial fission appear more 

promising as a primary target, especially in the context of myogenesis.  
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Studying postnatal muscle development offers critical insights into the unique and rapid 

mitochondrial remodeling that occurs during this growth phase. Unlike traditional muscle 

hypertrophy, which occurs gradually, the postnatal growth phase is marked by a rapid rate of 

muscle growth that is not replicated at any other time. This period is critical for understanding the 

progression of various mitochondrial diseases and myopathies, which often worsen with age. 

While our research did not target any specific disease, we successfully characterized and 

documented the alterations in mitochondrial remodeling during this phase. Additionally, we 

elucidated the role of autophagy, which has been previously established as crucial for maintaining 

muscle mass during development (Masiero et al., 2009). This knowledge is particularly valuable 

as there is a growing body of evidence suggesting that enhancing mitophagy could be beneficial 

in treating certain juvenile diseases. For instance, activation of mitophagy with urolithin A 

treatment in rodent models of Duchenne’s muscular dystrophy, a degenerative myopathy 

characterized by severe muscle damage, has been shown to improve several functional parameters 

including grip strength, maximum running distance, and fiber size (Luan et al., 2021; Ryu et al., 

2016). The potential therapeutic application of urolithin A extends beyond Duchenne muscular 

dystrophy and may be relevant in other juvenile diseases; however, these applications have not 

been fully explored. By understanding these complex mechanisms in greater detail, we hope to 

improve the design of therapeutics for neonatal and juvenile conditions, potentially leading to more 

effective treatment strategies tailored to the unique needs of these growth phases. 

Studying the changes associated with disuse atrophy provides crucial insights applicable 

to a broad demographic, particularly as it affects individuals who become inactive due to factors 

such as aging, injury, hospitalization, or lifestyle changes. This inactivity often leads to significant 

loss of muscle mass. Using the hindlimb immobilization model in mice, which closely mimics the 
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rapid muscle atrophy observed in humans following bedrest (Belavý et al., 2009; Dirks et al., 2016; 

LeBlanc et al., 1997; Marusic et al., 2021), we have been able to investigate the relationship 

between muscle atrophy and mitochondrial remodeling processes. Previous studies have indicated 

that disuse correlates with increased mitochondrial degradation, prompting us to further explore 

this phenomenon. Our research findings demonstrate that mitophagy is significantly upregulated 

during muscle atrophy and that attempts to inhibit mitophagy, either through antioxidant treatment 

or suppression of autophagic machinery, exacerbated the condition. This suggests that mitophagy 

plays a crucial protective role, possibly by adapting the bioenergetic status of the muscle to the 

reduced physiological demands, a mechanism also observed in human models of immobilization 

(Belavý et al., 2009; Dirks et al., 2016; LeBlanc et al., 1997; Marusic et al., 2021). Thus, 

understanding and manipulating this process is essential to developing interventions that mitigate 

the effects of disuse atrophy. 
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Limitations 

In this thesis, we have endeavored to minimize the inherent limitations of our experimental 

design; however, complete elimination of all constraints is not feasible. One notable limitation 

arises from the use of a complete BNIP3 knockout model in cell studies. While this model has 

been effectively employed in previous research (Baechler et al., 2019), the prolonged absence of 

BNIP3 may lead to phenotypic and/or behaviour changes in the long term. Using a transient 

knockout model could potentially mitigate the long-term cellular changes caused by BNIP3 

deficiency. Additionally, our experiments were exclusively conducted on C2C12 murine 

myoblasts, which may limit the applicability of our findings to human physiology. It is crucial to 

recognize that the direct applicability of our findings to human studies may be limited due to 

significant differences between human and rodent muscle tissues, including their fiber type 

composition, metabolic phenotype, and recruitment patterns. These disparities necessitate careful 

consideration and further validation before extrapolating our results to humans (Rahman et al., 

2024). 
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Future Directions 

This thesis has elucidated several fundamental aspects of mitochondrial remodeling within 

the contexts of myogenesis, postnatal muscle development, and disuse atrophy, thereby setting the 

stage for future research. Our studies have consistently identified BNIP3 as a potential mediator 

in mitochondrial remodeling both in vitro and in vivo. While we have determined some of the 

molecular targets of mitochondrial pathways, the discovery of BNIP3 as a pivotal factor opens 

new avenues for exploration. Some cell studies have found that BNIP3 can exist as either a 

monomer or a dimer (Ray et al., 2000; Sulistijo & MacKenzie, 2009), which could potentially 

influence mitochondrial remodeling during muscle development and atrophy. Additionally, 

BNIP3 contains multiple phosphorylation sites, which have been shown to regulate its function in 

various mammalian cells (He et al., 2020). The role of these post-translational modifications in 

skeletal muscle differentiation, postnatal development, and atrophy remains unclear and warrants 

further investigation.  

 Our cellular studies showed that mitophagy can occur independently of BNIP3. We 

observed that increasing mitochondrial fission enhanced mitophagic flux in Bnip3-/- cells; 

however, this did not restore their differentiation capabilities. Future research should investigate 

alternative proteins that could regulate mitophagy in the absence of BNIP3. Mitophagy-related 

molecules such as FUNDC1, BCL2L13, BNIP3L, or certain RAB-related proteins may regulate 

mitophagic flux independent of BNIP3. The observation that Bnip3-/- impairs differentiation 

without completely ablated mitophagic indicates that its role may extend beyond just mitophagy. 

BNIP3 might also affect interactions with other critical molecular players in muscle development, 

including MRFs or growth-signaling molecules like RHEB, which activates the MTORC1 

pathway to promote growth. 
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In the postnatal development study of this thesis, RNA-Seq analyses revealed significant 

changes in genes regulating metabolism. Although the study of metabolism is beyond the scope of 

this thesis, it is noteworthy for future exploration to better understand postnatal development and 

possible interaction with mitochondrial remodeling processes. Our findings show elevated BNIP3 

levels in mature versus neonatal muscles, although it remains uncertain whether this elevation is 

due to increased muscle maturation or mitochondrial network complexity, or if BNIP3 directly 

drives these developmental changes. Notably, no studies to date have examined BNIP3 knockout 

in developing muscles to assess its role in mitochondrial remodeling. 

Our studies on disuse atrophy have uncovered an imbalance in mitochondrial remodeling 

processes, characterized by elevated mitophagic flux and suppressed PPARGC1A signaling, both 

of which are linked to mitochondrial dysfunction. Future investigations may wish to utilize small 

molecule modulators, such as ZLN005, or apply muscle-targeted genetic approaches to manipulate 

these pathways in the context of immobilization-induced atrophy. Additionally, our findings 

highlight fiber type-specific atrophy, particularly in groups treated with antioxidants and 

colchicine. This underscores the importance of conducting detailed fiber-specific analyses to better 

understand these subtleties and explore the impact of atrophic stimuli on different muscles, each 

with distinct fiber type compositions and metabolic phenotypes (Rahman et al., 2024). 
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Conclusion 

This thesis collectively demonstrates that the regulation of mitochondrial fission, 

mitophagy, and biogenesis are crucial for efficient muscle cell differentiation and overall muscle 

function. Specifically, mitochondrial fission serves as a critical initiation point for subsequent 

remodeling processes essential for myogenic differentiation. Our findings indicate that disruptions 

in mitochondrial fission impede mitophagy and biogenesis, thereby affecting the entire sequence 

of mitochondrial renewal and ultimately impairing myogenic differentiation. These defects 

associated with fission deficiency cannot be overcome by overexpressing mitophagy or 

biogenesis-related molecules. During postnatal skeletal muscle development, we observe 

significant mitochondrial remodeling, characterized by increased mitophagic flux, reduced 

biogenesis signaling, and enhanced mitochondrial function. This illustrates the relationship 

between mitochondrial function, muscle growth, and mitophagic flux, highlighting that while 

deficits in autophagic processes can undermine muscle strength and signaling pathways, they do 

not necessarily hinder overall muscle growth in young mice. The absence of a negative phenotype 

in our study may be attributed to the upregulation of alternative degradative pathways, such as the 

UPS. This adaptation could potentially compensate for the suppression of autophagy and 

mitophagy in our models. In response to immobilization-induced muscle atrophy, there is a 

complex interplay between mitochondrial dysfunction and increased mitophagic activity. 

Treatment with antioxidants to reduce ROS signaling improved mitochondrial function in 

immobilized muscles but exacerbated muscle atrophy. Conversely, treatments that reduced 

mitophagic activity worsened muscle atrophy, emphasizing the need for a balanced approach to 

mitochondrial quality control. These insights suggest that targeted therapeutic strategies aimed at 

enhancing the coordination between mitochondrial remodeling processes could optimize skeletal 



 187 

 

muscle function. Such strategies would ideally involve stabilizing mitochondrial fission and fusion 

processes, ensuring efficient mitophagic clearance of damaged, dysfunctional, or immature 

mitochondria, and promoting mitochondrial biogenesis to maintain a healthy mitochondrial 

network in skeletal muscle cells and tissues. 
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