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Abstract 

Per- and polyfluoroalkyl substances (PFAS) are a class of contaminants that have garnered 

increasing concern due to their widespread presence and harmful effects on humans and 

ecosystems. PFAS enter the environment via many different pathways, with the release of PFAS-

containing aqueous firefighting foams being a major source of groundwater contamination. 

Because PFAS are highly resistant to most chemical and biological degradation processes, they 

are currently removed from groundwater mainly by ex-situ adsorption, which is expensive and 

energy intensive.  

 

Recently, activated carbon (AC) permeable reactive barriers (PRBs) have been proposed and used 

in-situ to limit the downgradient migration of PFAS by groundwater. AC PRBs are created by 

injecting powdered activated carbon (PAC) or colloidal activated carbon (CAC) into the subsurface 

to generate a stationary zone that removes PFAS by adsorption. As with any adsorption 

technology, however, PFAS breakthrough will occur once adsorptive sites in the barrier are 

exhausted. To improve our understanding of the ability of AC PRBs to adsorb PFAS and their 

longevity, there is a need for research that evaluates the adsorption of PFAS on AC and the factors 

affecting this process. The research reported in this thesis focused on one potential influencing 

factor, namely biofilm.  Specifically, the objectives of this study were first, to evaluate if a biofilm 

can form on small (<5 µm) CAC particles, and second, to examine the impact that biofilm may 

have on the adsorption of PFAS to CAC.  

 

To address the first objective, the growth of Pseudomonas putida (P.putida), an aerobic 

bacterium, in the absence of particulate and in the presence of either CAC or fine silica was 

investigated. P.putida was selected because it has been shown to readily form a biofilm, is not 

infectious to humans, is commonly found in the environment, and has applications in the 
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bioremediation of organic contaminants. Analyses of the bacterial samples by confocal laser 

scanning microscopy (CLSM) indicated that the bacteria remained planktonic when no 

particulate was present but formed a biofilm consisting of cells and CAC or sand particles held 

together by extracellular polymeric substances (EPS). Over seven days of growth, the biofilm 

formed on CAC increased in thickness and decreased in roughness as it developed and formed 

more cohesive structures. Results suggest that P.putida is capable of forming a biofilm on CAC 

particles. Rather than the classical depiction of a biofilm adhered to a single surface, the P.putida 

biofilm was formed on an aggregate of CAC particles, which were held together by EPS. 

 

To address the second objective, the adsorption of perfluoroctane sulfonate (PFOS, a hydrophobic 

PFAS) and perfluoropentane carboxylate (PFPeA, a hydrophilic PFAS) on virgin and biofilm-

coated CAC was investigated. P.putida was grown in the presence of CAC, and either PFOS or 

PFPeA was added to the microcosms once a biofilm was formed. Because the adsorption of PFAS 

to CAC is known to be impacted by the presence of dissolved organic carbon (DOC), experiments 

were also conducted to determine the impact of broth (used for culture growth) concentration on 

the extent of PFAS sorption to CAC and the development of the biofilm. 

  

In the experiments without bacteria, the amount of PFOS adsorbed to CAC decreased as the 

concentration of broth was increased. The relationship between aqueous and sorbed PFOS could 

not be described by a linear, Freundlich, or Langmuir isotherm model, likely due to competitive 

sorption between the DOC present in the broth and PFOS. In the experiments with P.putida, it 

was observed that as the broth concentration increased, the biofilm became thicker and smoother, 

as the additional broth appeared to have aided biofilm development. Subsequent experiments, 

conducted with 3 mg/L broth and 80 mg/L broth (which represented high and low DOC 

concentrations, respectively), revealed that the majority of PFOS sorption on virgin and biofilm-
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coated CAC occurred during the first three days, and the biofilm resulted in a decrease in PFOS 

adsorption. This decreased adsorption is presumed to be due to biofilm blocking sorption sites. 

For PFPeA, limited sorption occurred, and no significant difference was observed between the 

amount adsorbed in the bacteria-free CAC and P.putida-containing CAC systems. The difference 

in sorption between PFOS and PFPeA was attributed to decreased hydrophobic interactions 

between CAC and the shorter fluorinated tail of PFPeA.  

 

The results of this study improve our understanding of how biofilm may impact CAC PRBs  

implemented for the management of PFAS. Biofilm can form on cell-sized particles and, as a 

result, may reduce the adsorption of long-chain compounds, such as PFOS. The effect of biofilm 

on the adsorption of short-chain compounds, such as PFPeA, may be less prominent than for 

PFOS, as the extent of sorption is comparatively limited. Further investigation is required to 

evaluate the impacts of biofilm on CAC sorption of other PFAS, the interactions of biofilm with 

other groundwater parameters, and the extent to which biofilm plays a role in the longevity of 

CAC PRBs in column or field scale studies.   
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Chapter 1: Introduction 

1.1 General Background 

Per- and polyfluoroalkyl substances (PFAS) are a class of chemicals consisting of at least one 

carbon atom fully saturated with fluorine (CnF2n+1) (Buck et al., 2011; Evich et al., 2022). PFAS are 

thermally and chemically stable, and can repel oil and water (Buck et al., 2011; Glüge et al., 2020; 

Z. Wang et al., 2017). Owing to these properties, PFAS are used in products and applications such 

as chemical processing aids, textile surface protectants, paper packaging coatings, and firefighting 

foam surfactants (Glüge et al., 2020). PFAS were first produced in the 1940s, and it has been 

estimated that there may now be over 14,000 different chemicals that are being used in over 200 

applications (Glüge et al., 2020). 

 

With increased production and use, PFAS have also been more frequently detected in the 

environment. PFAS can be discharged via liquid waste streams or air emissions at industrial 

production facilities (Evich et al., 2022). Air emissions result in long-range transport of PFAS, 

affecting a large area. For example, one study estimated that 95% of the 109,000 kg of PFAS 

released in a year at an industrial facility were transported over 150 km (D’ambro et al., 2021). 

PFAS can also leach out of products during their use (McGarr et al., 2023; Nilsson et al., 2010). 

Additionally, PFAS could continue to leach out from products after they have been disposed of at 

landfills, resulting in the presence of PFAS in landfill leachate (Hu et al., 2016; Stoiber et al., 

2020). Because landfill leachate is typically treated at a municipal wastewater treatment plant, it 

could be a significant contributor of PFAS to wastewater effluent and biosolids. 

 

Due to the various pathways through which PFAS enter the environment, they have been detected 

globally in soil, surface water, and groundwater (Giesy & Kannan, 2001; Johnson et al., 2022). 
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PFAS also have been found in wildlife tissues and humans, due to exposure to contaminated soil 

and water (Brusseau et al., 2020; Giesy & Kannan, 2001; Johnson et al., 2022). Worldwide, 

humans have been exposed to PFAS as indicated by detectable concentrations in blood, urine, and 

breast milk (Jian et al., 2018). The presence of PFAS in wildlife and humans is a significant 

concern because toxicological studies have shown that PFAS exposure may result in changes in 

immune and thyroid function, insulin dysregulation, kidney disease, adverse reproductive and 

developmental outcomes, and cancer (Fenton et al., 2021; US EPA, 2016). While most individuals 

are only exposed to low-level concentrations of PFAS through diet, those living near a PFAS-

contaminated site could face a substantially higher risk, with up to 75% of exposures coming from 

contaminated drinking water (De Silva et al., 2021; Hu et al., 2019; Vestergren & Cousins, 2009).  

 

The sites most frequently associated with PFAS contaminated drinking water supplies are airports 

and military installations where PFAS-containing aqueous film-forming foams (AFFF) were used 

during firefighter training (Hu et al., 2016). In Canada, it is estimated that 420 airports may have 

been impacted by PFAS, while in the United States, as many as 664 military firefighting training 

areas and 533 civilian airports may have been impacted by PFAS from AFFF (Hu et al., 2016; 

Milley et al., 2018). Groundwater at AFFF-impacted sites may contain as many as 240 individual 

PFAS, in addition to co-contaminants such as petroleum hydrocarbons and chlorinated solvents 

(Barzen-Hanson et al., 2017; Carey et al., 2022). Perfluorooctane sulfonic acid (PFOS, Figure 

1-1A) is one of the most commonly detected compounds at AFFF sites, but shorter-chain 

compounds, such as perfluoropentanoic acid (PFPeA, Figure 1-1B), could also be present. 

Compared to PFOS, PFPeA is more hydrophilic and mobile (Ateia et al., 2019; Carey et al., 2022; 

Minh et al., 2020).  
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Figure 1-1: Chemical structure of (A) PFOS and (B) PFPeA 

Once PFAS enter the environment, they are persistent because their carbon-fluorine bonds are 

resistant to most chemical and biological degradation. Although techniques such as advanced 

oxidation, plasma, high-temperature treatments and electrochemical oxidation have been shown 

to be promising for the destruction of PFAS (Gebregiorgis Ambaye et al., 2022), they must be 

applied ex-situ and can be energy intensive, making them difficult and costly to implement on a 

large scale. Currently, the most viable treatment method to remove PFAS from contaminated 

groundwater is “pump-and-treat”, which involves pumping groundwater and subsequently 

treating the water by adsorption or membrane filtration (Abbasian Chaleshtari & Foudazi, 2022). 

While effective, pump-and-treat systems can be expensive to implement because of long 

operational times and the need for regular monitoring and maintenance.  

 

Recently, it has been suggested that in-situ immobilization of PFAS using permeable reactive 

barriers (PRBs) could be a cost-effective method to manage the downgradient risk associated with 

a PFAS impacted site (McGregor, 2020b). A PRB consists of material placed perpendicular to the 

ambient groundwater flow direction to adsorb contaminants as they migrate through the barrier 

(Figure 1-2) (Obiri-Nyarko et al., 2014). Traditionally, PRB amendments were placed in a PRB by 

open cut trenching; however, injection methods have gained popularity as it does not require 

excavation and has the potential to reach greater depths (Gavaskar, 1999; Thiruvenkatachari et 

al., 2008). Compared to ex-situ remedial approaches, PRBs present an effective and low-cost 

method for the management of PFAS sites. Some estimates indicate total PRB costs may be only 

A B 
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a third of the cost of a pump-and-treat system (Birnstingl & Wilson, 2024; Sakr et al., 2023; 

Scherer et al., 2000)  

 

 

Figure 1-2: Schematic of an activated carbon permeable reactive barrier installed by injection through a direct push 

drill rig 

Activated carbon (AC) is an effective adsorbent for a wide range of contaminants and has been 

deemed an effective amendment for use in PRBs designed to immobilize PFAS. Colloidal activated 

carbon (CAC; diameter of 1–2 μm) and powdered activated carbon (PAC; diameter of 25–100 μm) 

are commercially available injectable AC products, which have been used widely (Obiri-Nyarko et 

al., 2014). CAC is injected under lower pressures compared to PAC, and due to their polymer 

coating and smaller size are distributed more uniformly in the subsurface (McGregor, 2020). The 

ability of CAC to mitigate PFAS migration has been investigated in both laboratory and field 

experiments (McGregor, 2018, 2020b; Niarchos et al., 2022).  
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AC particles in a PRB adsorb contaminants and interact with the other aqueous subsurface 

components, including microbes. Over time, native microorganisms can form a biofilm on the AC 

surface and, in some cases, increase the overall microbial diversity (McGregor, 2020). Biofilm 

presence on AC can regenerate sorption sites by degrading organic matter as it desorbs from the 

carbon surface thereby limiting re-adsorption (Aktaş & Çeçen, 2007; Simpson, 2008). It is 

currently unclear the extent to which bioregeneration occurs within an AC PRB (Fan et al., 2017). 

For example, a study on the sorption of polychlorinated biphenyls (PCB) to granular activated 

carbon (grain size < 200 μm) indicated that biofilm-covered AC had an equilibrium sorption 

capacity that was an order of magnitude less than the virgin material (Mcdonough et al., 2007). 

In another study, Dalahmeh et al. (2019) observed a reduced adsorption of 3-9 perfluorinated 

carboxylic acids and C3, C6, and C8 perfluorinated alkyl sulfonates on biochar coated with 

biofilm. Both studies attributed the decrease in sorption to the blockage of sorption sites by 

biofilm. To date, no study appears to have evaluated the effect of biofilm presence on the 

adsorption of PFAS to AC. Also, given that CAC particles are similar to the size of a bacterial cell 

(1–2 μm), it is unclear if CAC particles can support biofilm formation (Fan et al., 2017). 

 

 

1.2  Objectives 

The objectives of this research are to (1) determine whether biofilm can be formed on CAC, and 

(2) to examine the effect that biofilm may have on the ability of CAC to adsorb PFAS. Results 

generated from this research will help improve our understanding of how biofilm may affect the 

adsorption of PFAS in CAC PRBs. 

 

The objectives were investigated in three stages, characterization of bacterial growth in the 

absence of particulate, characterization of growth in the presence of particulate, and PFAS 
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adsorption experiments. By characterizing the growth of bacteria without particulate, the 

incubation period required for the bacteria to reach the stationary phase of growth under 

experimental conditions was found. This incubation time was then used to ensure a fully 

developed biofilm was present in subsequent experiments. Bacterial growth was then 

characterized in the presence of CAC or fine sand to address the first objective of this research. 

The second objective was then assessed using kinetic and three-day adsorption experiments. 

Results from these experiments indicated how biofilm may impact the adsorption rate and 

capacity CAC for PFAS compounds. Chapter 2 provides additional background information for 

this research, Chapter 3 describes the materials and research methods used, Chapter 4 presents 

the results obtained, and Chapter 5 summarizes the conclusions and recommendations resultant 

from this work.  
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Chapter 2: Background 

2.1 Activated Carbon for Permeable Reactive Barriers  

Activated carbon is a common material used to adsorb a wide variety of contaminants. 

Commercial activated carbon products can be manufactured from source materials such as 

coconut shells, wood, or coal by physical or chemical activation (Yahya et al., 2015). During 

physical activation, the source material is first carbonized by heating in the absence of oxygen to 

a temperature of 500oC to volatilize non-carbonaceous material, then is activated by heating the 

material to between 750oC and 950oC to increase the pore size and volume while oxidizing the 

surface to create active sites  (Arena et al., 2016). In chemical activation, the source material is 

impregnated with a catalyst that dehydrates and degrades the cellulose. The material is then 

washed with an acid or base (depending on the specific catalyst used) to remove the chemical 

reagents and leave behind a high-porosity structure (Yahya et al., 2015). The final product of both 

manufacturing methods is a particulate formed from randomly oriented graphite sheets with an 

extremely high pore volume (0.7–1.8 cm3/g) and surface area (500–1500 m2/g) (Aktaş & Çeçen, 

2007; US EPA, 2018). AC is set apart from similar carbon-based remediation products, such as 

biochar, because the activation process oxidizes the carbon and increases the number of 

micropores available for sorption (Çeçen &Aktaş, 2011). AC is used frequently to remove organic 

contaminants from water by adsorption.  

 

PAC and CAC are typically used for in-situ remediation because they can be injected into the 

subsurface (US EPA, 2018).  The smaller particle size of CAC (1–2 μm diameter) may provide 

advantages over courser grained PAC (25–100 μm diameter). Because CAC particles are smaller 

than the typical distance between soil grains, CAC can be injected at much lower pressure (30–50 

psi), while PAC injection typically involves a high pressure (300–1000 psi) and some degree of 

hydraulic fracturing  (Fan et al., 2017; US EPA, 2018). A field study of CAC and PAC application 
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also indicated that CAC was able to distribute more evenly in the aquifer, whereas PAC 

accumulated more in high hydraulic conductivity seams (McGregor, 2020). Assessing the utility 

of CAC for the remediation of groundwater contaminated with emerging contaminants, including 

PFAS, has been an active study area.   

 

PlumestopTM, a commercial CAC product developed by Regenesis, has been used in the 

remediation of hydrocarbons and chlorinated solvents (US EPA, 2018). This proprietary product 

includes CAC particles suspended in an aqueous solution containing polymers. The role of the 

polymers is to prevent the aggregation of CAC particles, thereby allowing the CAC particles to 

spread in the subsurface and create an adsorptive zone (Ndubueze et al., 2024). In one case study, 

the site-specific CAC distribution was measured to be 4.57 m from the injection point (McGregor, 

2018). By closely spacing CAC injection points, a PRB can be emplaced to mitigate contaminant 

transport.  

 

When PRBs are applied to PFAS, they have been shown to be a cost-effective option to 

immobilizes the fluorinated contaminants in groundwater (Birnstingl & Wilson, 2024). Three 

separate field trials of CAC injection saw a drop in PFAS concentrations. (McGregor, 2018; 

McGregor & Benevenuto, 2021; Niarchos et al., 2023). Niarchos et al. (2023) found that, after 

carbon injection, the total PFAS concentration was initially reduced by 76% but saw a rebound in 

concentrations after six months resulting in final reduction in total PFAS of 52%.. McGregor & 

Benevenuto (2021) observed no rebound of PFAS in a shallow sand aquifer but noted an increase 

in the concentration of short-chain PFAS in a deeper fractured dolostone aquifer(McGregor & 

Benevenuto, 2021). This increase was attributed to the competitive sorption of PFAS and a 

reduced distribution of CAC in the fractured rock compared to the sandy area. It is evident in all 
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studies that an understanding of both site characteristics and the underlying mechanism of 

adsorption is critical to designing and implementing CAC barriers.  

 

2.1.1 Mechanisms of PFAS Adsorption  

The adsorption of PFAS to AC occurs by two primary mechanisms, hydrophilic attachment of the 

ionic head group and hydrophobic interaction of the fluorocarbon tail (Abbasian Chaleshtari & 

Foudazi, 2022).  Hydrophilic interactions are driven by the ionized PFAS head group being 

electrostatically attracted to the positively charged carbon surface (Abbasian Chaleshtari & 

Foudazi, 2022; Gilak Hakimabadi et al., 2023). Hydrophobic interactions are driven by the Van 

der Waals forces between the PFAS’s fluorinated tail and the non-polar surfaces of AC (Du et al., 

2014; van Oss et al., 1980). For longer-chain PFAS, it is generally agreed that hydrophobic 

interactions drive adsorption, particularly as the length of the C-F chain increases (Gilak 

Hakimabadi et al., 2023; Sorengard et al., 2019).  

  

An additional type of hydrophobic interaction is the formation of micelles and hemi-micelles, 

where groups of PFAS molecules cluster with their hydrophobic tails pointed together and 

hydrophilic head groups exposed to the surrounding groundwater (Abbasian Chaleshtari & 

Foudazi, 2022). Even when the concentration of PFAS is lower than the critical concentration for 

micelle formation, it has been hypothesized that the higher localized concentrations of PFAS near 

the carbon surface or inside pores can allow for the formation of micelles or hemi-micelles that 

are attached to the surface. (Abbasian Chaleshtari & Foudazi, 2022; Q. Yu et al., 2009). As a result, 

the adsorption of PFAS could be enhanced by micelle formation. 

 

Between different AC products, PFAS sorption is impacted by differences in the distribution of 

macropores (>0.05 μm), mesopores (0.002–0.05 μm), and micropores (<0.002 μm) (Carey et 
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al., 2022). CAC and PAC typically contain more micropores, while GACs typically contain more 

meso and macropores (Molé et al., 2024; Q. Yu et al., 2009). Because a molecule of PFOS is 

approximately 0.001 μm long (Erkoc & Erkoc, 2001), it is expected that longer-chain PFAS would 

predominantly Adsorb in larger mesopores, while short-chain compounds would be 

predominantly adsorbed in micropores (Du et al., 2014). Saeidi et al. demonstrated this 

correlation, finding that the adsorption capacity of PFOS and PFOA were related to the volume of 

pores between 0.001 and 0.002 μm but unrelated to the volume of pores smaller than 0.001 μm 

(Saeidi et al., 2020).  A study performed by Molé et al. (2024) corroborated the effect of pore size 

on the adsorption of short-chain PFAS to CAC. In particular, Molé et al. (2024) reported that low 

molecular weight organic carbon that was able to block micropores had a larger impact on the 

sorption of short-chain PFAS than higher molecular weight compounds, which are primarily 

adsorbed in larger mesopores(Molé et al., 2024).  

 

Despite the increase in surface area and pore volume associated with a smaller particle size, CAC 

has been shown to adsorb less PFAS than PAC of the same material due to the oxidation of the 

carbon surface during milling (Gilak Hakimabadi, 2024). However, the increased surface area of 

CAC is able to provide a kinetic advantage for sorption with equilibrium being reached within 6 

hours for CAC as opposed to 48 hours for PAC (Gilak Hakimabadi, 2024). Additionally, the ability 

to inject CAC at lower pressures than PAC, and CAC’s ability to disperse between sand grains in 

the subsurface provide practical advantages for the installation of PRBs and the distribution of 

the material in-situ.  Therefore, the study of CAC for use in the management of PFAS in 

groundwater remains a worthwhile area of investigation.  
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2.1.2 Adsorption Kinetics and Isotherms 

The adsorption of contaminants to AC can be characterized in terms of kinetics and isotherms, 

which describe the rate that a compound reaches equilibrium between the sorbed and the aqueous 

phases and the equilibrium distribution between the phases, respectively (Çeçen & Aktaş, 2011). 

By describing these processes mathematically, the information gained from batch adsorption 

experiments can more easily be compared and used in the modeling of contaminant transport in-

situ (Worch, 2021) 

 

The process of reaching adsorption equilibrium has been described as occurring through four 

steps, each of which can impact the overall kinetics. First, the compound must be transported 

through the aqueous phase to the boundary layer of water surrounding the sorbent. Transport of 

the compound can occur by diffusion or advection and is typically assumed to occur rapidly in a 

well-mixed system (Çeçen & Aktaş, 2011; Worch, 2021). Following bulk transport, the compound 

diffuses through the thin layer of water surrounding the sorbent particle, often referred to as 

external diffusion. Once reaching the surface, diffusion occurs through the pore spaces of the 

particle to available sorption sites (internal diffusion) (Worch, 2021).  

 

Adsorption kinetics are frequently modeled using first-order kinetics as shown in equation 1 or 

pseudo-second order kinetics as shown by equation 2. In these equations Cs (mg/kg) is the sorbed 

concentration, k1 (s-1) is the first order rate constant, k2 (g·mg-1·h-1) is the second order rate 

constant, Ceq (mg/L) is the aqueous concentration at equilibrium, and t (h) is time The kinetics of 

PFOS and PFOA adsorption onto AC have been found to be best fit by a pseudo-second order 

model (equation 2) equation 1,  (Chen et al., 2017; Grieco et al., 2021; G. Kim et al., 2024).  
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𝐶𝑠 = 𝐶𝑒𝑞(1 − 𝑒−𝑘1𝑡) (1) 

𝐶𝑠 =
𝑘2𝐶𝑒𝑞

2𝑡

1 + 𝑘2𝐶𝑒𝑞
2𝑡

 (2) 

When describing contaminant adsorption to AC in terms of isotherms, the simplest case occurs 

when there is a linear relationship between the concentration adsorbed to the solid phase (Cs in 

mg/kg) and aqueous phase (Ceq in mg/L),.and the Kd value is the distribution coefficient  (L/Kg) 

(equation 3). Linear isotherms are typically only applicable at very low concentrations or with 

natural sorbents such as minerals, which have weaker adsorption interactions than AC (Worch, 

2021). However, the Kd remains a useful parameter for comparison between studies, and a linear 

fit has been found to well describe the sorption of PFOS to CAC (see Table 2-1)  

 

𝐶𝑠 = 𝐾𝑑𝐶𝑒𝑞, (3) 

 

Table 2-1: Literature Kd values for PFAS adsorption to CAC 

Compound 
Kd 

(L/kg) 
Experimental Setup Study 

Various PFAS 103 – 105 Column Experiments with 
CAC 

(Niarchos et al., 
2022) 

PFOS 106.4 Batch Experiments with CAC (Gilak Hakimabadi 
et al., 2023) 

PFOS 102.5 Batch Experiments with CAC 
and Soil 

(Sorengard et al., 
2019) 

 

The adsorption of compounds onto activated carbon is often better represented by the two-

parameter isotherm models, i.e., the Langmuir or Freundlich isotherms. The Langmuir model 

assumes a monolayer of coverage of sorption sites which is represented by equation 4 (Çeçen & 

Aktaş, 2011), where Cs max
 is the maximum sorbed concentration (mg/Kg) and KL is the adsorption 

equilibrium constant (L/g). In contrast, the Freundlich isotherm, equation 5, does not assume 

that a monolayer of adsorbate is formed on the surface. In the Freundlich equation, Kf 
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(mg/g)(mg/L)-n is the Freundlich constant, while n is the exponential term that accounts for the 

heterogeneity of the AC surface (Worch, 2021). In general, the Freundlich model is commonly 

used when describing the adsorption of contaminants on AC (Jeirani et al., 2017).  

𝐶𝑠 =
𝐶𝑠𝑚𝑎𝑥𝐾𝐿𝐶𝑤

1+𝐾𝐿𝐶𝑤
   (4) 

𝐶𝑠 = 𝐾𝑓𝐶𝑤
𝑛, (5) 

 

2.1.3 Effect of solution chemistry on the adsorption of PFAS to CAC 

The extent to which PFAS adsorb to CAC can be impacted not only by the CAC and PFAS 

properties but also by water chemistry parameters, including pH, ionic strength, and dissolved 

organic carbon (DOC) concentration. Under environmental pH conditions, the head group of 

many important PFAS compounds is negatively charged. These PFAS are either attracted to or 

repelled by AC, depending on the charge of the AC surface. The surface charge carried by a particle 

depends on the pH of the solution, with the surface being neutral when the pH equals the point 

of zero charge (PZC) of the material.   When pH < PZC, the surface is positively charged and will 

exert an attractive force on anionic PFAS. Conversely, pH > PZC, the surface will be negatively 

charged and will repel anionic PFAS, resulting in a decrease adsorption (Saeidi et al., 2020). For 

PlumeStopTM CAC, Hakimbadi et al. found the PZC to be 11.8, while Ndubueze et al. found it to be 

9.2 – 9.6 (Gilak Hakimabadi et al., 2023; Ndubueze et al., 2024). Differences in the estimates of 

PZC between studies have been attributed to differences in methods (Ndubueze et al., 2024). 

However, both PZC values suggest that the surface of PlumeStop CAC will be positively charged 

under neutral pH conditions. Thus, the adsorption of anionic PFAS on PlumeStopTM CAC will be 

driven in part by electrostatic attractions. 

 

The impact of ionic strength on PFAS adsorption to AC has been depends on the surface charge 

of the sorbent, the chain length of the PFAS, and the concentration of ions present. Trends in of 
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increased or decreased sorption can be explained by the neutralization of surface charges, divalent 

cation bridging, and salting out effects. 

 

The neutralization of surface charges occurs when the charged surface of the sorbent attracts a 

layer of oppositely charged ions in solution resulting in weakened electrostatic interactions 

between the carbon and intended contaminant (G. Kim et al., 2024). For a negatively charged 

sorbent, a high ionic strength solution can form a layer of positively charged ions that shield PFAS 

from electrostatic repulsion and thereby increase the extent of PFAS sorption (G. Kim et al., 

2024). However, the surface of CAC is typically positively charged under environmental pH.  

Therefore, in high ionic strength solution, a layer of negatively charged ions is expected to form 

causing a reduction in electrostatic attraction and therefore decreased sorption of anionic PFAS 

(Umeh et al., 2023). In a comparison of the sorption of 14 PFAS compounds to PAC, Kim et al. 

(2024) observed that when the ionic strength was increased to 20mM the largest decrease in 

sorption occurred for short chain PFPeA and octafluoroadipic acid (compounds with 4 fully 

fluorinated carbons) while almost no change in sorption occurred for long chain PFOS or 

perfluorododecanoic acid (a compound with 11 fully fluorinated carbons)(G. Kim et al., 2024).  It 

has been concluded that the effect of surface charge neutralization is most prevalent for short-

chain PFAS because sorption is driven to a greater extent by electrostatic interactions, whereas 

long-chain compounds primarily interact with the carbon surface hydrophobically (Umeh et al., 

2023).  

 

In solutions in which the carbon surface is negatively charged, increased ionic strength can result 

in increasing sorption for long-chain PFAS through cation bridging (Du et al., 2014; G. Kim et al., 

2024). Bridging occurs when divalent cations (Ca2+, Mg2+, or Cu2+) form weak complexes between 

the negatively changed functional groups on the sorbent surface and anionic PFAS head groups 
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(Du et al., 2014; W. Wang et al., 2021). However, it remains unclear why cation bridging appears 

to occur predominately for long chain compounds over short chain (Cai et al., 2022). 

 

The salting out effect can also increase the sorption of long chain PFAS in high ionic strength 

solution. Salting out occurs when the high ionic strength causes PFAS to become less soluble in 

the aqueous solution (Du et al., 2014). As a result of decreased solubility, PFAS are increasingly 

deposited onto aquifer solids and sorbed to available adsorbent surfaces (Du et al., 2014; Hort et 

al., 2024)Salting out is typically studied in the context of marine systems where the deposition of 

PFOS onto aquifer solids can increase between four and fifteen times between freshwater and 

saltwater systems Click or tap here to enter text. (Hort et al., 2024).   

 

In addition to impacts from ionic strength, a significant reduction in PFAS sorption can also occur 

due to DOC in solution.  The effect DOC has been observed for both CAC and PAC products and 

the decrease in sorption is typically attributed to competition for available sorption sites (Gilak 

Hakimabadi et al., 2023; Molé et al., 2024; J. Yu et al., 2012).  Contrary to the common assertion 

that DOM inhibits sorption by blocking pores meso- and micropores, further evaluation has 

shown that inhibition is more likely caused by competition between PFAS and DOM for sorption 

sites on the carbon surface (Gilak Hakimabadi et al., 2023; J. Yu et al., 2012). Competitive 

sorption was determined to be the more likely cause as a comparison of different sized DOM 

constituents showed the greatest inhibition to sorption by compounds with lower molecular 

weights, more similar to the size of PFAS (J. Yu et al., 2012). It is of concern that in the presence 

of biofilm, the amount of small DOM molecules generated will decrease the observed extent of 

PFAS removal.  
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2.2 Biofilms  

Microorganisms are ubiquitous in the subsurface and often form complex, surface-attached 

communities called biofilms (O’Toole et al., 2000). A biofilm is held together by extracellular 

polymeric substances (EPS), which are secreted by the bacterial cells and allow the biofilm to form 

larger connected structures (Flemming & Wingender, 2010; Zhang & Fang, 2001).  The 

composition of the EPS can vary based on environmental factors but typically includes a variety 

of polysaccharides, proteins, DNA, lipids, and humic substances (Flemming & Wingender, 2010; 

Schlafer & Meyer, 2017; Zhang & Fang, 2001).  The constituents of the EPS hold bacteria much 

closer together than in the planktonic state, increasing stability, protecting against changes in 

environmental conditions, and allowing for sequestration of nutrients and enzymes (Flemming & 

Wingender, 2010; Probandt et al., 2017). 

 

2.2.1 Biofilm Growth and Development in Batch Systems 

Bacterial development in a batch system typically occurs in three distinct phases, lag, exponential, 

and stationary. During the lag phase, growth is limited as the cells adjust to the medium. Upon 

entering the exponential phase, growth increases rapidly as bacteria quickly multiply. Finally, 

during the stationary phase, the growth rate slows and becomes approximately equal to the rate 

of cell loss as nutrients become limited and waste products accumulate (Allen & Waclaw, 2018).  

 

Biofilm development, which occurs during the exponential and stationary growth phases, is 

divided into five steps: reversable attachment, irreversible attachment, early development, 

maturation, and dispersion (Stoodley et al., 2002). The first step of biofilm development involves 

cells from the bulk fluid reversibly attaching to the surface by electrostatic attraction. Most 

bacteria are negatively charged and easily attracted to positively charged surfaces; however, even 

when the surface is negatively charged some bacteria are able to overcome the electrostatic 
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repulsion and attach using extracellular organelles such as flagella (Renner & Weibel, 2011). In 

both cases, bacterial attachment is further stabilized by van der Waals forces as hydrophobic 

functional groups on the cell wall are aligned with hydrophobic groups on the surface (Renner & 

Weibel, 2011).  

 

Once single bacterial cells attach to the surface, the second step of biofilm development takes 

place as cells aggregate and begin producing EPS (Stoodley et al., 2002). There are three 

mechanisms by which aggregation occurs: movement of cells along the surface, cell division, or 

recruitment of cells from the bulk fluid (Stoodley et al., 2002). As cells aggregate, the production 

of EPS cements the cells together and to the surface. EPS can form up to 90% of the biofilm’s final 

mass, and its role extends well beyond simply acting as a glue (Flemming & Wingender, 2010). 

The EPS protects the colony from mechanical stress and detachment, retains enzymes which 

promote nutrient availability, and holds DNA, which is then available for horizontal gene transfer 

(Flemming & Wingender, 2010; Renner & Weibel, 2011). Polysaccharides and proteins are 

primary EPS components, but the precise composition varies between biofilms and is dependent 

on microbial composition and environmental factors such as shear stress and temperature 

(Flemming & Wingender, 2010).   

 

In the third and fourth steps of development, the biofilm uses cell-to-cell signaling known as 

quorum sensing to coordinate gene expression to form channels, pores, and other structures 

(Shrout et al., 2011). In one species of bacteria (P.putida), biofilm maturation was observed to 

consist of the bacteria’s flagella reorganizing the cells into looser and more irregular structures 

that are thought to allow the biofilm to more efficiently utilize nutrients (Gjermansen et al., 2005; 

Tolker-Nielsen et al., 2000).  
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In the final step of biofilm development, cells are released from the biofilm to the bulk fluid 

(Renner & Weibel, 2011). While the dispersion of cells is typically described as the final stage, it 

has been shown to be more of a continuous process in which cells are continually released, which 

starts soon after a surface is first colonized (Bester et al., 2009). However, a full dissolution of the 

biofilm can also be triggered by environmental stressors, such as decreases in available nutrients 

(Gjermansen et al., 2005).   

 

The study of biofilm development is typically associated with surfaces much larger than individual 

bacterial cells, such as glass flow cells (Bester et al., 2009) microtiter plates(Turonova et al., 2016) 

sand particles (Fu et al., 2023) or granular activated carbon (Aktaş & Çeçen, 2007). Rocha Díaz 

De León (2021) examined biofilm formation on PAC particles, which are smaller than sand or 

granular activated carbon but remain 25 to 100 times the size of an individual cell. A technical 

bulletin published by Regenesis (the manufacturer of Plumestop CAC) indicates that biofilm can 

form on CAC once it has attached to a larger sand particle. However, this conclusion was based 

on the correlation between biodegradation of hydrocarbon contaminants and increasing number 

of bacteria(Regenesis, 2023). Regenisis’ investigation also assumed that biofilm would form only 

after CAC particles adhered to larger sand particles thereby providing a much larger surface for 

bacterial colonization (Regenesis, 2023). To date, no investigation of biofilm formation on CAC 

sized particles has been conducted.  

 

2.2.2 Biofilms in Activated Carbon Permeable Reactive Barriers for PFAS 

While PFAS compounds themselves cannot be biodegraded, biofilms may still impact the function 

of CAC PRBs. Possible impacts include: the sorption of PFAS to bacterial cells and EPS to slow 

contaminant transport, the degradation of non-PFAS compounds within the barrier to regenerate 
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sorption sites on the carbon surface, and the blockage of sorption sites by bacteria to reduce the 

adsorption capacity of CAC.  

 

The sorption of PFAS to bacterial cells has been investigated as a possible mechanism for 

immobilization of PFAS (Butzen et al., 2020). In studies of PFOS and PFOA, the sorption of PFAS 

to planktonic bacterial cells is a rapid and reversable surface phenomena with no internalization 

of the contamination by the bacteria (Butzen et al., 2020; Dai et al., 2023). The extent of sorption 

is dependent on the PFAS chain length and head group with long chain compounds adsorbing 

more strongly than short chain, and sulfonic head groups more strongly than carboxylic acids 

(Butzen et al., 2020; Dai et al., 2023; Fitzgerald et al., 2018). The influence of cell wall structure 

has also been studied but is not conclusive. Buntzen et al. (2020) observed greater sorption of 

PFAS to gram-positive bacteria over gram-negative while Fitzgerald et al (2018) noted the 

opposite, and Dai et al. (2023) reported no difference in adsorption capacity between the 

bacterium types.  

 

The sorption of PFAS to EPS has been shown to result in moderate reduction in contaminant 

transport (Dai et al., 2023). The effect of EPS appears to be greater than the effect of cells because 

of the EPS’s protein-rich composition that enhances hydrophobic interactions. In two column 

studies using quartz sand (0.3–0.4 mm and 0.25–0.35 mm), PFAS retardation was observed to 

be proportional to the biomass present (Dai et al., 2023; Fu et al., 2023). By comparing PFOA 

retardation and the composition of three different species of biofilm, Fu et al. determined that 

PFOA migration was hindered most significantly by the biofilm with high, protein-rich EPS  (Fu 

et al., 2023). This observation is consistent with other studies linking sorption to the proteins 

found in EPS (Kumar Pramanik et al., 2016; Yan et al., 2021). The ability of biofilm to slow PFAS 

transport may be of benefit to contaminated sites but has not been investigated on a larger scale.  



 

20 

 

 

Biofilms may also benefit CAC barriers by degrading non-PFAS compounds, such as co-

contaminants or adsorbed organic matter, that may otherwise compete with PFAS for available 

sorption sites. While PFAS themselves cannot biodegrade, co-contaminants such as petroleum 

hydrocarbons and chlorinated solvents can be converted to innocuous byproducts by bacteria 

mediated oxidation or reduction reactions (Scherer et al., 2000). The presence of PFAS may cause 

soil bacteria to upregulate stress genes and increase biofilm formation but does not appear to 

influence the degradation of a co-contaminant such as toluene (Weathers et al., 2015). The 

injection of AC can further enhance biodegradation by promoting direct transfer of electrons 

between microorganisms and increasing bacterial diversity (Bonaglia et al., 2020; Simpson, 

2008). In a field trial in which CAC was injected to immobilize PFOA and PFOS, it was observed 

that microbial diversity of bacteria and archaea was greater within the treated area than a control 

location located outside the plume after 18 months (McGregor, 2018). The removal of co-

contaminants within a PRB is advantageous for the management of complex PFAS contaminated 

sites.  

 

Dissolved organic matter has also been shown to decrease CAC’s adsorption capacity for PFAS by 

occupying available sorption sites (Gilak Hakimabadi et al., 2023). Bioregeneration refers to a 

biofilm’s ability to degrade this organic matter, thereby freeing up sorption sites for PFAS, which 

may be able to extend the life of an activated carbon (Aktaş & Çeçen, 2007). Bacteria are believed 

to bioregenerate the surface of activated by two mechanisms, the metabolism of accessible organic 

matter that has desorbed from the carbon surface and the excretion of enzymes that can diffuse 

into the pore space to reach and break down degradable components (Aktaş & Çeçen, 2007; Scholz 

& Martin, 1997). The effect of bioregenration was observed in a study by Dalahmeh et al. as the 

PFAS adsorption capacity of a biofilm coated biochar (1-5 mm diameter) was greater with a living 
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biofilm than an inactivated one. The decrease in adsorption capacity was attributed to the ability 

of an active biofilm to clear natural organic matter from the carbon surface resulting in a greater 

availability of sorption sites (Dalahmeh et al., 2019).  

 

The effect of biofilm development on the sorption capacity of CAC for PFAS remains to be 

investigated. A study of the effect of biofilm on course-grained biochar (1-5 mm) on PFAS sorption 

observed a reduced capacity of the AC compared to virgin material (Dalahmeh et al., 2019; Scherer 

et al., 2000). A similar result was seen by Mcdonough et al. (2007) for the sorption of PCBs, a 

recalcitrant chlorinated compound, to biofilm coated and dissolved organic matter coated PAC.  

The biofilm and DOC coated PAC’s adsorption capacity an order of magnitude lower than virgin 

material. The decrease in sorption capacity was attributed to the biofilm and dissolved organic 

matter adsorbing to or blocking sorption sites (Mcdonough et al., 2007). However, similar studies 

have not been conducted for colloidal carbon with PFAS. It remains unclear if biofilm is able to 

form on colloidal sized particles and what impact that may have on the sorption of PFAS to CAC.  

  



 

22 

 

Chapter 3: Materials and Methods 

Bench-scale experiments were conducted to monitor the growth of planktonic bacteria, observe 

biofilm formation on particles <5 µm in size, and investigate the impact of biofilm on PFAS 

adsorption to CAC. Although natural biofilms are an amalgamation of different species, a single 

strain of bacteria was chosen for these experiments to reduce variability among replicates. 

P.putida was selected because it has been shown to readily form biofilms, is not infectious to 

humans, is commonly found in the environment, and has applications in the bioremediation of 

organic contaminants (Kivisaar, 2020). To inform the incubation time required in subsequent 

experiments, growth curves were generated for P.putida. The ability of the bacteria to form a 

biofilm on colloidal particles was then investigated by comparing bacteria incubated in the 

presence of CAC or fine sand with the bacteria incubated in the absence of a particulate. 

Subsequently, adsorption experiments were conducted with PFOS and PFPeA, which are among 

the PFAS commonly found at AFFF-impacted sites. With a long and fully fluorinated carbon 

chain, PFOS adsorbs to CAC predominantly through hydrophobic interactions, whereas PFPeA is 

a shorter-chain PFAS that is more hydrophilic and has a lower sorption affinity to CAC. Sorption 

experiments conducted with these two compounds provide an opportunity to observe the 

differences in sorption to CAC in the presence of a biofilm-forming bacteria.  

 

3.1 Materials  

The adsorbent used in this study was PlumestopTM (Regenesis, San Clemente, California, USA), 

which is a slurry containing 20 wt. % of CAC (1–2 μm particle diameter) in water. Plumestop also 

contains proprietary organic polymers whose role is to prevent CAC aggregation, thereby 

improving particle mobility in the subsurface. For comparison of the growth of P.putida on CAC 

to the growth on other particulates, fine silica sand (< 0.25 mm sieve) was used in some 

experiments.  
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Primary stocks of PFOS and PFPeA were purchased from Sigma Aldrich for use in sorption 

experiments. The PFOS stock contained 40% PFOS in water, while the PFPeA stock contained 

liquid PFPeA (97%, Sigma Aldrich, Darmstadt, Germany). From the primary stocks, two single-

compound working stock solutions were prepared for each compound by dissolving aliquots of 

the primary stocks in LCMS grade methanol (Fisher Scientific, Waltham, Massachusetts). The 

concentration of PFOS or PFPeA in the working stocks was either 1,300 µM or 52,000 µM, which 

is equivalent to 650 mg/L or 2,600 mg/L for PFOS, and 343 mg/L or 1,373 mg/L for PFPeA. 

Native and isotopically labelled PFAS standards were purchased from Wellington Laboratories 

(Guelph, Canada). These standards were used to prepare calibration solutions and internal 

standards for LC-MS/MS analysis. For CSLM imaging work, fluorescent dyes Alexa Fluor® 633 

Concanavalin A Conjugate and SYTO® 9 Green-Fluorescent Nucleic Acid Stain were purchased 

from Fisher Scientific, Waltham, Massachusetts.  

 

The P.putida strain Pseudomonas putida (Trevisan) Migula (ATCC 12633) was purchased as a 

freeze-dried pellet from Cedarlane Labs (Burlington, Ontario). For bacterial culture growth and 

maintenance, powdered BD DifcoTM Nutrient Broth BD 234000 was purchased from Fisher 

Scientific.  The broth media is composed of  38 wt. % beef extract and 62 wt. % peptone but, as a 

complex media, the precise chemical composition is unknown. A broth solution was prepared by 

dissolving 2 g of powdered broth in 250 mL of Milli-Q water. As per the instruction from the 

supplier, the broth solution was then transferred to a 500 mL beaker and boiled for 1 min before 

being placed in a loosely capped 1 L bottle and autoclaved. For the growth and adsorption 

experiments, artificial groundwater (AGW) was prepared with sodium acetate (CH3COONa, 

Fisher Scientific Waltham, Massachusetts) as a carbon source. See Appendix A for additional 

information about the composition of AGW and how it was prepared. 
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3.2  Experimental Methods  

3.2.1 Preparation of P.putida Culture  

The pellet of freeze-dried P.putida was rehydrated and grown in the broth solution following the 

procedure provided by the supplier (ATCC, 2022). Subsequently, the rehydrated P.putida was 

split into 0.6 mL aliquots. To each aliquot, 0.4 mL of a 50 v.% glycerol/Milli-Q water solution was 

added, and the resulting cultures (~ 1 mL/each) were stored in 2 mL centrifuge tubes at -80oC 

(Labauve & Wargo, 2012).  

 

When handling the microbial culture, all surfaces, labware, and non-volatile chemicals were 

sterilized by autoclaving at 121oC or spraying with a solution of 70 v.% ethanol in water (Greenfield 

Global Inc., Toronto, Canada). The culture was handled in the sterile area surrounding the flame 

of a propane torch. 

 

3.2.2  Growth of P.putida Growth in the Absence of Particulates 

Experiments were conducted to monitor the growth of P.putida and determine the timing of the 

lag, exponential, and stationary phases of growth in the absence of a particulate. Experimental 

solutions contained an initial broth concentration of 80 mg/L or 3 mg/L, which represented 

systems containing high and low dissolved organic carbon (DOC) concentrations, respectively. 

Previous studies have shown that the adsorption of PFAS on CAC was diminished in the presence 

of DOC, presumably due to competitive sorption effects (Gilak Hakimabadi et al., 2023; Molé et 

al., 2024). Thus, experiments with high and low initial broth concentrations were conducted to 

observe the effect of the broth concentration on the growth of P.putida and, in adsorption 

experiments (described subsequently in section 3.2.3), of broth and biofilm on PFOS and PFPeA 

adsorption on CAC. 
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Figure 3-1: Growth curve procedure for (A) 80 mg/L broth and (B) 3 mg/L Broth conditions 

Two different experimental procedures were employed to allow the broth concentration to be 

diluted while ensuring enough active bacteria were transferred at each step (Figure 3-1). In 

Procedure A, a 1-mL frozen aliquot of the P.putida culture was thawed and transferred to a 200 

mL conical flask containing 99 mL of 8 g/L broth (Step 1). The flask was capped with a porous 

foam stopper (which allows ambient air to enter), placed on a shaker table, and incubated at room 

temperature. The OD of the solution was measured to confirm that the bacteria were growing (i.e., 

the P.putida culture had not been damaged during freezing and storage). After 24 hours of 

incubation, the OD of the solution typically ranged between 1.0 and 1.3. This solution was then 
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diluted to an OD of 1.0 using a solution containing 8 g/L of broth in water (Step 2), and 0.5 mL of 

the diluted solution was added to a 125 mL HDPE bottle (VWR International, Radnor, 

Pennsylvania) containing 49.5 mL of AGW (Step 3). Thus, Procedure A resulted in a 50 mL 

reaction solution with an initial broth concentration of 80 mg/L. Three HDPE bottles were 

constructed for each experiment. Because the reaction solution was constructed following the 

same procedure, it was expected that the initial cell concentration in all bottles would be similar. 

The HDPE bottles were capped with foam stoppers, placed on a rotary shaker, and incubated at 

room temperature for five days. During this period, the solution pH and OD were measured twice 

daily. The OD of a solution is proportional to the mass of cells present (Sutton, 2011), and thus 

the change in solution OD over time was attributable to the change due to bacterial growth.  

 

Procedure B was used to generate growth curves for P.putida in a solution containing 3 mg/L of 

broth. The main difference between Procedure A and Procedure B was that in Step 1, the P.putida 

culture was grown in AGW instead of in the 8 g/L broth solution in order to dilute the 

concentration of broth in the culture to 48 mg/L. To this end, a 1-mL frozen aliquot of the P.putida 

culture was thawed and transferred to a conical flask containing 99 mL of AGW. The flask was 

then capped with a foam stopper, placed on a shaker table, and incubated for 24 hours. At the end 

of this period, the OD of the solution typically ranged between 0.06 and 0.08. In Step 2, the OD 

of the solution was diluted with an AGW solution containing 48 mg/L of broth to an OD of 0.05. 

In Step 3, 3.125 mL of the diluted culture was transferred to a 125 mL HDPE bottle containing 

46.875 mL of AGW. A larger volume of inoculum was required in Procedure B (3.125 mL) than in 

Procedure A (0.5 mL) to allow enough bacterial cells transferred. As in Procedure A, the total 

volume of reaction solution in each bottle was 50 mL. The bottles were capped with a foam stopper 

and incubated on a rotary shaker for eight days. During this period, the solution pH and OD were 

measured twice daily. 
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All growth experiments were conducted in triplicate at room temperature. During analysis of 

results, OD values that were more than double the OD at previous and subsequent time points in 

a single microcosm were deemed to be outliers and were discarded. 

 

3.2.3 Growth of P.putida in the Presence of CAC and Sand  

Experiments were conducted to generate growth curves for P.putida in the presence of CAC and 

to determine if P.putida could form biofilm in the presence of colloidal particles. The growth of 

P.putida was investigated in solutions containing either 80 mg/L broth or 3 mg/L broth using the 

experimental procedures described in Section 3.2.2, with the following modifications. First, in 

Step 3, 0.03 mL of the CAC slurry was added to a 125 mL HDPE bottle containing either 47.47 mL 

(in Procedure A) or 46.845 mL (in Procedure B) AGW. Accounting for the volume of the added 

inoculum, the total reaction solution volume in each HDPE bottle was 50 mL, resulting in a CAC 

concentration of 0.119 g/L. Second, since CAC particles in the solution scattered light, the OD of 

the solution was not proportional to bacterial mass and thus could not be used to construct a 

growth curve. Therefore, the bacterial growth was deduced from the solution pH profile.   

 

The following sets of samples were generated for CLSM imaging: 1) samples containing only CAC; 

2) samples containing only sand; 3) samples containing P.putida grown in the absence of a 

particulate; 4) samples containing P.putida grown in the presence of CAC; and 5) samples 

containing P.putida grown in the presence of silica sand. Set 1 and 2 samples were used to evaluate 

the autofluorescence of CAC and sand. Set 4 samples were used to determine if P.putida was able 

to form a biofilm on particles <5 µm in size, while Set 5 samples were used to compare P.putida 

grown in the presence of CAC versus in silica sand, i.e., a larger-size particulate. CLMS images of 

Set 4 and 5 samples were also compared with the images of Set 3 samples. The composition of the 

reaction solutions used to generate these sample sets is presented in Table 3-1.   



 

28 

 

Table 3-1: Composition of microcosms used to examine the biofilm formation on CAC and fine sand.  

Set 
# 

Purpose 
Particulate 

P.putida 
Inoculum 

AGW 
Volume 

Total 
Microcosm 

Volume 

1 
Examine autofluorescence 
of CAC 

0.03 mL 
CAC 

None 49.97 mL 50 mL 

2 
Examine autofluorescence 
of Sand 

Fine Silica 
Sand 

None 50 mL 50 mL 

3 
Examine P.putida growth 
without particulate 

None 0.5 mL 49.5 mL 50 mL 

4 
Examine P.putida growth in 
the presence of CAC 

30 µL CAC 0.5 mL 49.47 mL 50 mL 

5 
Examine P.putida growth in 
the presence of sand 

Fine Silica 
Sand 

0.5 mL 49.5 mL 50 mL 

 

An additional experiment was conducted to quantitatively assess the growth of P.putida in the 

presence of CAC. For this experiment, Procedure B was used to construct seven sets of triplicate 

microcosms, each containing 3.125 mL OD P.putida inoculum (OD = 0.05), 0.03 mL of CAC, and 

46.845 mL of AGW. Microcosms were placed on a shaker table and incubated at room 

temperature. One set of triplicate microcosms was sacrificed each day for CLSM imaging. The 

CLSM images were used to calculate and compare the thickness and roughness of the bacterial 

cells and EPS. 

 

3.2.4 Adsorption Experiments  

Effect of broth on the adsorption of PFOS by CAC. As mentioned previously, DOC has 

been shown to suppress PFAS adsorption on CAC (Gilak Hakimabadi et al., 2023; Molé et al., 

2024). Therefore, a preliminary experiment was conducted to evaluate the adsorption of PFOS on 

CAC in the presence of 0–80 mg/L broth. To this end, bacteria-free microcosms were prepared 

by adding either 0.5 mL of 8 g/L broth to 49.42 mL of AGW (thus, the initial concentration of 

broth was 80 mg/L) or a mixture of 0.6 mL of 8 mg/L broth and 0.4 mL of 50% glycerol to 99 mL 

of AGW (resulting in a broth concentration of 48 mg/L) then transferring 3.125 mL to 46.795 mL 
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of AGW, resulting in a broth concentration of 3 mg/L. The chemical composition of the broth 

aliquot transferred was similar to the chemical composition of the inoculums added in the 

experiments with P.putida (described below). After 0.03 mL of the CAC slurry was added, the 

bottles were incubated for three days. Subsequently, PFOS was added, and the bottles were 

incubated for three more days and were then subsampled for PFOS analysis. 

 

Kinetics of PFOS and PFPeA adsorption by CAC in the absence or presence of 

P.putida. Following the investigation of the effect of broth on PFOS adsorption, experiments 

were conducted to determine PFOS and PFPeA adsorption kinetics on CAC in the presence of 

P.putida. These experiments consisted of two stages. In the first stage, P.putida was grown in the 

presence of CAC until the growth reached the stationary phase as determined in the previous 

phase of the research. PFOS or PFPeA was then added to the solution to initiate the second stage, 

i.e., adsorption. By allowing P.putida to reach the stationary phase prior to PFOS/PFPeA addition, 

changes in the biofilm thickness would be minimized during the adsorption phase. 

 

For each experiment, fifteen microcosms were prepared. The bacteria-containing microcosms 

were constructed by adding 3.125 mL of P.putida culture (OD = 0.05) and 0.03 mL of a CAC slurry 

to a 125 mL HDPE bottle that contained 46.795 mL of AGW. The bottles were then incubated for 

four days, after which period PFOS or PFPeA was added to obtain an initial concentration of 0.65 

mg/L PFOS or 0.343 mg/L PFPeA. The bottles were then incubated for another five days. During 

this period, three bottles were sacrificed each day and were subsampled for PFAS analysis and 

CLMS imaging. 

 

For comparison, the kinetics of PFOS and PFPeA adsorption on CAC in the absence of P.putida 

was investigated. Fifteen bacteria-free microcosms were constructed by adding either 0.5 mL of 
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8 g/L broth to 49.42 mL of AGW or a mixture of 0.6 mL of 8 mg/L broth and 0.4 mL of 50% 

glycerol to 99 mL of AGW (resulting in a broth concentration of 48 mg/L), then transferring 3.125 

mL to 46.795 mL of AGW, resulting in a broth concentration of 3 mg/L.  

 

Adsorption in microcosms containing different initial concentrations of PFOS or 

PFPeA. Once the kinetics of PFOS and PFPeA adsorption on CAC had been established, the 

adsorption of these compounds at their different initial concentrations was further assessed. 

Bacteria-containing microcosms were constructed using the procedure described previously. In 

brief, P.putida inoculums were prepared (Steps 1 and 2) and then added to a 125 mL HDPE bottle 

that also received 0.03 mL of CAC (except in the Bacterial Control experiment) and 49.42 or 48.67 

mL AGW (Step 3). The total volume of the reaction solution in each bottle was 49.95 mL. 

Subsequently, the bottles were capped with a foam stopper and incubated at room temperature. 

After four days, between 20 and 50 µL of a stock solution of either PFOS or PFPeA was added to 

the bottle to obtain six initial concentration levels of PFOS or PFPeA, ranging 0.5–5 μM (i.e., 

0.26–2.5 mg/L of PFOS or 0.14 –1.4 mg/L of PFPeA). The initial concentrations in the experiment 

represent the PFAS concentrations in the groundwater at some AFFF-impacted sites. All bottles 

were then incubated for three more days and were then subsampled for PFAS analysis and CLSM 

imaging. Table 3-2 summarizes the three-day adsorption experiments conducted, while Figure 

3-2 summarizes the experimental steps. 
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Table 3-2: Summary of 3 Day Multi-Point Adsorption Experiments 

Identifier PFAS 
Initial Broth 

Concentration 
Inoculum Particulate Replication 

Null 
Control 

PFOS 
0 mg/L None CAC 

1 Experiment in 
Duplicate 

Bacterial 
Control 

80 mg/L 
 

P.putida None 
1 Experiment in 
Duplicate 

1-A 
80 mg/L 

No 
P.putida 

CAC 
2 Experiments in 
Duplicate 

1-P P.putida CAC 
2 Experiments in 
Duplicate 

2-A 

3 mg/L 

No 
P.putida 

CAC 

1 Experiment in 
Duplicate and 
1 Experiment in 
Triplicate 

2-P P.putida CAC 

1 Experiment in 
Duplicate and 
1 Experiment in 
Triplicate 

3-A 
1.2 mg/L 

No 
P.putida 

CAC 
1 Experiment in 
Duplicate 

3-P P.putida CAC 
1 Experiment in 
Duplicate 

4-A 
PFPeA 

3 mg/L 

No 
P.putida 

CAC 
1 Experiment in 
Triplicate 

4-P P.putida CAC 
1 Experiment in 
Triplicate 
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Figure 3-2: Experimental procedure for three-day adsorption experiments: bacterial control, 1-P, 2-P, 3P, and 4-P.  

 

3.2.5 Analytical Methods  

pH and Optical Density 

Solution pH was measured using a Thermo Scientific Orion Star A329 multiparameter meter 

equipped with an Oakton pH probe. Optical density was used to monitor bacterial growth (Sutton, 

2011). Samples were placed in cuvettes and allowed to settle for one minute before placing on a 

Thermos Scientific GENESYS 10S Series UV-Visible Spectrophotometer and analyzing for OD 

using l = 600 nm (Koch, 1970). 
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Microscopy – CLSM 

Confocal Laser Scanning Microscopy (CLSM) was used to image P.putida in three dimensions 

while it remained alive and fully hydrated (Schlafer & Meyer, 2017; Stewart et al., 1995).  Samples 

were first dyed by sequentially applying SYTO9 and Concanavalin A (ConA) dyes as described by 

De León (Rocha Díaz De León, 2021). The selection of fluorescent dyes allowed CLSM imaging to 

target different aspects of a biofilm, SYTO9 binds to nucleic acids, while ConA is a lectin that 

targets the EPS by binding to α-mannopyranosyl and α-glucopyranosyl residues (Invitrogen, 

2006; Life Technologies, 2014). Samples were stained with each dye in series and, after a mixing 

period, were rinsed to remove unbound dye and reduce background noise (Artyushkova et al., 

2016).  

 

Dyed samples were imaged on a Zeiss LSM 700 confocal microscope, which was equipped with a 

63×1.4 NA oil emersion objective. Fluorophores in the SYTO9 and ConA dyes were excited with 

2% laser intensity at 488 nm and 366 nm, respectively. The emission wavelengths (498 nm for 

SYTO9 and 647 nm for ConA) were recorded for each point in a two-dimensional (2D) array 

(Wilson et al., 2017). By exciting the two wavelengths in series, information from the fluorescent 

dyes could be recorded on separate channels to minimize crosstalk.  For ease of viewing, signal 

the SYTO9 dye was assigned a green color, and ConA was assigned a red color. CAC particles were 

visualized using transmitted light. Images were captured in 2048×2048 pixel resolution. 

 

A confocal image stack consists of a series of 2D images collected at different depths by 

automatically moving the sample stage and, therefore, the focal plane, a set distance between 

images. Image stacks were acquired using the z-stack function with a step size of 1 μm between 

each scan plane. The thickness of the in-focus area in each image, as well as the observed 

fluorescence intensity, are dependent on the microscope’s pinhole size. In this research, the 
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pinhole size was set to 1 Airy unit, which is optimal for fluorescence with the objective used as it 

provides a balance between depth discrimination and detection efficiency (Carl Zeiss 

MicroImaging GmbH, 2011; Sekar et al., 2002). 

 

The CLSM gain and digital offset determine the voltage of the photomultiplier and, as a result, the 

image contrast and brightness (Carl Zeiss MicroImaging GmbH, 2011). The digital offset 

determines the contrast (blackness) of the background and was set using the “Set Exposure” 

function for all samples. The “Set Exposure” function also optimized gain for each sample by 

running an optimization function that balances the number of overexposed and underexposed 

pixels. For all biofilm-containing samples, “Set Exposure” was used to automatically determine 

the appropriate imaging parameters.  

 

It was also important to image bacteria-free particulates, as interference can be caused by natural 

autofluorescence. Autofluorescence introduces uncertainty by producing a detectable signal at the 

emission wavelength resulting in an indistinct image where the dyed components cannot be 

decerned from the background (Azeredo et al., 2017). To quantify the degree of autofluorescence 

from CAC and silica sand, bacteria-free samples were dyed and imaged using the same procedure 

as bacteria-containing samples. Because the dye procedure requires particles to settle so that 

excess dye can be rinsed, a saturated solution of calcium chloride (CaCl2, Sigma Aldrich, 

Darmstadt, Germany) in MilliQ water was added to CAC-containing samples to induce settling, 

as the CAC particles are too small to settle naturally. When setting imaging parameters for 

samples without bacteria, the “Set-Exposure” function was run to set the digital offset, but the 

gain was set to the average values used for biofilm-containing samples. The gain was set manually 

because, in samples without dyed cells or EPS, the “Set Exposure” function optimized the gain 

based only on the random noise resulting in inaccurate images.   
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Image Analysis 

Following acquisition, images were processed using the ImageJ software with COMSTAT plugin. 

First, salt and pepper noise was removed from each image using the inbuilt despeckle filter. The 

despekle filter is a median filter which replaces each pixel with the mean value of the pixels 

surrounding it in a 3x3 grid (Ferreira & Rasband, 2012). The Bio-Formats Exporter function was 

then used to convert the image file to the standardized tagged image file format (TIFF) so that it 

could be uploaded to the COMSTAT plugin (Linkert et al., 2010).  

 

Within the COMSTAT plugin, thresholding of the image was completed automatically using the 

Otsu method. Thresholding of an image stack results in a matrix in which pixels with an intensity 

above the threshold are designated as biomass and given a value of unity and pixels below the 

threshold are designated as background and given a value of zero (Heydorn et al., 2000). The use 

of automatic thresholding, such as the Otsu method, is recommended as it reduces error when 

compared to manual threshold selection (Beyenal et al., 2004; Yang et al., 2001). 

 

For qualitative interpretation, image stacks collected using CLSM were condensed into single 

images showing the maximum or minimum intensity measured at each pixel throughout the 

stack. Minimum intensity projections are used for visible light because particulates appear as dark 

on a light background. Maximum intensity projections were used for the SYTO9 and ConA dye 

layers because they appeared as light on a dark background.  

 

For quantitative analysis, average biomass thickness (which represents the amount of biofilm 

present) and roughness coefficient (which indicates the heterogeneity of the biofilm) were 

calculated using COMSTAT software. Average biofilm thickness was calculated by averaging the 

thickness of biofilm at each pixel with a signal above the threshold; areas with no fluorescence 
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were excluded from the calculation.  Thickness was calculated at each pixel by subtracting the 

height of the substratum from the height of the highest slice of the image stack with a detected 

signal. Voids within the biofilm were ignored and thickness values were averaged across all the 

pixels in which biofilm was detected. The roughness coefficient is a dimensionless value 

representing the variability of the thickness of a biofilm. The roughness coefficient was calculated 

using the following equation 6 where Ra is the roughness coefficient, N is the number of pixels 

where the thickness was measured, Lfi is the individual thickness measured at a given pixel, and 

Lf AVE is the average thickness (Heydorn et al., 2000).  

𝑅a =
1

N
∑

|Lfi − Lf AVE|

Lf AVE

N

i=1

 (6) 

PFAS Analysis 

PFOS and PFPeA were analyzed by Liquid Chromatography-Tandem Mass Spectrometry (LC-

MS/MS). To prepare samples for analysis, CAC was separated by centrifugating a 13 mL aliquot 

at 230,000 RCF for one hour, using an Optima XPN series ultracentrifuge (Beckmann Coulter). 

Centrifuge tubes were rinsed twice with the sample prior to use to minimize loss of PFAS by 

adsorption to the tube walls (Gilak Hakimabadi et al., 2023).  

 

Following centrifugation, the supernatant was diluted between 5 and 100 times with LCMS grade 

water and LCMS grade methanol such that the final sample contained 50/50 methanol/water.  

PFAS analysis was performed using a Shimadzu Tripple Quadrupole Mass Spectrometer 

operating in negative electrospray with a Thermo ScientificTM Acclaim 120 Å C18, 4.6x 10 mm, 5 

μm guard column and an Agilent Infinity Lab Poroshell 120 Å EC-C18, 3.0x5.0 mm, 2.7 μm main 

column. Two eluents were used, a 5 mM ammonium acetate solution in LCMS grade water and 

LCMS grade methanol.  Further information on the analytical method is described by Gilak 

Hakimabadi et al. (Gilak Hakimabadi et al., 2023).  
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Calibration curves were generated for PFOS and PFPeA for a concentration range of 0.05 – 20 

and 1 – 20 μg/L, respectively. Based on the slope of the calibration curve, the area ratio of the 

analyte PFAS and isotopically labelled internal standard PFAS can be converted to the ratio of 

concentrations. The analyte concentration can then be calculated based on the known 

concentration of the internal standard. The limit of quantitation for this method was 0.05 μg/L 

for PFOS and 1 μg/L for PFPeA. 

 

The concentration of sorbed PFAS was then calculated using the equation 6 where Cs is the sorbed 

concentration in (mg PFAS/g CAC), V is the volume of the reactor (mL), mA is the mass of CAC 

(g), Cw,0 is the initial concentration of PFAS (mg/L), and Cw is the concentration of PFAS 

measured by LC-MS/MS in the liquid phase after 72 hours of mixing (mg/L) (Worch, 2021).  

𝐶𝑠 =
𝑉

𝑚𝐴
(𝐶𝑤,0 − 𝐶𝑤) (6) 

 

3.2.6 Statistical Methods 

The difference in sorption between multi-point three-day adsorption experiments was based on 

the linear adsorption parameter (Kd) using a two tailed t-test at a 95% significance level. Because 

experiments were performed at different times, there was variation in the concentration of the 

working stock solution likely due to sorption of PFAS onto the container sides and evaporation of 

methanol over time. To compare results in cases where the initial concentration varied slightly 

the Kd was used because it represents the ratio between the sorbed and aqueous phase 

concentrations. A linear model was selected to facilitate ease of comparison between experiments 

and may not represent the best fit model in all cases. The Kd values for multi-point experiments 

were calculated using a regression analysis and the model fit is represented by the R2 value.  
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d Methods  Extra headings for formatting purposes. Please do not delete 

Chapter 4: Results and Discussion 

4.1 Characterization of Pseudomonas Putida 

4.1.1 Growth 

The growth of P.putida was examined to inform the incubation time required in subsequent 

experiments. The length of the lag and exponential growth phases of P.putida grown in AGW in 

the absence of CAC was inferred from the OD-time and pH-time profiles for microcosms with a 

high (80 mg/L) and low (3 mg/L) initial broth concentration. P.putida was then incubated in the 

presence of CAC and the profiles were compared to determine if CAC impacted the growth phase 

profiles. 

 

In the absence of CAC, the solution OD increased only slightly during the first day, from 0.020 to 

0.082 and 0.009 to 0.020 in the experiments with high and low broth concentrations, respectively 

(Figure 4-1A). The minimal change is suggestive of the lag phase where bacteria adjust to the 

conditions of the microcosm and prepare for growth. For the high broth microcosms, the solution 

OD then increased from 0.082 to 0.220 between Day 1 and 3, indicating that P.putida entered the 

exponential growth phase where the bacteria proliferated rapidly. Between Day 3 and 5, a limited 

change in OD from 0.220 to 0.180 was observed, suggesting that by Day 3 the stationary phase of 

growth had been reached such that the rate of bacterial growth approximately equaled the rate of 

death. In the low broth concentration microcosms, the exponential phase of growth appeared to 

occur over a period of four days, with OD increasing from 0.02 to 0.051 between Day 1 and 3, and 

from 0.051 to 0.069 between Day 3 and 4. Between Day 4 and 8, the OD in the low broth 

microcosms only increased slightly from 0.069 to 0.099, suggesting that the growth of P.putida 

had reached the stationary phase.  
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The more rapid growth and greater OD in the high broth concentration microcosms can be 

attributed to the nutrients available in the media and the concentration of cells in the inoculum. 

Broth is a complex media that is recommended for the growth of P.putida and, as such, provides 

the carbon and salts needed in an easy-to-utilize form to allow the bacteria to grow rapidly. On 

the other hand, AGW is a defined media that contains the carbon and salts required for bacterial 

growth in lower concentrations and harder-to-utilize form. When the concentration of broth in 

the microcosm was increased from 3 mg/L to 80 mg/L, the rate of P. putida growth increased as 

shown by the shortened exponential growth phase. The increased growth rate of the bacteria in 

broth may have also allowed more cells introduced in the inoculum of the high broth 

concentration microcosm (8 g/L broth) than in the low broth concentration inoculum (48 mg/L 

broth) despite different inoculum volumes being used. The differences in initial cell 

concentrations and growth rates resulted in more bacteria being produced and thus a higher final 

OD in the high broth concentration microcosms.  

 

The change in the solution pH (Figure 4-1B) mirrored the OD change. A slight increase in pH, 

from 7.0 to 7.3 for high broth and from 7.0 to 7.4 for low broth concentration, was observed during 

the first day of the experiment. Between Day 1 and 3, the solution pH increased more 

substantially, from 7.3 to 8.2 and 7.4 to 8.0 in the high and low broth concentration experiments, 

respectively. In the low broth concentration microcosms, the solution pH increased to 8.2 after 

Day 4 while the pH of the high broth concentration microcosm remained constant. 
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Figure 4-1: Growth of P.putida in 50 mL AGW containing 3 mg/L or 80 mg/L beef broth as indicated by A) Optical 

Density and B) pH. Vertical error bars represent one standard deviation of three replicate measurements.  

Because the solution OD could not be measured when CAC was present, the growth of P.putida 

was deduced from the solution pH (Figure 4-1B). As in the CAC-free system, the solution pH in 

the CAC-containing microcosms slightly increased during the first day, from 7.3 to 7.5, and from 

7.3 to 7.8 in the high and low broth concentration experiments, respectively. Between Day 1 and 

3, the solution pH in the high broth concentration microcosms increased from 7.5 to 8.2, while in 

the low broth concentration microcosms, the solution pH increased from 7.8 to 8.6. The trend of 

increasing pH was consistent between microcosms with and without CAC, indicating that the 

presence of CAC did not appear to affect the timing of P.putida’s growth phases. 

 

The trend of increasing solution pH during the growth of P.putida (both in the absence and 

presence of CAC) is similar to the results obtained by Sánchez-Clemente et al., who observed a 

decrease in the solution pH during the growth of P.putida in the presence of a reduced carbon 

source (e.g., glucose or glycerol) but a pH increase in the presence of an oxidized carbon source 

(e.g., citrate and fumarate) (Sánchez-Clemente et al., 2020). In the current study, AGW contained 
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acetate, which is an oxidized carbon source. The acetate utilization by P.putida likely resulted in 

increased extracellular pH. 

 

4.1.2 Attachment of Biofilm to Colloidal Particles 

Five sets of microcosms were used to evaluate the ability of P.putida to form biofilm on CAC. 

Microcosms Sets 1 and 2, which contained dyed CAC and sand, respectively, were used to evaluate 

the particulate autofluorescence. Microcosm Set 3 contained P.putida grown in the absence of 

particulates and was used as a reference for planktonic bacterial growth. Microcosm Set 4 and Set 

5 contained P.putida grown in the presence of CAC and sand, respectively.  

 

In microcosms Sets 1 and 2, when P.putida was absent, Con A dye (red) fluoresced when 

associated with CAC (Figure 4-2A), while both Con A dye (red) and SYTO9 (green) fluoresced 

when associated with sand (Figure 4-2B). The red and green areas on the CLSM images appeared 

randomly distributed and with no identifiable shape. In contrast, when bacteria was present in 

Sets 3, 4, and 5, the green areas on the CLSM images were identifiable 1-5 m rods, corresponding 

to the shape of a P.putida cell (Figure 4-3 and Figure 4-4). The clumping of particles observed in 

these images is an artifact of the dye process and not representative of the distribution of 

particulate before dying.  

 

Without any particulate, images of P. putida in Set 3 showed little aggregation of cells and EPS 

dispersed throughout the sample image ( Figure 4-3). This suggests that P.putida remained in the 

planktonic state. With the addition of CAC in Set 4, sample image shows an aggregate of bacterial 

cells, some of which were encapsulated within a red-color layer (Figure 4-4A and C). The presence 

of the red color areas, which is unlikely the result of CAC autofluorescence, suggests that the 

bacterial cells were interconnected with EPS. When sand used as the particulate in Set 5 (Figure 
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4-4B and D), the sample images showed some areas of intense bright green and red similar to the 

autofluorescence observed in Set 2 (Figure 4-2B). Therefore, much of the fluorescence was 

attributed to the autofluorescence of the sand particle and no numerical comparison could be 

made to the biofilm grown on CAC. However, rod shaped bacteria are still visible in some areas of 

Figure 4-4D in close proximity to the sand particles, indicating that, despite difficulties in 

imaging, a biofilm does appear to have formed on the fine sand.  

    

Figure 4-2: CLSM maximum intensity projections of samples from microcosms incubated in the absence of bacteria. 

(A) Set 1 contained CAC and (B) Set 2 contained fine silica sand. The clumping of particles visibe in these images is an 

artifact of the dye process and therefore not representative of the bacteria-free particle distribution before dying.  

  

A B 
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Figure 4-3: Microcosm Set 3: P.Putida incubated in AGW with 80 mg/L broth in the absence of particulate. (A) 

Images observed under CLSM using only visible light and (B) Overlaying the visible light with a maximum intensity 

of the fluorescent dyes.  

  

A B 
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Figure 4-4:  Images (A) and (B) show visible light projections of CLSM images of Set 4, bacteria-coated CAC (A) and 

Set 5, bacteria coated sand (B) incubated in the presence of P.putida and 80 mg/L broth in AGW. The particulate 

appears as dark grey or black. Images (C) and (D) show visible light projections overlayed with the maximum 

intensity of the fluorescent dyes for P.Putida-coated CAC (C) and Sand (D). Cells are coloured green and EPS is 

coloured red.   

The CLSM images and the corresponding visible light projections (Fig. 4-4) suggest that the 

bacterial cells encapsulated an aggregate of CAC or sand particles. Therefore, it is concluded that 

P.putida was able to form a biofilm by incorporating particles (including CAC particles that were 
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<5 m) to form a larger agglomerate held together by EPS. Additional images of biofilm formation 

on sand are presented in Appendix B. 

 

The aggregation of CAC particles was also clearly visible during the incubation period. Figure 4-5A 

and 4-5B present images of samples collected from the microcosms Set 1 (bacteria free CAC) and 

Set 4 (P.putida containing CAC), respectively. In the absence of P.putida, CAC particles remained 

suspended in solution, whereas the CAC particles incubated with P.putida aggregated and settled 

out of solution in less than 10 min. The rapid settling of CAC incubated with P. putida further 

indicates the ability of the biofilm to aggregate particulate.  

 

    

Figure 4-5: Samples from microcosm (A) Set 1, CAC in the absence of bacteria and (B) Set 4, CAC with P.putida 

collected after the incubation period in AGW with 80 mg/L broth. Samples were allowed to settle for 10 minutes 

before being photographed.  

To further quantify the formation of biofilm in the CAC-containing microcosms, growth was 

monitored by calculating the biofilm thickness and roughness from CLSM images collected over 

seven days of growth (Figure 4-6). During the first four days, the biofilm grew quickly to a 

thickness of 11.0 µm for bacterial cells and 9.0 µm for EPS. The change in biofilm thickness 

between Day 4 and 7 was minimal, with the thickness of cells decreasing from 11.0 µm to 10.8 µm 
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and EPS thickness decreasing from 9.0 µm to 8.1 µm.  These changes suggest that the exponential 

phase of growth occurred over the first four days and was followed by the stationary phase, in 

agreement with the conclusion made based on the solution OD trends (Figure 4-1).   

 

The dimensionless roughness coefficient, which is an indication of biofilm heterogeneity, 

decreased rapidly between Day 2 to Day 4 (Figure 4-6B), with the roughness of the bacterial cells 

decreasing from 1.61 at 0.87 and the EPS roughness decreasing from 1.59 to 0.67. During the 

stationary phase (Day 4 to 7), the change in roughness was less appreciable (from 0.87 to 0.80 for 

cells and 0.67 to 0.74 for EPS).  

 

The decrease in roughness over time is consistent with the description of P.putida biofilm 

development presented by Tolker-Nielsen et al. (2000). The P.putida biofilm is described as first 

forming independent microcolonies where the cells were present in uneven clumps, resulting in 

a greater variability in height and, as a result, likely larger roughness coefficient (Tolker-Nielsen 

et al., 2000). Following the initial microcolony formation, the flagella on the P.putida allow the 

bacteria to rearrange into larger structures that would lead to a decrease in the roughness 

coefficient as the cells become more interconnected(Tolker-Nielsen et al., 2000). Therefore, the 

observed decrease in the roughness coefficient over time likely represents the maturation of the 

P.putida biofilm (Stoodley et al., 2002). The rapid initial decrease over four days, followed by a 

plateau is consistent with a biofilm growing and maturing quickly during the exponential phase, 

then maintaining its structure during the stationary phase.  
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Figure 4-6: Thickness and roughness of biofilm on CAC during growth in a microcosm with 3 mg/L Broth as 

measured using CLSM. Vertical error bars represent one standard deviation.  

In summary, the evidence suggests that P.putida is capable of forming a biofilm on CAC particles. 

Rather than the classical depiction of a biofilm adhered to a single surface, the P.putida biofilm 

formed an aggregate of CAC particles, which were held together by EPS. As the biofilm developed 

on CAC, it appeared to increase in thickness and decrease in roughness, likely due to the formation 

of more cohesive structures.  

 

4.2 Impact of Biofilms on PFAS Adsorption 

4.2.1 Effect of the concentration of broth on PFOS adsorption and biofilm 

formation 

Previous studies have shown that DOC can diminish PFAS sorption on CAC due to competition 

for available sorption sites (Gilak Hakimabadi et al., 2023; Molé et al., 2024). As such, prior to 

investigating the effect of the biofilm formed by P.putida on the adsorption of PFAS on CAC, 

experiments were conducted to assess the adsorption of PFOS on CAC in the absence of P.putida.  
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Figure 4-7: The effect of added broth on the adsorption of PFOS to CAC. Reaction solutions contained 0.12 g/L CAC 

and a starting concentration of 0.26–2.5 mg/L of PFOS. Fitting lines represent (A) a linear model (B) a Freundlich 

model and (C) a Langmuir model of the data. Fitting parameters are listed Table 4-1. Error bars represent one 

standard deviation of replicate measurements.  
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Table 4-1: Parameters for a linear, Freundlich, and Langmuir model fit to the adsorption of PFOS on abiotic CAC in 

the presence of nutrient broth (Figure 4-7).  Error presented is equal to the standard error of the value.  

 
Linear Freundlich Langmuir 

Kd 
(L/g) 

R2 
Kf 

(mg/g)(mg/L)-n 
n R2 

Kl 
(L/mg) 

Csmax 
(mg/g) 

R2 

Null Control 764±105 0.841 118±23 0.46±0.05 0.932 97.9±15.9 31.9±2.0 0.972 

3-A  
(1.2 mg/L) 

109±18 0.776 40.7±7.0 0.44±0.07 0.859 18.3±4.4 25.2±2.5 0.940 

2-A  
(3 mg/L) 

30.3±3.1 0.769 21.9±1.7 0.39±0.06 0.733 8.11±2.3 21.6±1.9 0.797 

1-A  
(80 g/L) 

5.13±0.25 0.951 5.55±0.43 0.86±0.11 0.847 0.13±0.12 50.5±41.3 0.847 

 

Previous studies have suggested that the Freundlich isotherm model represented the adsorption 

of PFAS on AC. In the current study, the trend between Cs and Cw was better represented by the 

Langmuir model as shown by R2 values of 0.972, 0.940, 0.797, and 0.847 for the null control, 3-

A, 2-A, and 1-A respectively.   (dashed line in Figure 4-7C). Because DOC is able to occupy a 

fraction of the available sorption sites, the Langmuir model may be able to better represent the 

data as it assumes a finite number of available sorption sites.  

  

In conjunction with the abiotic experiments, experiments containing P.putida were conducted to 

assess the effect of the broth concentration on the development of biofilm on CAC. The CAC 

aggregates formed in the microcosm containing the lowest broth concentration (1.2 mg/L) were 

the smallest, while the aggregates formed in the microcosms containing a broth concentration of 

3 and 80 mg/L were similar in size, with the biofilm layer formed in the 80 mg/L broth microcosm 

appearing to be denser (Figure 4-8). In the experiment containing 80 mg/L of broth, the biofilm 

thickness ranged between 3.00 and 23.42 µm for bacterial cells, and between 1.94 and 19.89 µm 

for EPS, while the roughness coefficient ranged between 1.95 and 2.00. As the initial 

concentration of broth was decreased to 3 and 1.2 mg/L, the thickness of the bacterial cells and 

EPS, as well as the roughness coefficient, also decreased (Table 4-2, Figure 4-9). This result 
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indicates that in the presence of higher broth concentrations, P.putida produced a thicker biofilm 

layer that matured into a smoother structure.  

 

Table 4-2: Thickness and roughness of P.putida biofilm grown on CAC particles. Error represents the standard 

deviation of the values 

 
Cells EPS 

Thickness 
(µm) 

Roughness Thickness 
(µm) 

Roughness 

3-P (1.2 mg/L) 4.7±2.5 1.96±0.05 3.6±1.7 2.00±0.01 

2-P (3 mg/L) 5.3±2.2 1.79±0.21 4.6±2.0 1.81±0.21 

1-P (80 g/L) 9.9±5.9 1.35±0.46 7.1±4.3 1.31±0.49 

 

   

Figure 4-8: Biofilm formation on CAC after seven days of incubation in AGW for experiments A) 3-P (1.2 mg/L broth) 

B) 2-P (3 mg/L) broth and C) 1-P (80 mg/L broth) 

 

A B C 
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Figure 4-9: Variation in biomass thickness, and roughness of P.Putida biofilm grown in experiments 1-P, 2-P, and 3-

P, after seven days. Each point represents the value of an individual image. Values for cells are shown in green, values 

for EPS are shown in Red. 

In summary, it was observed that a high initial broth concentration (i.e., 80 mg/L) significantly 

suppressed the adsorption of PFOS on CAC. Because this effect of broth may mask the effect of 

biofilm on PFOS adsorption, experiments investigating the effect of biofilm should employ a low 
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broth concentration but sufficient to support P.putida growth and biofilm formation. When the 

initial concentration of broth was 1.2 mg/L, the biofilm formed after four days did not appear to 

be fully developed (Figure 4-8 and Figure 4-9). Based on these considerations, subsequent 

sorption experiments investigating the adsorption of PFOS and PFPeA on CAC in the presence of 

P.putida were performed with an initial broth concentration of 3 mg/L (low) and 80 mg/L (high). 

 

4.2.2 Adsorption Kinetics 

In experiments investigating the adsorption of PFOS and PFPeA on CAC in the absence or 

presence of P.putida, the aqueous phase concentration (Cw) of these compounds were monitored 

over five (PFOS) and eight days (PFPeA) to determine the time to adsorption equilibrium (Figure 

4-10).  

 

With PFOS, a significant decrease in Cw occurred over the first three days, from 0.65 to 0.063 

mg/L and 0.65 to 0.153 mg/L in the bacteria-free and bacteria-containing systems, respectively.  

Between Day 3 and Day 5, the adsorption of PFOS appeared to slow, with the average Cw 

decreasing only slightly from 0.063 to 0.050 mg/L in the bacteria-free microcosm and varying in 

the P.putida containing microcosm from 0.153 mg/L on Day 3 to 0.115 mg/L on day 4, and back 

to 0.153 mg/L on day 5. Bacteria-free and P.putida containing microcosms appeared to reach 

sorption equilibrium by day 3 resulting in an initial sorption rate of 0.010 mg/day for the biofilm-

free system and 0.008 mg/day in the P.putida containing system. At equilibrium, 92% of the 

PFOS mass added to the bacteria-free system was removed from the solution, while 76% was 

removed in the P.putida-containing system.  

 

The difference in PFOS removal between the two systems was determined to be statistically 

significant at the 95% confidence level. The decrease in adsorption in the presence of P.putida is 
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presumed to be due to biofilm blocking sorptive sites. For a PFOS molecule to adsorb to CAC, the 

PFOS molecule must first diffuse through a layer of water surrounding the particle (external 

diffusion), then through the pore spaces to an available sorption site (internal diffusion) (Worch, 

2021). When a biofilm is present, it would be expected that the external diffusion of the PFOS 

molecule would slow as the PFOS diffuses through the biofilm structure. In contrast, internal 

diffusion may occur at the same rate with and without a biofilm as the bacteria (approximately 1 

µm in size) do not fit within the pores of a CAC particle (<0.05 μm). The results show that the 

majority of PFOS sorption occurred within the first three days, regardless of whether a biofilm 

was present or not (Figure 4-10). The slight difference in initial adsorption rate (0.010 mg/day 

for bacteria-free and 0.008 mg/day for P.putida containing) suggests that the decrease in PFOS 

adsorption rate was only influenced to a small extent by a slower rate of external diffusion when 

biofilm was present. Instead, the decreased sorption may be influenced to a greater extent by 

competitive sorption between PFOS and extracellular molecules (e.g., proteins excreted by the 

bacteria). 

 

Compared to PFOS, PFPeA was not removed appreciably. In the bacteria-free microcosms, Cw 

decreased from 0.398 to 0.364 mg/L over the first three days and remained essentially unchanged 

by Day 5. In the bacteria-containing microcosms, Cw decreased from 0.398 to 0.367 mg/L within 

the first three days, increased slightly to 0.385 mg/L by Day 5, and remained steady on Day 8. 

Overall, only 15% and 11% of the added PFPeA mass was removed from the solution in the 

bacteria-free and bacteria-containing systems, respectively.  The differences in PFPeA mass 

removal between the two systems were not statistically significant at a 95% confidence level; 

therefore, the results were not fit to a kinetic model. The observed limited sorption of PFPeA is 

consistent with the finding that compounds with shorter fluorinated chain lengths have lower 
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affinity to AC (Gilak Hakimabadi et al., 2023; G. Kim et al., 2024; Mccleaf et al., 2017; Molé et al., 

2024).  

 

Figure 4-10: PFAS adsorption on biofilm-free and biofilm-coated CAC over 5 to 8 days. Reaction solutions contained 

0.12 g/L CAC, 3 mg/L broth, and 0.65 mg/L PFOS or 0.398 PFPeA. Error bars represent one standard deviation of 

replicate measurements.  

The adsorption of PFOS to bacteria-free and P.putida containing CAC was represented using first 

order and pseudo-second order kinetic equations (Figure 4-11 and Table 4-3). The first order 

kinetic coefficient was equal to 0.072 h-1
  and 0.049 h-1

  for bacteria-free and bacteria containing 

CAC respectively. The pseudo-second order coefficient was equal to 0.056 g·mg-1·h-1 for bacteria-

free CAC and 0.038 g·mg-1·h-1 for P.putida containing CAC. In both approaches, the addition of 

bacteria resulted in a 70% decrease in the kinetic coefficient, indicating that the presence of 

bacteria decreases the rate at which PFOS is able to sorb.  A comparison of R2 values indicates 

that the results were best represented with first order kinetics; however, previous studies have 
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found that pseudo-second order kinetics are more representative of PFOS sorption to activated 

carbon (Chen et al., 2017; Grieco et al., 2021; G. Kim et al., 2024). This difference in kinetics is 

likely due to limited early time data in the kinetic experiments conducted. As a result, data is not 

available for the time that the sorbed concentration is changing most rapidly resulting in the the 

application of first and second order kinetic to deviate from the results obtained in previous 

experiments.   

 

Figure 4-11: Adsorption kinetics of PFOS sorption to bacteria-free and P.putida containing CAC wit with (A) a first 

order kinetic model and (B) a pseudo-second order kinetic model. Fit parameters are listed in Table 4-3. 

Table 4-3: Kinetic coefficients for the adsorption of PFOS to bacteria-free and P.putida containing CAC ( Figure 4-11) 

 First Order Kinetics Pseudo-Second Order Kinetics 
k1 

(h-1) 
R2 

k2 

(g·mg-1·h-1) 
R2 

Bacteria free 
CAC 

0.072 0.96 0.056 0.94 

P.putida 
containing CAC 

0.049 0.86 0.038 0.76 

 

In the kinetic experiment, after PFOS or PFPeA was added, the change in the biofilm thickness 

and roughness were monitored daily (Figure 4-12 and 4-12). Limited variation in the thickness of 
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the biofilm was observed, with the average thickness of cells ranging from 6.6 to 10.4 µm and the 

average EPS thickness ranging from 6.6 to 10.8 µm. Similarly, both cell and EPS roughness 

coefficients remained relatively constant, ranging from 1.43 to 1.73 (cell roughness) and 1.45 to 

1.76 (EPS roughness). The constant thickness and roughness of the biofilm over the course of the 

experiment indicates that the biofilm remained in the stationary phase of growth where cells 

within the biofilm are being produced at approximately the same rate as they are dying and being 

removed. Because the characteristics of the biofilm remained constant, it appears that the 

presence of PFOS did not influence the biofilm structure. As a result, changes to the biofilm layer 

are not expected to significantly affect the adsorption of PFOS or PFPeA to CAC under the 

conditions employed.   

  

Figure 4-12: Average thickness and roughness of cells and EPS measured during 5-day kinetic PFOS adsorption 

experiment. Reaction solutions contained 0.12 g/L CAC, 3 mg/L broth, and 0.65 mg/L PFOS in AGW with 3 mg/L 

broth. Vertical error bars represent one standard deviation.  
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Figure 4-13: Biofilm formation on CAC particles after (A) 1 day, (B), 3 days, and (C) 5 days in contact with PFOS 

during the kinetic experiment. Reaction solutions contained 0.12 g/L CAC, 3 mg/L broth, and 0.65 mg/L PFOS in 

AGW with 3 mg/L broth. Additional images of the biofilm during the kinetic experiment are presented in Appendix 

B.  

4.2.3 Effect of biofilm on the adsorption of PFOS and PFPeA at different 

aqueous phase concentrations  

The effect of biofilm on the adsorption of PFOS and PFPeA by CAC was further evaluated at 

different initial Cw. For this purpose, following the period of P.putida incubation with CAC (four 

days), different amounts of PFOS or PFPeA were added to the reaction solution to obtain an initial 

concentration ranging from 0.5 to 5 μM (i.e. 0.26–2.5 mg/L for PFOS or 0.14 –1.4 mg/L for 

PFPeA). Subsequently, the microcosms were incubated for another three days and subsampled 

for PFAS analysis. Based on the results of the kinetic experiment described in the previous section, 

the adsorption of PFOS and PFPeA was assumed to attain equilibrium after three days.  

 

Data from the bacterial control experiment (i.e., P.putida grown in the absence of CAC) suggests 

that PFOS did not adsorb appreciably to the bacterial cells, with the partition coefficient Kd 

ranging between 0.19 and 0.73 L/g (Figure 4-14 and Table 4-2). The calculated Kd values for PFOS 

sorption were are an order of magnitude higher than those obtained of obtained by Butzen et al. 

(0.019 L/g) for sorption to P.putida but similar in magnitude to those obtained by Dai et. al. 

A B
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(0.253 L/g) for sorption to a similar, gram-negative bacteria, Pseudomonas aeruginosa (Butzen 

et al., 2020; Dai et al., 2023). Despite variation in reported and measured Kd values, the sorption 

of PFOS to bacteria is notably less than to CAC in the absence of P.putida under the same 

conditions (5.13 L/g) and is therefore unlikely to appreciably effect the extent of sorption 

measured in P.putida containing microcosms.  

 

In the presence of CAC but the absence of P.putida, Kd ranged from 4.33 to 7.69 L/g and 29.5 to 

122.1 L/g for microcosms containing an initial broth concentration of 80 mg/L and 3 mg/L 

respectively. As mentioned previously, components in the broth compete with PFOS for 

adsorptive sites on CAC, and the higher concentration of broth resulted in a decrease in PFOS 

adsorption. The difference in the adsorption of PFOS between bacteria-free and P.putida 

containing CAC was statistically significant at a 95% confidence level. When both P.putida and 

CAC were present, the amount of PFOS removed from the solution decreased compared to the 

bacteria-free CAC system, with Kd ranging between 0.18 and 2.28 L/g (80 mg/L broth 

microcosms), and between 9.96 and 38.13 L/g (3 mg/L broth microcosms). The decreased 

sorption of PFOS by CAC in the presence of P.putida can be attributable to the effect of biofilm, 

as discussed previously. Because kinetic experiments were conducted in 3 mg/L broth 

microcosms, it is unknown if the 80 mg/L broth microcosm has reached adsorption equilibrium. 

If this is the case, a smaller difference in PFOS sorption between bacteria-free and P.putida 

containing CAC may be observed  The decreased sorption may also be due in part to the solution 

pH in the P.putida/CAC system being slightly lower. In particular, the solution pH was 

approximately 7 in the microcosms containing CAC but no P.putida, whereas the pH in the 

P.putida/CAC system was 7 at the beginning of the experiment and increased to 8.5 by the end of 

the experiment. A trend of decreasing PFOS sorption to activated carbon with increasing pH has 

been well documented, although the influence of pH on PFOS adsorption is less pronounced in 



 

59 

 

higher ionic strength solutions, such as the AGW (ionic strength of 5.57 mM) used (Du et al., 

2014).  

 

Table 4-4: Kd values for bacteria free CAC, P.putida containing CAC, and P.putida in the absence of CAC as shown by 

linear data fit on Figure 4-14 and Figure 4-15  

 Conditions Kd 

L/g 
Bacterial Control PFOS, no bacteria, no CAC, 80 mg/L broth 0.19-0.73 
1-A  PFOS, no bacteria, 80 mg/L Broth 4.33-7.69 
1-P  PFOS, P.putida, 80 mg/L Broth 0.18-2.28 
2-A  PFOS, no bacteria, 3 mg/L Broth 29.5-122.1 
2-P PFOS, P.putida, 3 mg/L Broth 9.96-38.13 
4-A PFPeA, no bacteria, 3 mg/L Broth 1.46-2.40 
4-P PFPeA, P.putida, 3 mg/L Broth 0.67-2.15 

 

  

Figure 4-14: The effect of biofilm on the adsorption of PFOS to CAC. Reaction solutions contained 0.12 g/L CAC and 

starting concentrations of 0.26–2.5 mg/L of PFOS and (A) 80 mg/L broth and (B) 3 mg/L broth.  

No statistically significant difference at a 95% confidence level was observed between PFPeA 

sorption with and without biofilm.  Kd value ranged from 1.46 to 2.40 L/g when no bacteria (4-A) 
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was present and from 0.67 to 2.15 L/g in the presence of P.putida (4-P). Only 19% of the PFPeA 

added in experiment 4-A was removed and 15% in experiment 4-P. As discussed previously, the 

shorter fluorinated chain in PFPeA results in weaker hydrophobic interactions with the carbon 

surface and, therefore, reduced sorption.  As the extent of PFPeA sorption is limited, no difference 

was observed when biofilm occupies a fraction of the available sorption sites. 

 

  

Figure 4-15: Distribution of PFPeA between aqueous phase and CAC after three days for biofilm-free and biofilm-

coated CAC. Error bars represent one standard deviation. 

Three-day adsorption results were consistent with those obtained from kinetic experiments. A 

statistically significant difference in PFOS sorption was present for bacteria-free and P.putida-

containing CAC in microcosms with 80 mg/L and 3 mg/L starting broth concentration. 

Differences in microcosm pH were considered as a contributing factor to the observed difference 

in sorption. Further study into the effect of pH on PFAS sorption to CAC is required but, in a study 

0

0.5

1

1.5

2

2.5

3

3.5

0 0.5 1 1.5

C
s 

(m
g
 /

g
 C

A
C

)

Cw (mg/L)

4-A (Bacteria-free CAC) 4-P (P. putida containing CAC)



 

61 

 

conducted by Qian et al. (2017), PAC was shown to sorb 1.2 mg/m2 of PFOS at a pH of 6 and 1.0 

mg/m2 of PFOS at a pH of 8, equating to a 18% difference between the two conditions (Qian et al., 

2017). Between the bacteria-free and P.putida-containing CAC experiments conducted, a percent 

difference in PFOS sorption of 119% occurred in 80 mg/L broth experiments and 42% in the 3 

mg/L broth microcosms. The larger difference in sorbed PFOS concentration in the bacteria-free 

(pH of 7) and P.putida-containing (pH of 8.5) experiments indicates that the pH difference may 

not fully account for the observed decrease in sorption. The blocking of available sorption sites by 

the biofilm is likely to be a more prominent factor in PFOS experiments. In the experiments with 

PFPeA, the sorption extent was limited in both biofilm-free and P.putida-containing microcosms, 

resulting in no statistically significant difference being identified.  
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Chapter 5: Conclusions and Recommendations 

 

This study aimed to enhance our understanding of how biofilms affect the adsorption of PFAS to 

CAC. Bench-scale experiments were conducted to evaluate the biofilm formation on colloidal-

sized AC particles and its impact on the adsorption of PFOS and PFPeA. This study provide insight 

into how the formation of biofilms on fine particulate may decrease the adsorption rate and 

capacity of CAC for long chain PFAS.  

 

CLSM images revealed that when no particulate was present, P.putida bacteria remained 

planktonic, but biofilm formation occurred when either CAC or fine sand was present. Over the 

course of seven days, biofilm formation on CAC was characterized by an increase in biofilm 

thickness and a reduction in surface roughness, suggesting a more cohesive and structured biofilm 

developed over time. These findings indicate that CAC provides a suitable surface for biofilm 

development. 

 

Data from kinetic sorption experiments indicated that PFPeA exhibited minimal sorption to CAC, 

likely due to the limited hydrophobic interactions resulting from the shorter fluorinated tail. In 

contrast, PFOS sorption reached equilibrium within the first three days, regardless of bacterial 

presence. However, the formation of biofilm resulted in a reduced PFOS sorption capacity, likely 

due to interference with PFOS access to available sorption sites. 

 

Three-day adsorption experiments confirmed the kinetic data, showing significant differences in 

PFOS sorption between bacteria-free and P.putida-containing CAC under both 80 mg/L and 3 

mg/L broth conditions. Biofilm blockage of sorption sites appeared to be the dominant factor 

contributing to the reduced PFOS sorption. PFPeA, a hydrophilic compound, did not adsorb to 
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CAC appreciably under the conditions studied. No significant difference in PFPeA sorption was 

observed between the bacteria-free and biofilm-containing CAC systems.  

 

These findings enhance our understanding of how biofilm could influence the effectiveness of 

CAC-based PRBs in managing PFAS contamination. For sites with a high concentration of organic 

carbon, the formation of bacterial biofilms may contribute to a decreased sorption capacity for 

long chain PFAS within a PRB. 

 

Further research is needed to fully elucidate the effects of biofilm on PFAS sorption to CAC. In 

batch studies, adjustment of solution pH, use of a larger array of PFAS compounds, consideration 

in conjunction with other parameters and use of an anaerobic multispecies biofilm should be 

considered. In this study, pH variations caused by bacterial metabolism of acetate may have 

influenced the results, though the effect is assumed to be minimal. Future bench scale studies 

should control pH more rigorously throughout the experimental period to isolate its impact. 

Additionally, exploring a broader range of PFAS compounds, including variations in chain length 

and head groups, would help elucidate the role of chemical structure in PFAS-biofilm interactions. 

As biofilm growth may very with other groundwater parameters it may be beneficial to 

incorporate the study of biofilm on the sorption of PFAS to CAC into a factorial experiment. 

Investigating the use of anaerobic, multispecies biofilms may also improve the relevance of these 

findings, as limited dissolved oxygen is available in the subsurface and multiple microbial species 

are typically involved in the formation of biofilms. The effects of biofilm on the sorption of PFAS 

to CAC may also warrant larger-scale investigation, either through column studies or 

quantification of PRB microbiology during the field implementation for PFAS. By addressing 

these factors, future studies can better replicate the in-situ conditions and allow for the more 

accurate design of PRBs for PFAS remediation. 
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Appendix A: Artificial Groundwater Recipe 

Recipe for 1 L of AGW in Milli-Q water adapted from Bester et al. to include sodium acetate 

(CH3COONa) was added as a nutrient source at the concentration used by Kim et al. (Bester et 

al., 2009; Y. Kim et al., 2021)  

Concentrated Salt Solutions 

Concentrated salt solutions were prepared to maintain consistency between batches of AGW and 

to reduce error associated with weighing the small masses the salts required for each 1 L batch. 

Each stock solution was prepared separately in a 20 mL vial.  

• 959 mgNH4Cl in 20 mL of Milli-Q water to give a concentration of 49,750 mg/L 

• 95.2 mg MgCl2 in 20 mL of Milli-Q water to give a concentration of 4760 mg/L  

• 178.2 mg MnCl2 in 20 mL of Milli-Q water to give a concentration of 8910 mg/L  

• 2940 mg CaCl2 in 20 mL of Milli-Q water to give a concentration of 147, 020 mg/L 

• 170.4 mg Na2SO4 in 20 mL of Milli-Q water to give a concentration of 8910 mg/L 

• 140.2 NaCl in 20 mL of Milli-Q water to give a concentration of 7010 mg/L 

Preparation of AGW 

Add 1 mL of each concentrated stock solution and 3.45 g of sodium acetate (CH3COONa) to a 1 L 

volumetric flask. Fill remaining volume with Milli-Q water (18.2 MΩ·cm, Millipore) and mix 

well. Measure pH and adjust as needed by addition of 0.1 M solution of sodium hydroxide. 

Sterilize AGW by autoclaving and allow to cool before use. 

Final Salt Concentrations in AGW 

• 49.75 mg/L NH4Cl 

•  4.76 mg/L MgCl2 

• 8.91 mg/L MnCl2 

• 147.02 mg/L CaCl2 
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• 8.52 mg/L Na2SO4 

• 7.01 mg/L NaCl  

• 3.45 g/L CH3COONa 
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Appendix B: Additional CLSM Images 

  

   

Figure 5-1: Images A and B a show visible light projections of CLSM images of bacteria coated sand. The Particulate 

appears as dark grey or black points and is to be embedded within the translucent grey cellular matrix. Images C 

and D show the visible light projections overlayed with the maximum intensity of the fluorescent dyes for P.Putida  

Sand.  Cells are highlighted in green and EPS is coloured red.    
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Figure 5-2: Confocal images P.putida incubated in AGW containing 30μL of CAC and 3 mg/L of broth over seven 

days. As samples are not returned to microcosms after microscopy, the images show separate sections of biofilm from 

each day. Cells are highlighted in green and EPS is coloured red.   
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Figure 5-3: P.putida biofilm assumed to be in the stationary phase of growth over the course of five day kinetic 

experiment. Days are indicated as days from the addition of PFOS, day 0 is when PFOS was added, day 1 is 24 hours 

later, etc.  As samples are not returned to microcosms after microscopy, the images show separate sections of biofilm 

from each day. Cells are highlighted in green and EPS is coloured red.   
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